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Abstract

Live-imaging of C. elegans is essential for the study of conserved cellular pathways and morphogenesis in vivo. However, the usefulness of live imaging as a research tool has been severely limited by the need to immobilize worms prior to and during imaging. Conventionally,
immobilization is achieved by employing both physical and chemical interventions. These
are known to significantly affect many physiological processes, and thus limit our understanding of dynamic developmental processes. Herein we present a novel, easy-to-use microfluidic platform for the long-term immobilization of viable, normally developing C. elegans, compatible with image acquisition at high-resolution, thereby overcoming the limitations associated with conventional worm immobilization.
The capabilities of the platform are demonstrated through the continuous assessment of
Q-neuroblast migration, anchor cell (AC) invasion and distal tip cell (DTC) migration in larval C. elegans, as well as assessment of a number of physiological functions in adult C. elegans, such as egg laying and feeding. This revealed, that the developed microfluidic immobilization strategy is compatible with all larval stages and adult animals, yielding excellent immobilization and image quality without any negative effects on developmental and physiological processes. Importantly all studied processes were found to occur at rates comparable
to free crawling worms and significantly faster and more reliable than using conventional
immobilization methodologies.
Following thorough assessment of immobilization performance and viability, several processes were studied in depth. The ability to image sensitive processes over time for the first
time allowed the study of germ cell apoptosis in adult C. elegans in vivo. Revealing new insights into the potential mechanisms involved in the apoptotic cell fate decision. Again profiting from the platforms unique capabilities germ cell meiosis was studied, a process notorious for its sensitivity to external factors and long time scale over which it occurs. In both
applications the ability to follow individual cells migrating in a complex tissue such as the C.
elegans gonad allows unique new insights and may help answer a number of longstanding
questions.
The developed platform was then used, in combination with a custom build microfluidic
fluorescence screening and sorting setup, to study the stochastic heat shock variability in C.
elegans. Through a combination of experiments on single worms immobilized on-chip, computational models and population screens key factors resulting in the heat shock response
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variability and therefore potential variation in longevity were identified.
As part of the PhD work presented a number of collaborations with C. elegans research
groups around the world were established, profiting from the unique capabilities offered by
our microfluidic immobilization devices. Studying a variety of developmental processes,
such as centriole elimination, cell polarity and cell cycle decisions, primordial germ cell differentiation and synapse remodeling. All of which will greatly profit from the in vivo longterm imaging capabilities offered by our novel immobilization method. In the future our microfluidic device will be incorporated with selective plane illumination microscopy, maximizing the obtainable spatial and temporal resolution. In addition to the work on long-term
immobilization microfluidic image-based screening was assessed. This will be further pursued in the future allowing high-throughput genetic screens of key developmental processes
in C. elegans.

IV

Zusammenfassung

Beobachtung von lebenden C. elegans ist essentiell für die Untersuchung konservierter zellulärer Signalwege und Morphogenese in vivo. Die Nützlichkeit des „Live-Imaging“ als ein
Forschungswerkzeug wird jedoch stark durch die Notwendigkeit, Würmer vor und während
der Bildgebung zu immobilisieren, eingeschränkt. Herkömmlicherweise wird die Immobilisierung durch Anwendung sowohl physikalischer als auch chemischer Methoden erreicht.
Dies beeinflussen jedoch viele physiologische Prozesse signifikant, und limitiert damit unser
Verständnis dynamischer Entwicklungsprozesse. Hier präsentieren wir eine neuartige, einfach zu bedienende Mikrofluidik-Plattform für die langfristige Immobilisierung von lebensfähigen, normal entwickelnden C. elegans, kompatibel mit Bilderfassung in hoher Auflösung,
wodurch die Einschränkungen konventioneller Wurmimmobilisierung überwunden werden.
Die Fähigkeiten der Plattform wurden durch die kontinuierliche Beobachtung der Q-Neuroblastenmigration, der Ankerzellinvasion und der Migration der distalen Spitze in C. elegans Larven sowie durch die Beobachtung und Analyse verschiedener physiologischen
Funktionen in Erwachsenen C. elegans demonstriert, z.B. Eierlegen und Fressverhalten. Dies
zeigte, dass die entwickelte mikrofluidische Immobilisierungsstrategie mit allen Larvenstadien und adulten Tieren kompatibel ist, was zu einer hervorragenden Immobilisierung und
Bildqualität ohne negative Auswirkungen auf die Entwicklung und physiologische Prozesse
führt. Hier wurde festgestellt, dass die Entwicklungsgeschwindigkeit aller untersuchten Prozesse mit der von frei kriechenden Würmern vergleichbar ist, und dass diese im Chip wesentlich schneller und zuverlässiger ablaufen als mit konventionellen Immobilisierungsmethoden.
Nach gründlicher Bewertung der Immobilisierungsleistung und Lebensfähigkeit wurden
mehrere Prozesse gründlich untersucht. Die Fähigkeit, empfindliche Prozesse erstmals über
Zeit zu beobachten, ermöglichte das Studium der Keimzell-Apoptose in adulten C. elegans in
vivo. Diese ermöglichte es uns neue Einblicke in die potenziellen Mechanismen der apoptotischen Zellschicksalsentscheidung zu gewinnen. Die Fähigkeit empfindliche Keimzellen in
vivo zu beobachten und zu verfolgen wurde weiters bei der Studie von Keimzellmeiose ausgenutzt. Einem Prozess der durch seien Anfälligkeit für externe Faktoren und lange Laufzeit
bekannt ist. In beiden Anwendungen ermöglicht die Fähigkeit, einzelnen Zellen in einem
komplexen Gewebe wie der C. elegans Gonade zu folgen einzigartige neue Einblicke. Diese
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wird bei der Beantwortung einer Vielzahl althergebrachter Fragen auf dem Gebiet helfen.
Die entwickelte Plattform wurde dann in Kombination mit einem maßgeschneiderten
mikrofluidischen Fluoreszenz-Screening- und Sortier-Setup verwendet, um die stochastische Hitzeschockvariabilität in C. elegans zu untersuchen. Durch eine Kombination von Experimenten mit einzelnen Würmern, die mittels des entwickelten Chips immobilisiert wurden, Computermodellen und Screening ganzer Wurmpopulationen wurden Schlüsselfaktoren identifiziert, die zu der Hitzeschockreaktionsvariabilität und damit zu möglichen Variationen in der Langlebigkeit führen.
Im Rahmen der Doktorarbeit wurden eine Reihe von Kooperationen mit C. elegans Forschungsgruppen auf der ganzen Welt etabliert, die von den einzigartigen Möglichkeiten unserer mikrofluidischen Immobilisierungsvorrichtungen profitieren. Untersuchung einer
Vielzahl von Entwicklungsprozessen, wie Zentrioleneliminierung, Zellpolarität und Zellzyklusentscheidungen, primordiale Keimzelldifferenzierung und Synapsenumbau sind geplant.
All diese Andwendungen werden von den in vivo langzeit Lebend-Bildgebungsfähigkeiten,
die unsere neuartige Immobilisierungsmethode bietet, profitieren. Zukünftig wird unser
mikrofluidisches System der Lichtscheibenmikroskopie integriert, um die erreichbare
räumliche und zeitliche Auflösung zu maximieren. Neben den Arbeiten zur Langzeitimmobilisierung wurde auch das mikrofluidische bildbasierte Screening untersucht. Dies wird in
Zukunft weiter verfolgt werden, um Hochdurchsatz-Screens von Schlüssel-Entwicklungsprozessen in C. elegans zu ermöglichen.
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Chapter 1 – Multicellular Organisms
On-Chip

In this chapter a brief introduction to the general field of microfluidics, as well as an in depth
review of microfluidic devices for the study of multicellular organisms will be given. Beginning with a short historic view of the origins and capabilities offered by microfluidic technologies, and a brief introduction to microfluidic device fabrication. Followed by an overview of the multitude of microfluidic devices developed for zebrafish, fruitflies and C. elegans, serving as a background for the following chapters and the developments made as part
of the PhD work presented.

1 – Introduction

1.1 Microfluidics. Microfluidic technologies manipulate and control fluids that are geometrically constrained within environments having internal dimensions (or hydrodynamic diameters) on a scale of microns. Contemporary microfluidics finds its origins in field of analytical chemistry, where the miniaturization or downscaling of classical analytical methods
such as gas chromatography (GC), high-pressure liquid chromatography (HPLC) and capillary electrophoresis (CE), provided some of the earliest examples of microfluidic tools for
chemical and biological experimentation [1,2].
Over the three decades since these early microfluidic devices were conceived (as a route
towards increasing separation efficiency, analytical throughput and sensitivity) many new
applications have been conceived and subsequently demonstrated. The immediate benefits
of minimal reagent/sample consumption, integration of functional components and reduced
instrumental footprints have unsurprisingly driven significant interest in the creation of devices for use in point-of-care and in-the-field applications [3,4]. Conversely, in laboratory
settings, microfluidic systems have been used to perform a wide variety of chemical and biological experiments [5,6], including high-throughput screening, single cell analyses and
production of new molecules and materials [7]. Of these, much recent effort has focused on
the development of experimental platforms for single cell analysis. Here single cells (originating from large populations) can be compartmentalized in small chambers or traps [8], or
encapsulated within droplets [9]. Encapsulation, allows the experimentalist to subsequently
perform a wide range of chemical and biological operations in a rapid and efficient manner,
including single cell PCR and sequencing [10,11], directed evolution [12], high-throughput
screening and sorting of antibody producing cells [13]. In addition to single cell analysis,
entire organisms can be manipulated, processed and monitored using microfluidic tools, significantly simplifying laboratory procedures [14], drastically increasing throughput [15] and
enabling the solution of a number of longstanding biological questions [16].
Many different methodologies for the fabrication of microfluidic devices have been developed over the past 25 years. In the early years, glass and silicon were the most popular substrate materials [17], but in recent years these have mostly been replaced by polymers in
biological applications.
Glass and silicon microfluidic devices are fabricated within cleanroom environments, using conventional microfabrication processes, such as deep reactive ion etching (DRIE), wet
chemical etching, wafer dicing and temperature bonding. Polymer devices, on the other
hand, may be fabricated outside the cleanroom, with only selective processes, such as master
fabrication, requiring the use of a cleanroom. A survey of the microfluidic literature indicates
that polydimethylsiloxane (PDMS) has become the most common substrate material for
forming microfluidic devices. Using a generic process termed soft-lithography (Fig.1-1B),
PDMS microdevices can be cast from a microfabricated master mold (most commonly produced using conventional photolithography) and bonded to another layer of PDMS or glass
to realize a fully sealed device [18]. Multiple patterned PDMS slabs may be aligned and
stacked, allowing the fabrication of complex devices containing a wide variety of functional
components (Fig.1-1C).
Such multilayer structures are most commonly used for the production of on-chip hydraulic
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valves [19], where a thin membrane separating microchannels can be actuated by pressurizing one of the channels and effectively sealing the other (termed “Quake” valve).

Figure 1-1 | PDMS Device Fabrication. (a) Schematic representation of the photolithography process. A
silicon wafer is spin coated with a thin photoresist layer. After baking the photoresist is exposed to UV
light through a photomask. The final master mold is obtained after baking and development. (b) Schematic representation of the softlithography process. PDMS is cast on a master mold, and cured in the oven.
After the PDMS is fully cured it is removed from the master mold, cut to size and access holes are punched.
The final device is obtained after bonding to a flat PDMS or glass substrate. (c) Schematic representation
of multilayer softlithography. A first master mold is spin coated with a thin layer of PDMS, a thicker layer
is cast on the second master mold and both layers are cured. The thick PDMS layer is removed from the
master, diced and access holes are punched before bonding to the thin PDMS layer. After complete bonding the PDMS assembly is removed and bonded to a flat PDMS or glass substrate, yielding the final multilayer device. This process can be repeated arbitrarily yielding complex microfluidic devices.

Thanks to its easy fabrication, optical transparency, flexibility and gas permeability PDMS
has become the material of choice in many laboratories. However, its’ low chemical resistance as well as high permeability to a large variety of analytes limit its applicability. Additionally fabrication of large numbers of PDMS devices is a labor-intensive and costly process. For (commercial) applications, where many thousands of identical devices need to be
produced, high-volume production methods, such as injection-molding and hot-embossing
become appropriate alternatives [20]. When using such techniques, microdevices can be fabricated from a variety of low-cost, optically transparent and biocompatible thermoplastics,
and through stacking of multiple patterned polymer sheets with thin membranes, complex
geometries can be realized. The high equipment cost associated with these methodologies
has so far however limited their use in laboratory environments.

1.2 Multicellular Organisms On-chip. Multicellular organisms, such as zebrafish, fruitfly and
the nematode C. elegans, have become increasingly important in all fields of biology. Specifically for the study of complex developmental processes, behavior or physiological response
3
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to a variety of environmental factors. However, due to their small size and high motility handling of these multicellular organisms is often tedious and time-consuming. Microfluidic devices allow automation of these procedures, as well as optimal control over the microenvironment surrounding these organism [21,22,23]. Thus simplifying existing laboratory protocols and allowing new experimental insights previously impossible. In the following a summary of the microfluidic platforms developed for the three organisms mentioned above is
given.
1.2.1 Zebrafish (Danio rerio) Embryos and Larvae. Its small size, the transparency of its complex organs and ease of culture make zebrafish embryos and larvae attractive model systems
in developmental biology. Typically zebrafish are cultured in liquid, within a multi-well plate
format. While the multi-well plate format is convenient and compatible with many laboratory instruments, culture media must be frequently replaced, and in toxicity tests the concentrations of components of interest are often difficult to control over longer periods of
time. To address such limitations, a number of microfluidic culture systems have been developed to yield excellent control over the animal’s environment. For example, Akagi et al.
[24] realized hydrodynamic zebrafish embryo trapping platform. Here the spherical embryos are hydrodynamically confined to a series of small chambers placed along a serpentine
channel (Fig.1-2A). This configuration allows uniform perfusion of all trapped embryos, such
that the animals can be grown in a well-controlled environment. Embryos can then be imaged at high-resolution, allowing the study of the effects of a variety of compounds in vivo
and throughout the entire embryonal development process. Specifically, the authors used
this device to study the effects of antiangiogenic compounds on fish development. Akagi et
al. later developed a variation of this device, where temperature control can be implemented
through an on-chip heating/cooling channel placed along the fish traps (Fig.1-2B), thus expanding the technological range of this culture method [25]. Other studies by Yang et al. and
Choudhury et al. demonstrated a microfluidic array system that incorporated large trap
chambers, akin to a well-plate, within which fish can be exposed to varying concentrations
of toxic compounds [26,27]. Concentrations of such compounds could be varied on-chip using a hierarchical gradient generation unit (Fig.1-2C-D). The authors used this culture system to study the toxic and teratogenic potential of clinical drugs on fish, by monitoring the
heart rate of the developing embryo, as well as morphological changes caused by the drug
compounds. Moreover, Funfak et al. developed a droplet based zebrafish culture system,
where embryos in embryo-media are captured within droplets suspended in an immiscible
carrier fluid, and held in a length of Teflon tubing [28]. Using this simple approach, embryos
could be exposed to a series of membrane damaging compounds such as sodium dodecyl
sulfate and CuCl2, with the effects on embryonal development and viability being accessible.
Zebrafish larvae can be also trapped using hydrodynamic forces. Lin et al. [29] demonstrated a simple trap system using an array of narrow tapered channel across which a pressure differential is applied (Fig.1-3A). The combination of a narrowing channel and gentle
application of pressure effectively immobilized larvae to an extent that whole brain confocal
images could be acquired in vivo. Candelier et al. [30] also reported an immobilization device
for fish larvae, where straight narrow channels are used to trap a single larva which is then
exposed to a number of chemical stimuli and stimuli patterns (Fig.1-3B). The authors recorded the behavioral and neuronal response to acute chemical stimuli, based on movement
4
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and neuronal imaging.

Figure 1-2 | On-chip zebrafish culture. (a) Hydrodynamic embryo trap. Multiple zebrafish embryos are
trapped along a serpentine channel, enabling high-resolution imaging. Embryos are exposed to different
environmental conditions, studying their effect on development. (b) Temperature control on-chip, combined with a hydrodynamic embryo trap. (c) Fish embryos cultured in small chambers on chip. Through
a gradient generation module integrated in the device, the effect of a variety of compounds on developmental timing and morphology, can be assessed. (d) Zebrafish embryonal development as observed onchip. (Adapted from [24, 25, 26])

Microinjection is a commonly performed procedure to deliver small amounts of DNA or
drug compounds into living cells or organisms. While this process can be extremely precise,
with minimal damage inflicted on cells or embryos, manual manipulation is enormously time
consuming, limiting the technique’s usefulness. Micro-robotic systems for microinjection
have therefore been developed, incorporating microfluidic embryo traps or microfabricated
electroporation systems [31]. For example, Wang et al. proposed a microfluidic immobilization array for automated microinjection. Here single embryos are loaded into holes fabricated in PDMS and connected to a vacuum source. The negative pressure resulted in effective
immobilization, and the regular grid in which embryos were ordered allowed easy localization and effective microinjection [32].

5
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Figure 1-3 | Zebrafish Immobilization and Imaging. (a) Zebrafish larvae immobilized on chip. Single larvae
are trapped in an array of narrowing channels, across which a pressure differential is applied. Following
immobilization whole brain confocal images were acquired in vivo. (b) Olfactory chip. Single zebrafish
larvae are immobilized on-chip and presented with a variety of stimulus patterns. The reaction was monitored by studying fish movements, as well as neuronal activity through calcium imaging. (c) Zebrafish
sorting and screening. Single fish larvae are loaded from a fish tank or multi-well plate into a glass capillary held between a set of stepper motors, and mounted on a multipoint scanning confocal microscope.
Fish position is controlled through a pressure feedback loop. Through rotation of the glass capillary highresolution 3D images of the fish brain are obtained and used for automatic online sorting. (Adapted form
[29, 30, 33])

High-resolution fluorescence-based zebrafish screening was also achieved by Pardo-Martin et al. [33]. Here single zebrafish larvae are sequentially loaded from a fish tank or multiwell plate into a narrow glass capillary. The capillary is mounted on a set of stepper motors
and placed on a high-resolution multipoint confocal microscope. Zebrafish are imaged while
6
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rotating the capillary and thus the fish, resulting in near isotropic 3D images of the animals
at a rate of 19 seconds per animal (Fig.1-3C). Using this system sorting of zebrafish based on
mutations in the retinal axon guidance pathways was demonstrated.
All of the above methods show the potential of microfluidic devices for culture and screening of large numbers of zebrafish, replacing much of the traditional multi-well plate assays
and manual handling procedures and allowing the rapid extraction of high quality biological
information.
1.2.2 Drosophila melanogaster (Fruitfly) Embryos. The fruitfly, D. melanogaster, is of particular biological interest as it serves as an excellent model for developmental and cellular processes common in higher eukaryotic organisms. Many of the basic working methodologies
used with zebrafish are equally applicable to the study of fruitfly embryos. Genetic modifications are most commonly made through RNA interference or microinjection. To achieve
higher throughput microinjection systems, microfabricated embryo supports have been
used. Here an array of small hydrophobic pillars is etched into silicon, coated with oil and
the embryos dispensed onto the surface [34]. Embryos adhere to the oil covered patch, such
that they form a regular array (Fig.1-4A) ideal for automated microinjection. In related studies, fly embryos were mass-microinjected after fixation on a glass-slide covered in oil [35].
In this approach embryos were not fixed to specific locations, with embryo location being
measured by automatic scanning prior to automated microinjection.
In a more sophisticated experiment, Lucchetta et al. used a PDMS microfluidic device to
expose two halves of a single fly embryo to different temperatures [36,37]. This was
achieved in a Y-shaped microchannel, within which two laminar flows of varying temperature were created. The authors were able to assess the effect of temperature on the chemical
reaction compensation system. This allowed them to demonstrate, that as expected, a difference in temperature results in a difference in developmental speed, as evidenced by the different number of nuclei present in either half (Fig.1-4B).
Ghaemi et al. demonstrated mechanical immobilization by confining single Drosophila
embryo within narrow channels [38]. In this configuration, the larva’s response to acoustic
stimuli could be assessed via high-resolution calcium imaging (Fig.1-4C). Furthermore, longterm immobilization was demonstrated by Ghannad-Rezaie et al. [39], by physically confining fly larvae to small microfluidic chambers. Immobilization could be further improved by
applying a low pressure of CO2, which effectively anesthetized fly larvae whenever high-resolution imaging was performed (Fig.1-4D). By utilizing this approach, the authors assessed
the larval response to neural injury over the course of several hours.
High-throughput screening of Drosophila embryos was demonstrated by Chung et al., with
the trapping and imaging of up to 700 embryos in a single layer PDMS microfluidic device
[40]. In this device embryos were immobilized in a large array of mechanical clamps connected to a long serpentine channel through which the embryos are supplied. Through careful design of the clamps, all embryos could be trapped in vertical direction, an orientation
notoriously difficult to achieve using conventional agar pad immobilization approaches
(Fig.1-4E). Since all embryos could be located in a regular grid of traps, imaging could be
performed in a fully automated fashion, greatly simplifying the study of dorso-ventral patterning.
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Figure 1-4 | Fruitflies on-chip. (a) Fruitfly embryos ordered and immobilized for automated microinjection. An array of hydrophobic patches is created in a silicon wafer. The array is coated with mineral oil,
with flies sticking to the oil covered surface. The regular array in which the embryos are aligned allows
fast and efficient embryo localization and microinjection. (b) Temperature gradients on-chip. Single fly
embryos are placed in a microfluidic channel. Using a Y-shaped channel through which water of different
temperatures is supplied, each half of the fly is exposed to a different temperature, and thus each half
develops at different speeds. Evidenced by the different number of nuclei visible in each half. (c) Embryo
immobilization on-chip. A single embryo is immobilized mechanically in a narrow channel, such that its
reaction to external acoustic stimuli can be studied at high-resolution. (d) Larva immobilization on-chip.
Single fly larvae are immobilized in a large microfluidic chamber, immobilization can be improved by applying a low CO2 pressure numbing the larva. Here the larva’s response to neural injury is studied over
the course of several hours. (e-f) Parallelized embryo immobilization in vertical orientation. Using an array of PDMS clamps approximately 700 fly embryos are immobilized on-chip, in the otherwise difficult to
obtain vertical orientation. (f) Through high-resolution fluorescence imaging dorso-ventral patterning
during development is studied. (Adapted from [34, 36, 38, 39, 40])

1.2.3 Caenorhabditis elegans. The nematode C. elegans is frequently used in many fields of
modern biology, due to its small size, transparency, genetic tractability and short generation
time. Organisms are typically grown on agar plates or in multi-well plates, allowing the cultivation and maintenance of large quantities of worms. That said, studies on C. elegans are
made challenging due to its small size and high motility. In this respect, automation through
the adoption of microfluidic tools has the potential to greatly increase analytical throughput
and simplify currently used experimental protocols.
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Figure 1-5 | Passive Microfluidic Sorting. (a) Using a sequence of microfluidic chambers filled with pillars
of different size and spacing, worms of different age are separated from an initially mixed culture at high
throughput. Fist a small batch of worms is loaded onto the device, and all worms smaller than a specific
stage are washed out of the device. The desired worms remaining stuck in the pillar array. Once a higher
pressure is applied these worms can be directed to a different outlet and collected. (b) Through an onchip hydraulic valve the diameter of channels connecting two adjacent chambers is varied such that only
worms below a specific size can pass through. A mix of worms is put into the first device chamber, and
worms are separated. Through repetition of the process all developmental stages can be obtained separately. (c) Continuous worm separation. In a lateral-displacement-sorter-like device adult worms are separated from a mixed population continuously supplied to the device. Adults selectively move to the leftmost channel through a combination of fluid flow and worm swimming/crawling. (Adapted from [41, 42,
43])

In many studies, the ability to generate and maintain age synchronized worm populations
is key. Such populations are normally generated by initially “bleaching” a large number
gravid adult hermaphrodites and collecting the embryos. These embryos, when placed on an
agar plate seeded with E. coli, will grow to yield a population of worms synchronized to
within a few hours. If only a small number of worms is needed for a given experiment, worms
are picked manually using a platinum wire. However, such methods are poorly suited to the
generation of large cohorts of synchronized organisms. To address this issue, a number of
passive microfluidic systems have been used to separate worms of different size and motility
from one another, thus yielding age synchronized populations. For example, Ai et al. were
able to separate a mixture of worms of two adjacent developmental stages using a geometrically optimized pillar array [41]. Worms of two larval stages (such as L3 and L4) were
passed through the device. Under low pressure, only the smaller worms were able to leave
9
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the pillar array, with larger worms remaining inside the device. Subsequently, an increase in
liquid pressure allowed larger worms to be released and separated from smaller worms at
a rate of hundreds of animals per minute (Fig.1-5A). By using a series of differently-sized
devices all worm stages could be separated in an efficient manner. In related studies, Dong
et al. [42] filtered worms by tuning the effective cross-section of microchannels and creating
an adjustable filter structure between two chambers (Fig.1-5B). Using this geometry, a single device could be used to separate worms of varying sizes from the L1 stage. Interestingly,
Casadevall i Solvas et al. demonstrated a lateral-displacement-based sorter for the highthroughput separation of adult and larval C. elegans [43]. Separation could achieved by passing a mixed worm suspension through an array of pillars. A combination of hydrodynamic
forces and the worm’s ability to swim and/or crawl resulted in efficient separation of adult
animals from the mixed input stream (Fig.1-5C).
Active fluorescence-based screening and sorting of nematodes was also demonstrated by
Chung and co-workers [44]. Specifically, a multilayer microfluidic device (Fig.1-6A), was
used to automatically load, immobilize, image and sort single worms. Importantly, screening
and sorting could be performed at a throughput of >220 worms per hour. The authors have
since expanded the platform’s capabilities to include manual screening and laser ablation of
specific cells of interest [45]. Most recently, the platform was also used in conjunction with
machine learning, to perform deep phenotyping of large populations of worms [46].
Single animal resolution screening and sorting is traditionally performed using a COPAS
BIOSORT cytometer [47]. Here, animals in suspension are analyzed in flow using laser induced fluorescence. In this manner, multiple fluorescence signals can be captured simultaneously and animals of interest sorted based on user defined criteria. The COPAS however
is expensive and prone to failure through clogging, such that specialized personal is needed
for efficient operation. Yan et al. proposed a COPAS-like microfluidic system, where fluorescence detection is performed using optical fibers embedded within a PDMS device [48].
Based on the fluorescence signal, detected worms can be either directed to a sorting outlet
or waste, through the use of pressure controlled laminar flow (Fig.1-6B).
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Figure 1-6 | Active On-chip Sorting and Droplet Microfluidics. (a) Image based screening and sorting.
Worms are automatically loaded and immobilized on chip. Following high-resolution fluorescence imaging worms of interest are actively separated from the worm population, using on-chip hydraulic valves.
(b) Fluorescence based sorting. Worm fluorescence is detected through a set of glass fibers embedded in
a PDMS chip. Worms flowing through the detection channel are assessed and sorted according to their
fluorescence levels. Sorting is accomplished through pressure controlled laminar flow switching. (c)
Worm culture in droplets on-chip. Worms are encapsulated in aqueous droplets suspended in an immiscible carrier. Droplets are trapped hydrodynamically along a serpentine channel such that worms can be
observed over long periods of time. (d) Hydrogel encapsulation. Worms are encapsulated in droplets containing a thermosensitive hydrogel. In the solid hydrogel droplet worms can be imaged at high-resolution
and subsequently sorted according to the signals obtained. (Adapted from [44, 49, 51, 52])

Yan et al. also proposed a droplet-based method for continuous screening applications
[49]. As a proof of concept a mixed population of two worm strains was analyzed, assessing
the specific GFP expression patterns. Real-time image processing allowed differentiation of
the two strains at high throughput and with excellent accuracy. Clausell-Tormos et al.
demonstrated a similar system in which single embryos could be encapsulated in large droplets along with E. coli as a food source [50]. Using such a system, worms could develop to full
adulthood and were able to lay eggs. Shi et al. later demonstrated a platform in which worms
were not only encapsulated in droplets, but in which droplets could be hydrodynamically
trapped along a serpentine channel (Fig.1-6C) [51]. A common problem faced in droplet11
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based culture approaches is the need to exchange culture media over time. Aubry et al. proposed another droplet-based microfluidic approach, where worms were encapsulated in
droplets containing Pluronic F127, a thermosensitive block-co-polymer [52]. A small temperature shift, non-harmful for the encapsulated worms, resulted in solidification of the polymer rendering the worms immobile. The authors used such thermosensitive hydrogel
droplets for immobilization and high-resolution imaging of L1 larvae, followed by on-chip
sorting (Fig.1-6D).

Figure 1-7 | High-Throughput Worm Screening. (a) Large scale, high-throughput screening. Large numbers
of worms are immobilized in parallel on a single device. A device contains 96 functional units, each consisting of 40 3D tapered channels in which a single adult worm can be trapped. Following immobilization
all worms are imaged automatically, allowing screening of hundreds of drug compounds in minimal time.
(b) Parallel immobilization. 140 worms are trapped in narrow channels along a serpentine channel.
Worms are continuously supplied with media, thus studying the effect of different drug compounds becomes feasible. The authors studied the worms‘ recovery from neuro ablation on-chip. (c) Laser axotomy
on-chip. Worms are loaded onto the microfluidic device and a worm of interest separated from the mixture. The remaining worms are removed and the worm of interest immobilized through a combination of
negative pressure and a deformable PDMS valve placed on top of the worm chamber. Single neurons are
then detected in the immobilized worms and cut using an ablation laser. (Adapted from [53, 54, 55])

Mondal et al. [53] demonstrated a high-throughput screening device relying on parallel
immobilization of approximately 4000 animals within one microfluidic device, with subsequent whole-body fluorescence imaging being performed within 15 minutes (Fig.1-7A). To
demonstrate the potential of this platform, the authors performed a 1000 component screen,
assessing the effect of FDA approved drugs in reducing protein aggregation in a poly-glutamine aggregation model imaging approximately 100,000 worms. Similar immobilization and
parallel screening was demonstrated by Lee et al., who immobilized 140 young adult animals
[54]. Worms were delivered through a serpentine channel and hydrodynamically trapped
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within narrow channels. The use of a serpentine channel allows for fast exchange of stimulants as well as easy recovery of the animals under investigation (Fig.1-7B). Specifically, the
authors demonstrated the platform’s compatibility with neuro ablation, and the study of the
subsequent morphological changes.
Laser axotomy is routinely performed when studying nerve regeneration. The process,
when carried out manually, is both difficult and time-consuming, with results heavily depending on the skills of the researcher. Samara et al. [55] achieved automatic loading, immobilization and femtosecond axotomy of life C. elegans at an average rate of 20 seconds per
animal. Worms could then be recovered such that nerve regeneration could be studied offchip (Fig.1-7C). Automation of this complex process is highly desirable, with a number of
similar microfluidic devices being published on the topic [56, 57].
On-chip C. elegans culture can be accomplished using multi-well plate like micro-chambers. First introduced by Hulme et al. [58], development of C. elegans throughout the entire
lifespan has been assessed using such an approach (Fig.1-8A), with excellent control over
environmental factors. To this end, Wen et al. proposed a PDMS microfluidic device, consisting of a circular arrangement of micro-chambers, into which single L4 larvae were loaded,
and their growth under oxidative stress assessed [59]. The authors performed a proof of
principle study assessing the effect of oxidative stress (caused by toxic Cu2+) on longevity,
and rescue of longevity in the presence of anti-oxidant compounds. In further work conducted using the same device geometry, Zhu et al. investigated type 2 diabetes-like hypoglycemia in C. elegans and its effects on lifespan [60]. Kim et al. demonstrated a centrifugal disc
based system, used for long-term C. elegans culture on-chip, employing both capillary forces
and centripetal forces for liquid handling and exchange [61]. Later Rohde et al. developed a
chamber system capable of culturing worms for long periods of time (Fig.1-8B) [57]. Single
worms are placed in individually addressable chambers of a PDMS device, isolated from one
another using a network of on-chip hydraulic valves. Each worm is constantly supplied with
food and, whenever needed, immobilized by increasing the fluid flow within the device,
pressing the worm onto the chamber wall. Lastly Xian et al. developed a chamber based platform capable of culturing s mall numbers of adult worms, assessing their lifespan under a
variety of conditions [62], and studying the lifespan extension or reduction upon RNAi
knockout of selected genes (Fig.1-8C-D).
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Figure 1-8 | Worm Culture On-chip. (a) Culture and immobilization. Worms are cultured in small microfluidic chambers, continuously supplied with bacteria. For high-resolution imaging worms are periodically immobilized in a tapered straight channel. (b) Culture array. Worms are cultured in an array of individually addressable chambers, isolated using “Quake”-style valves. Worms are continuously supplied
with nutrients and, if required, immobilized on the semipermeable wall of the trap chamber, such that
high-resolution imaging becomes feasible. (c-d) WormFarm. A small number of worms is cultured in a
large microfluidic chamber, exposed to a variety of RNAis. (d) All progeny is washed out of the device, and
the RNAi effect on longevity is assessed. (Adapted from [57, 58, 62])

Albrecht et al. [63] characterized the behavioral response of C. elegans to attractive stimuli
using a large arena filled with small pillars on which worms can crawl (Fig.1-9A-B). This
geometry was employed to assess crawling locomotion in a controlled liquid environment,
termed “artificial soil”, identifying behavioral patterns such as turning dynamics in a biased
random walk, directed orientation into an odor stripe and speed regulation by odor. Larsch
et al. later adapted this approach to assess the response of chemosensory neurons to multiple odors, odor concentrations and temporal patterns, through wide-field calcium imaging
in freely crawling worms [64]. In a similar device Han et al. investigated spatial pattern selectivity in C. elegans. The authors observed a preference for high pillar density in N2 wild
type, and were able to demonstrate the involvement of dopamine signaling in spatial pattern
preference [65].
Single worm response to odors was assessed by Chronis et al. correlating the activity of
AVA command interneurons with worm locomotion patterns [66]. Here worms were immobilized in narrow channels presented with different odors, and concentrations of odors
(Fig.1-10A). Neuronal response was detected through calcium imaging, revealing previously
14
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unknown properties of the AVA and ASH neurons. This device has since found widespread
use when studying the neuronal and behavioral activity of C. elegans in the presence of a
variety of external stimuli.

Figure 1-9 | Stimulated Behavior. The crawling behavior of worms is assessed in what was termed “artificial soil”. Worms are placed in a large microfluidic chamber filled with narrowly spaced pillars. The pillars
allow worms to crawl in the well-controlled liquid environment of the microfluidic device, such that complex behavioral patterns under a variety of stimuli can be assessed. (a) Device overview. Two stripes with
different stimuli are created within the same device. (b) Stimuli. Top: Striped stimulus pattern attracting
or repelling worms. Bottom: Gradient pattern. (Adapted from [63, 64])

Most of the reported microfluidic C. elegans behavioral studies rely on imaging worms
within the device, and determining observable behavior patterns or imaging neuron activity
indirectly using calcium activity reporters. Electrophysiology represents an alternative, allowing the direct assessment of worm activity under different external stimuli. This was first
introduced by Lockery et al., who recorded the frequency of pharynx pumping [67]. Specifically, electropharyngeograms (EPGs) of eight worms were measured in parallel. EPGs were
then quantitatively analyzed as function of a number of chemical compounds delivered to
the animals on-chip (Fig.1-10B). Hu et al. later improved the resolution at which EPGs could
be recorded by adjusting the shape of the PDMS aperture holding the worm’s head [68], and
furthermore demonstrated and adaptation of the device for the analysis of much smaller C.
elegans larvae. Electric fields can also be used to stimulate worm behavior. For example, Rezai et al. [69] observed that exposing worms to an electrical field of 1-12 V/cm could control
movement of worms within the microenvironment. The response, termed electrotaxis, is directional with worms older than the L2 stage robustly crawling towards the cathode.
Younger worms did not show a response, indicating that this behavior is mediated by neurons absent in these developmental stages. Others suggested the use of an electrical field
trap as a way of continuously sorting worms of different age [70]. Here the different re-
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sponse to electric fields observed in different developmental stages is used to generate synchronized worm populations or selectively separate electrotaxis deficient worms from a
mixed population.
Finally, it should be noted that an area of major development is the immobilization of C.
elegans within microfluidic devices, for a variety of biological studies. The topic of on-chip
immobilization will be discussed in detail in Chapter 2, with the introduction of a novel immobilization strategy for developmental studies under physiological conditions.

Figure 1-10 | Neuro Chip. (a) Stimulus response on-chip. Individual worms are immobilized in a narrow
microfluidic channel, such that the worm’s nose is facing a wide channel through which a variety of stimuli
can be supplied. Neuronal response in the immobilized worms was studied using high-resolution calcium
imaging. (b) On-chip EPG. Top: Typical setup to measure EPGs. A worm is sucked head first into a capillary
in which an electrode is placed, with the counter-electrode in the same buffer reservoir as the worm’s
body. Middle: On-chip setup. Multiple worms are positioned in narrow channels with electrodes placed
in the chip inlet and outlet, allowing faster, easier and more detailed EPG recording. (Adapted from [66,
67])

1.3 Summary. Multicellular organisms are widely studied in all fields of modern biology,
serving as ideal laboratory models for many complex biological processes relevant to higher
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organisms. However, many of the classically used working methods are tedious and timeconsuming, effectively limiting the amount and quality of data obtainable.
It is here where automated microfluidic devices can significantly simplify current methodologies, increasing throughput and adding functionality [21,22,23]. Microfluidic devices
have been employed for the on-chip culture of D. rerio, D. melanogaster and C. elegans, replacing traditional plate or liquid culture, and allowing fast media exchange and excellent
environmental control. This in turn, substantially improves the quality and throughput of
typical toxicological assays and drug screens. Many of these platforms further allow direct
observation of the cultured animals for much of their lifespan, thus allowing direct access to
complex behavioral patterns or neuronal activity under a variety of conditions. High-resolution, high-throughput screening and sorting has become a particular area of interest for microfluidic research. Applications of both sequential and parallel screening, based on a number of different detection systems has been proposed and often incorporated with on-chip
sorting capabilities. These technological improvements, greatly simplify animal handling
and increasing throughput compared to commonly used manual animal handling procedures. Additionally, purely passive sorting methodologies have been used to generate large
populations of precisely age synchronized animals.

17

Chapter 2 – Long-term Microfluidic
Immobilization

This chapter presents the primary technical achievements of the PhD work. Initially, existing
techniques for the long-term immobilization of C. elegans are reviewed and critiqued. This
is followed by a description of a novel and high-efficiency microfluidic system for long-term
C. elegans immobilization. This description includes an overview of the device design process and considerations relevant for long-term animal viability and immobilization on chip.
The function and operation of the final device for both adult and larval C. elegans is presented and analyzed in detail with a focus on probing developmental processes relevant to
C. elegans research.

2 – Long-term Microfluidic Immobilization

2.1 Introduction. Given its small size, fecundity and transparency the nematode Caenorhabditis elegans is one of the most powerful model organisms in modern biology. C. elegans has
been used extensively to study a broad variety of biological processes, ranging from whole
animal aging and stress responses [73] to development at both cellular [74,75] and subcellular resolution [76,77]. Importantly, many such studies require worms to be immobilized
prior to imaging, as animal movement greatly interferes with data acquisition and the identification of cells over time.

Figure 2-1 | Conventional immobilization Methods. (a) Agar pad preparation. A small amount of low melting point agar is put onto a clean glass slide and pressed flat. On the agar patch M9 buffer is pipetted and
worms of the desired stage are manually picked into the buffer droplet. The buffer is left to dry, and a
coverslip placed on top. The cover glass is then sealed with immersion oil. Worms can be recovered after
carefully removing the cover glass. (b) Images acquired within non-immobilized worms inside a well
plate. The live-dead assay reports dead worms through a bright purple colour. Worm motion is substantial. (c) Nanoparticle assisted immobilization and imaging of a fluorescently labeled pharynx. Worms stay
viable for extended periods of time, however motion is still appreciable. (d) Cyanoacrylate immobilization. Worms are immobilized using glue and stay viable for short periods of time. Bottom: Fluorescence
indicates nerve activity in the immobilized animal. (Adapted from [83,95])
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2.1.1 Conventional Immobilization. Conventionally, immobilization is achieved by “padding” worms on agar slabs (Fig.2-1A,C), a procedure which is further improved through the
administration of tranquilizing drugs [74,75]. Whilst simple and effective in suppressing
movement, the use of agar pads and, more importantly tranquilizing drugs such as sodium
azide, phenoxypropanol and levamisole [78] significantly affects, or even terminates, many
sensitive processes of interest. For example, sodium azide inhibits the mitochondrial electron transport chain, and thus perturbs cellular activity [79].
As an alternative to toxic tranquilizing drugs, immobilization can be enhanced using polystyrene nanoparticles [80]. Here, worms are padded onto an agar pad containing a solution
of nanoparticles. The nanoparticles are thought to increase the frictional coefficient between
the worms and the agar pad/cover glass, thus yielding more effective immobilization. Using
this approach, it was possible to study neuron regeneration upon axotomy over a period of
10 hours. However more sensitive processes, such as germ cell mitosis and apoptosis are
still significantly affected by the immobilization method, rendering agar pads unsuited for
long-term developmental studies [81].
An alternative immobilization method, often used in electrophysiology or calcium imaging, involves gluing worms onto a substrate using cyanoacrylate glue (Fig.2-1D) [82,83]. Gluing has the advantage that it preserves short-term physiological function and allows easy
access, such that external stimuli can be applied. However, the process is technically difficult,
animals cannot be recovered, and the glue often causes optical distortion as it is highly refractive. In addition, this method is only suitable for short-term processes, since animals are
unable to feed and perform most of their normal physiological functions [82,83].
2.1.2 Microfluidic Immobilization. In recent years, a number of microfluidic platforms have
been developed to allow the efficient trapping and immobilization of non-anesthetized single worms. Approaches based on a number of physical principles have been proposed, including mechanical forces, temperature, gas, electric fields and acoustic waves.

Mechanical immobilization. Broadly mechanical immobilization methods can be divided into
three subcategories: Passive, active and suction based approaches (Fig.2-2, Fig.2-3). Passive
mechanical immobilization represents the simplest possible immobilization scheme. Worms
are simply maneuvered into a narrow channel, resulting in a fast and reversible immobilization of large numbers of animals. Hulme et al. [84] first presented this approach in an array
of 128 tapered microfluidic trap channels (Fig.2-2A). Using a constant pressure differential
across all channels, worms were driven into the traps, resulting in a single worm occupancy
of 90% and good animal immobilization. Recovery of the worms from the trap channel indicated no significant effects of short-term immobilization on worm viability. Recently Mondal
et al. presented an adaptation of this approach, significantly increasing throughput (Fig.17A) [53]. However as feeding and other physiological processes are not easily permitted in
such narrow, densely packed channel arrays, these approaches are unsuited for long-term
developmental studies. To circumvent this limitation Hulme et al. presented a modification
to their original approach, combining the tapered trap channels with small chambers (Fig.18A) [58]. For the majority of the time worms are housed in the micro-chambers, and thus
able to freely swim and feed, and only maneuvered into the adjacent trap channels for imag-
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ing. Using such an approach, imaging of infertile worms over their entire lifespan was possible. Using a different approach Kopito et al. [85] were able to loosely trap up to 64 fertile
adult animals in a parallel array of channels, for up to 16 hours, in a simple, single layer PDMS
device (Fig.2-2B). Channel dimensions were intentionally chosen such that worms cannot
leave the trap channel, but are not fully immobilized. Using this device, the authors studied
the C. elegans heat-shock response. However, both the repeated trapping and release, employed by Hulme et al ., as well as loose immobilization employed by Kopito et al., prohibit
the tracking of dynamic cellular processes over time and severely limit high-resolution imaging.

Figure 2-2 | Passive Mechanical Immobilization. (a) Microfluidic clamps. Worms are immobilized in long,
tapered channels, where the channel diameter is decreased from 100 to 10 µm. Multiple clamps are connected through a branched channel network, allowing parallel immobilization of a large number of
worms. (b) WormSPA. Worms are passively loaded through a branched channel network, and gently held
in a wide trap channel. Egg laying is facilitated through two rows of pillars placed along the main channel.
Scale bars (b) 100 µm and 1000 µm (Adapted from [84,85])

Active mechanical immobilization is generally achieved using multilayer PDMS devices.
Worms are kept within a “fluidic layer”, and upon pressurization of a “control layer” worms
can be pressed against the channel wall and mechanically immobilized. First presented by
Chokshi et al. [86], active mechanical immobilization allows excellent immobilization and is
compatible with high-resolution imaging (Fig.2-3B). As in the passive immobilization methods presented above, long-term viability in active immobilization devices is limited by the
pressure applied on the animal and the worm’s ability to feed. In the platform proposed by
Chokshi, worms are immobilized for the entire duration of the experiment. Due to mechanical confinement, access to food is blocked and substantial pressure applied on the worm,
which severely limits the method’s suitability for long-term applications. Recently Keil et al.
[87] presented a modification of this approach to allow for long-term imaging. Here worms
are confined to a small chamber, rather than open-ended channels, on top of which a large
deformable membrane is placed. During image acquisition the membrane is inflated pressing the worm onto the chamber’s sidewall, resulting in immobilization (Fig.2-3A). In between image acquisitions, worms are released and allowed to move freely. Using this approach Keil et al. were able to study the development of larval C. elegans from the L1 to L4
stage over the course of 48 hours, and at high-resolution. The authors used the platform to
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characterize cell-cycle parameters during vulval development and to monitor cell fate acquisition, migration, differentiation and death, arguably presenting the best long-term imaging
methodology so far. However, worms are imaged in random positions and orientations, limiting this approach to the study of easily traceable processes, meaning that tracking complex
spatiotemporal processes remains intractable. The study of adult animals is further complicated, as eggs cannot easily be removed from trap chambers.

Figure 2-3 | Active mechanical Immobilization & Gas Immobilization. (a) Larval development on-chip. L1
larvae are loaded into a microfluidic chamber within which they are free to swim and feed, thus allowing
normal development. Food is continuously supplied through small openings in the chamber walls. For
high-resolution imaging, worms are first pressed onto the pillar wall by increasing the food flow rate, and
further immobilized using an inflatable PDMS valve placed over the entire chamber. Worm development
throughout all larval stages can be studied. (b) CO2 and pressure immobilization. Worms loaded onto the
device are immobilized either by inflating the PDMS valve placed on top of the immobilization region
(indicated in green). Here the worm is pressed onto either of the two channel walls. Alternatively the
inherent gas permeability of PDMS can be used filling the control channel with CO2 at lower pressure, thus
numbing the worm inside the channel. (c) N2 pressure immobilization. Similar to (b) worms are pressed
onto the channel wall by inflating a PDMS valve at high pressure or numbed at low pressure. CO2 is used
instead of CO2, achieving similar results. (Adapted from [86,87,90])

A final mechanical immobilization scheme is based on the use of negative pressure. Originally proposed by Rohde et al. [55,56,57] a negative pressure differential across a narrowly
spaced pillar array can be used to restrain and align worms along a wall (Fig.1-7C). Gaps in
the side wall are small enough to ensure that worms cannot accidentally pass through, whilst
allowing a high enough liquid flow. Suction however, only results in partial immobilization.
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In addition to the abovementioned studies, a number of combinations of these mechanical
approaches have been proposed. Suction posts combined with flexible membranes, or narrow microchannels, result in immobilization comparable to fully anesthetized worms on
agar pads. Specifically, Rohde et al. [55,56,57] and Guo et al. [56] demonstrated a combination of suction and active mechanical confinement, to automatically load individual worms
and immobilize them to an extent that single neurons could be identified and cut using a
femtosecond laser (Fig.1-6D). All mechanical approaches however suffer of similar drawbacks when dealing with long-term developmental studies, only achieving either good immobilization or long-term viability.

Gas based immobilization. Worms are known to react to a variety of environmental stimuli.
For example, Chokshi et al. [86] and Mondal et al. [90] showed that both N2 and CO2 can be
used to immobilize worms. In both approaches, gas is passed from a control channel into a
fluidic channel containing C. elegans within chambers (Fig.2-3B,C). Upon introduction of the
gas worm motility quickly decreases, yielding good immobilization, with no apparent physiological influence over short time periods. That said, the long-term effects of gas based immobilization have not been assessed, and it is likely that extended exposure to higher concentrations of N2 and CO2 would likely cause hypoxia and therefore impact viability. Additionally, repeated immobilization and release would likely also result in similar complications with the described methods, rendering tracking of complex processes over time impossible.
Temperature based immobilization. Contrary to mechanical immobilization, temperaturebased methods do not require physical confinement of the worms. Immobilization is
achieved using the excellent temperature control capabilities inherent to microfluidic systems. A temperature control channel can be placed on top or next to the trap channel, lowering the worm’s temperature to approximately 4°C and effectively immobilizing the animal.
Chung et al. implemented an on-chip temperature controller, enabling high-throughput and
high-resolution screening of C. elegans on-chip (Fig.1-6A, Fig.2-4A) [44]. Unsurprisingly
however, the low temperatures, necessary for efficient immobilization, place severe limitations on the ability to perform long-term observation of developmental processes.
The temperature necessary for immobilization can be raised to non-harmful levels by
combining temperature control with a thermos-sensitive gel, such as Pluronic F127. Pluronic
F127 is a block-copolymer that when heated from 20°C to 22°C, reversibly forms a sol-gel.
Krajnak et al. [88] originally proposed this approach. Worms were kept in large swimming
chambers and immobilized in the sol-gel for image acquisition (Fig.2-4B). This type of immobilization offers considerable advantage, as it does not interfere with image acquisition
or limit resolution, animals are only minimally affected by the temperature change and are
not exposed to significant mechanical forces. As proof-of-principle, the growth and formation of micron-sized lipid droplets in the worm’s intestinal cells was monitored. This approach has since been used in a variety of studies, most recently for monitoring protein aggregation in neurodegenerative disease models by Cornaglia et al. [89] (Fig.2-4C). Sol-gel
immobilization however, cannot be maintained for prolonged periods of time, as access to
food would be limited. Immobilization is therefore repeatedly interrupted and the gel removed from the device. Furthermore, since immobilization is not instantaneous and can only
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be maintained for short time periods, this method is not well suited for monitoring fast processes. Egg laying further complicates sol-gel approaches, since eggs cannot easily be removed from closed chambers.

Figure 2-4 | Temperature Immobilization. (a) Low temperature immobilization. A single worm is automatically loaded into a narrow microfluidic channel (red), on top of which a wide temperature control channel (blue) is placed. Water at 4°C is flowed through the temperature control channel, thus cooling the
worm, and reducing worm motion to a minimum. (b-c) Sol-gel Immobilization. Worms are held in microfluidic channels, and thus able to freely swim and feed. For immobilization, the standard media is exchanged with media containing a thermosensitive polymer (Pluronic F127), and the temperature of the
chambers changed such that the polymer solidifies. (b) Temperature is controlled through on-chip temperature control channels placed on top of the chambers (blue). Chambers are isolated and worms
trapped using on-chip hydraulic valves (red) placed on top of the main channels (green). (c) Similar to
(b) worms are held in microfluidic chambers. Chip temperature is regulated using a pair of Peltier coolers.
(Adapted from [44,88,89])

Electric field based immobilization. Worms react to externally applied electric fields. Accordingly, the application of such fields can be used to either partially immobilize or totally paralyze worms with high selectivity [69,70,91,92,93]. This phenomenon has been used to precisely hold worms in microchannels, without any apparent damage over short periods of
time [69,70,91] (Fig.2-5A). The long-term effects of electrical fields on C. elegans have yet to
be studied, however it is likely that prolonged paralysis negatively affects viability, as normal
physiological functions are limited.
Acoustic force based confinement. Taking a very different approach, Ding et al. [94] used surface acoustic waves (SAW) to not only immobilize, but also manipulate worms in a single
layer microfluidic chip. This method allowed manipulation of worms independent of size or
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shape, without any apparent damage to the animals (Fig.2-5B,C). Unfortunately, the power
input required for worm trapping and manipulation results in a significant temperature increase within the device, rendering it unsuited for long-term immobilization.

Figure 2-5 | Electric Field & Acoustic Force Immobilization. (a) Electric field based manipulation and immobilization of single worms. In a DC field worms actively swim through the microfluidic channel towards
the cathode. In an AC field worms remain stationary within the channel, until the field is switched back to
DC. (b-c) Acoustic force worm manipulation and immobilization. (b) Acoustic device schematic. A PDMS
device is bonded onto a substrate on which four interdigitated transducers (IDT) (gold color) were fabricated. The PDMS device is placed at the center of the IDTs, such that surface acoustic waves (SAW) generated by the IDTs are focused into the microfluidic chamber inside the PDMS device. (c) A single worm
is manipulated by the SAWs. Trapped in the acoustic node created by the interfering SAWs it can be moved
within the chamber or fully immobilized (bottom), if enough power is applied. (Adapted from [91,94])

2.1.3 Free Crawling Worms. Whilst immobilization is required for studies targeting cellular
and subcellular processes, it may not be necessary for a variety of other studies. Worms can
easily be imaged at high throughput, while crawling on surfaces or swimming in microtiter
plates. Use of 384- or 1536-well plates allows fast analysis of large numbers of worms under
a variety of conditions, rendering such approaches ideal for high content screening applications [95, 96]. Resolution is however limited by the worm’s movement and the use of low
magnification optics needed to image the entire well. Accordingly, integration of at least partial immobilization methods, has been proposed for such well based approaches. Temperature control was successfully used to reduce the worm motion within a well plate [97], allowing high-resolution imaging. The process however remains laborious and time-consuming, since individual worms must be located in each well prior to image acquisition [98].
Similar to well plate based methods, microfluidic chambers have also been employed to
isolate and confine worms [58,59,60,62,99,100]. However, if worms are left unconfined, imaging is only possible at low resolution. Recently Gritti et al. [101] proposed a new approach
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for long-term imaging of C. elegans larvae in small chambers fabricated from polyacrylate
(Fig.2-6A). Chamber dimensions were chosen such that at a specific magnification the entire
chamber is within the field of view of the camera. Unrestricted animals are imaged at high
frame-rates (100-200 fps), thus significantly reducing the effects of animal motion. Such a
methodology yielded relatively high-resolution images, with larval development being studied over the course of several days at the cellular level. Whilst being one of the most advanced implementations of high-resolution imaging and long-term viability to date, this approach still poses considerable limitations on the microscopy equipment (with objectives
limited to 40X magnification) and imaging (limited to Epifluorescence and Brightfield microscopy) due to the need for high acquisition frame-rates, short exposure times (between
1 and 10 ms) and bright fluorescent markers.
C. elegans worms in a laboratory setting, are generally cultured on nematode growth media (NGM) plates [102,103], thus considerable effort has been put into the development of
plate based imaging systems. The primary application for such systems is the assessment of
worm lifespan under a variety of conditions (e.g. genetic modifications, environmental factors, drug compounds). Stroustrup et al. [104,105] for the first time implemented an automated, plate based imaging system capable of imaging thousands of worms over their entire
lifespan (Fig.2-6B). Plate imaging is accomplished by placing seeded NGM plates with worms
on inexpensive flatbed scanners, yielding a resolution of approximately 8 μm. Through elaborate image processing algorithms, worms are reliably detected and their viability assessed,
yielding highly accurate lifespan curves. Recent improvements to the image analysis algorithms have made it possible to detect even small body motions, which are important for
accurate determination of the worm lifespan. This method has substantially accelerated
lifespan research, replacing previously used manual assays and since its original development, a number of similar approaches and commercially available variants have been proposed. Similarly, Churgin et al. [106] developed an array of miniature agar plates in a 96 well
plate format. Single worms are confined to an agar filled well (Fig.2-6C), achieving higher
resolution imaging compared to the flatbed scanner approach, however at an increased
overall equipment cost and lower throughput.
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Figure 2-6 | Free Crawling Worms. (a) Larval development. Single worms are trapped inside microfabricated polyacrylate chambers, filled with bacteria. The dimensions of the trap chambers are chosen such
that at the desired magnification, the entire chamber fits into the field of view of the microscope camera.
Worm development can be studied from egg until the L4 stage. Worm motion is compensated through
fast acquisition rates. (b) Lifespan Machine. Worms on seeded NGM plates are placed inside a modified
flatbed scanner. Worms are regularly scanned and viability is determined through intricate algorithms.
The entire C. elegans lifespan can be imaged automatically and in large numbers. (c) WorMotel. Single
worms are confined to a small agar filled well made from PDMS, adjacent wells are separated through a
moat filled with a repellant. Worms are imaged using a fully automated microscope, such that thousands
of animals can be studied throughout their entire lifespan. (d) In vivo high-resolution imaging of free
crawling worms. Worm motion and behavior is tracked through a low magnification objective (e.g. 10X).
Motion of the microscope stage ensures, that the worm stays within the field of view of the high magnification objective. Neuron activity while crawling is recorded at high-resolution, through calcium imaging
using a 63X objective. (Adapted from [101,104,106,107])

Even higher resolution imaging of free crawling worms was demonstrated by Faumont et
al. [107]. Using a microscopy setup equipped with both a low magnification (4X) objective
(from the top) and a high magnification (63X/100X) objective (from the bottom) (Fig.2-6D).
Worms crawling on the plate were tracked using the low magnification images, whilst simultaneously using the high magnification optics for calcium imaging. Using this approach, the
authors were able to, for the first time, study neuronal activity during locomotion. Whilst the
imaging of free crawling worms is possible at surprisingly high-resolution, it is not a routine
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procedure, requiring specialized and often expensive equipment. Commonly, resolution remains limited to several micrometers.
2.1.4 State of the Art. Over the years a number of immobilization strategies have been proposed, exploiting a range of chemical and physical immobilization strategies.
Conventional agar pad immobilization yields excellent immobilization, enabling high-resolution imaging, however only short-term imaging can be achieved with many sensitive processes strongly affected by the immobilization. The advent of microfluidic immobilization
approaches has allowed more efficient and versatile immobilization schemes, exploiting a
variety of physical forces. Importantly the ability to immobilize and release worms has allowed the development of methodologies, combining an excellent degree of immobility and
viability over long periods of time. However, so far no method combines a high degree of
permanent immobilization, suitable for high-resolution imaging and tracking of complex
processes, with long-term viability. Generally compromising between these seemingly opposing objectives.
2.2 A Novel Microfluidic Solution. To address the limitations present in currently available
technologies, we have developed a novel platform that allows for both, long-term immobilization of normally developing animals, as well as high-resolution imaging and tracking of
complex biological processes, using a simple to use and inexpensive microfluidic device.
The capabilities of the platform were extensively characterized, ensuring optimal viability, along with optimal immobilization and compatibility with a variety of commonly used
imaging modalities.
2.2.1 Design Considerations. The immobilization device was originally developed for the
study of germ cell apoptosis in adult hermaphrodite C. elegans. Study of germ cell apoptosis
requires high-magnification, and high numerical aperture optics, due to the small size and
faint nature of features of interest. Efficient immobilization is therefore a necessity. However, all germline related processes (i.e. mitosis, meiosis, apoptosis and diakinesis) are readily affected by conventional immobilization methods, with complete arrest occurring within
20-30 minutes after immobilization [81].
Our microfluidic immobilization device therefore had to satisfy three essential requirements: robust immobilization, long-term viability and simplicity of operation (making it easy
to use by non-specialized researchers). Mechanical immobilization was chosen, since the
force applied, and therefore the stress caused, by mechanical immobilization approaches can
be controlled in an accurate fashion. Furthermore, mechanical immobilization methodologies are generally simpler to implement than most of the alternative methods [56,84].
Great care was taken in assessing on-chip environmental factors crucial for long-term viability. Put simply, immobilized worms require a continuous supply of bacteria. An insufficient concentration of bacteria will severely limit long-term survival, whilst excessive concentrations may lead to device blockage and an increased likelihood that a worm will be
overgrown by bacteria.
Owing to its simple construction (a structured PDMS substrate bonded to a cover slip),
the device developed herein offers excellent immobilization whilst ensuring long-term viability, and is inherently compatible with all conventional microscopy techniques. In addition
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to the microfluidic device itself, only a few inexpensive components are needed (costing less
than $1000) and its operation can be learned in a few hours. This aspect is of critical importance, as the adoption of many microfluidic techniques by non-specialized laboratories
is hindered by the technical complexities involved in their operation [108]. The immobilization method has since been successfully implemented for the study of adult nematodes and
adapted for all four larval stages, yielding equally excellent viability and immobilization.
2.2.2 Device Development. Out of the five most common immobilization methodologies, mechanical immobilization was initially assessed (Fig.2-7). Indeed, all other immobilization
methods were readily discarded, as harsh changes in temperature, hypoxia induced by prolonged exposure to high N2/CO2 concentrations and prolonged immobilization through electric fields or acoustic forces, are known to affect normal physiological function, thus making
such approaches unsuitable for the study of sensitive developmental processes. In order to
render these approaches compatible with long-term measurements, schemes of repeated
immobilization and release are required. Unfortunately, these make tracking of complex processes, such as the migration of germ cells in the densely packed gonad near impossible.
Furthermore, all alternate methodologies require external hardware not readily available in
non-specialized laboratories, and are difficult to integrate with existing microscopy setups.
Conversely, mechanical immobilization is simpler to implement, as immobilization is determined by the physical design of the device. As a starting point, an immobilization device similar to the one presented by Chokshi et al. [86] was chosen, where worms were immobilized
in a straight channel flanked by two dead end channels (Fig.2-7A). These dead-end channels,
when pressurized act as on-chip hydraulic valves deforming the thin channel wall, and thus
allow the application of force onto a worm inside the main channel. This type of deformable
valve was chosen over more common “Quake style” valves, as they are significantly easier to
fabricate, requiring only a single PDMS layer. This first device was found to yield excellent
immobilization, allowing only minimal motion. However, adult worms commonly immobilized in such a geometry are unable to feed properly and cannot lay eggs, since substantial
forces (approximately 25-30 psi) are necessary for full immobilization. In subsequent designs, the applied pressure was reduced and limited to select regions of the worm’s body
(Fig.2-7B), leaving the head and vulva unhindered. Surprisingly, these devices performed
substantially worse in terms of immobilization, and did not solve the underlying issue of
disrupted physiological function. We therefore concluded that the force applied to the
worm’s body could not be reduced to non-harmful levels, whilst maintaining good immobilization.
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Figure 2-7 | Select Generations of Device Development. (a) First design based on active mechanical immobilization. Worms are held in a wide straight channel (red), alongside which two hydraulic valves are
placed. Actuation of valves allows immobilization of a single worm, leaving only the head and tail free to
move. Excellent immobilization is achievable, however worms are not viable for long periods of time, due
to the substantial pressure acting on each worm. (b) Pressure on the worm is applied to two positions
along the worm body, thus substantially reducing stress. Immobilization however is not ideal, with worms
repeatedly escaping from the trapping channel. (c) Worms are trapped in a wide dead-end channel,
flanked by pillars through which egg laying is facilitated. In this configuration, worms exhibit substantial
motion and are able to escape from the device. Additionally, worms cannot easily be removed from the
device, meaning that only one worm can be loaded, and if incorrectly positioned a new device is required.
(d) First generation of the final device. Worms are held in a narrow channel flanked by a small number of
pillars. On either side of the channel on-chip hydraulic valves allow for precise control over the worm
delivery and collection, as well as stabilizing the worm’s position. Arrows indicate the flow directions: red
- bacteria flow, black - worm flow. Scale bars 100 µm.

Alongside these initial trials on active mechanical trapping, negative pressure immobili-
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zation was also assessed [57]. This method however was found to provide insufficient immobilization and blocked the vulva in incorrectly positioned worms. Furthermore, the
amount of liquid “sucked” through the device was substantial over the course of an extended
experiment, rendering the methodology complicated and tedious. The method was therefore
discarded.
At this point the immobilization method presented by Kopito et al. [85] was assessed. As
previously described, this method utilizes a loosely fitting microfluidic channel along which
a small array of pillars is placed (Fig.2-2B, Fig.2-7C). These limit the worm’s motion and allow unobstructed egg laying. Worms are passively loaded through a branched channel network, and after complete loading continuously supplied with a bacterial suspension. Whilst
assessing this method we found that, as expected, immobilization was not sufficient for highresolution imaging, with worms regularly escaping from the device. We therefore made a
number of modifications to this design yielding the final immobilization device (shown in
Fig.2-7D, Fig.2-8A).
Firstly, in the original publication the pillar array along each side of the trap channel consisted of seven pillars, effectively leaving a channel wall with eight 30 µm gaps for unobstructed egg laying. While the pillars are necessary, we found that their number could be
reduced substantially, requiring only one pillar on both side, and two 20 µm gaps (Fig.2-8A).
This simultaneously reduced the probability of worms escaping from the trap and increased
stability. Entirely removing the pillars, such that a single narrow gap is left, also yielded a
functioning immobilization device. However, in this configuration egg laying was occasionally affected and immobility not substantially increased.
Secondly, in the original publication loading is achieved passively, matching hydrodynamic pressure of the device such that each of the many trap devices is occupied by a single
worm (Fig.2-2B). We found that multiple trap devices, operating simultaneously, were not
necessary for the process we intended to study. Accordingly, we removed the branched
channel network, allowing a redesigned and more efficient loading process. Focusing on a
single trap device, we placed two sets on-chip hydraulic valves on either side of the trapping
region (Fig.2-8). This allowed accurate control over the loading process. Using these hydraulic valves, worms could be easily and repeatedly loaded and released from the trap, such that
reliable worm positioning is possible.
Thirdly, and compared to the original design, we significantly reduced all channel dimensions. This in combination with the two on-chip hydraulic valves ensured that the worm is
held as firmly as possible.
2.2.3 Device Dimensions. Long-term viability of immobilized C. elegans has proven difficult
due to the need to feed and maintain normal bodily functions, as well as the general sensitivity of the worms to external factors. This is especially true in the case of adult hermaphrodites, where additional complications arise due to egg laying. Egg laying is readily inhibited by environmental factors or physical obstruction, resulting in termination of all
germline-related developmental processes and the worm’s death within a few hours [81].
In our microfluidic device (Fig.2-8, Fig.2-9), optimal immobilization is achieved by carefully matching the trap channel geometry to the size and shape of the worm. Application of
pressure is required to maintain the position of the worm and minimize its movement. However, excessive pressure, especially when applied to the vulva, leads to the termination of
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many developmental processes and ultimately death, a phenomenon commonly observed
when using agar pads [81]. The immobilization device was therefore optimized, so that animals are held firmly enough to permit high-resolution imaging, whilst allowing minimal motion of the pharynx, intestine and gonad (all necessary for normal physiological function and
development). Additional channels positioned along the main trap allow a constant supply
of a bacteria suspension, ensuring that immobilized worms are sufficiently fed.
Trap channels for adult hermaphrodites (3 days after hatching) were chosen to have a
cross-section of 45 x 52 µm (w x h), which narrows to approximately 30 µm near the head
and tail, so as to better support narrower regions of the worm body (Fig.2-8A). Channel
cross-sectional dimensions were chosen such that the worm fits tightly into the trap, without
exerting excessive pressure. Much smaller channels did not necessarily result in improved
immobilization, since much of the motion still observed in trapped worms is internal, and
thus not significantly affected by external fixation unless excessive amounts of pressure are
applied. The channel length was chosen to be between 750-800 µm, such that both head and
tail sit inside the on-chip hydraulic valves, resulting in additional fixation. Both the crosssectional dimensions and exact length of the trap channel vary with the age of the worms
under investigation, as older adults are significantly larger than young ones. For very old
worms (older than 4 days) an even larger cross-section of 50 x 60 µm was chosen, and combined with a channel length of 1000 µm. All surrounding channels were kept at 50 µm, with
constrictions only around the trap channel, such that worms cannot escape. A channel width
of 50 µm is necessary to ensure that eggs can be washed away easily. Additionally, the length
and width of the surrounding channels were chosen such that hydrodynamic pressure is
kept minimal, and a pressure balance between both outlets maintained. Roughly one third
of the food flow is directed to the worm’s head as food, with two thirds bypassing.
Larvae trap channels were made significantly smaller, having cross-sections of 10 x 9 µm
for L1s, 15x12 µm for L2s, 20x16 µm for L3s and 25x20 µm for L4s, again narrowed by 1 to
3 µm towards the head and tail (Fig.2-8B-D). Additionally, the channel length varied from
175-200 µm for L1s, 225-250 µm for L2s, 350-375 µm for L3s to 450 to 500 µm for L4s. The
channel length used depends on the exact age of the larvae, and was always chosen such that
head and tail are held gently by the on-chip valves. Channels around the trap were 5 µm wide
for the processing of L1s and L2s and 7.5 µm for L3s and L4s. All remaining channels were
chosen to be 25 µm wide for L3 and L4 traps, and 50-100 µm wide for L1 and L2 traps. The
larger overall channel size used in the case of L1 and L2 traps, was necessary prevent excessively high backpressures. It should also be noted that in larvae trap devices a bypass channel was incorporated, even though eggs do not need to be removed from the device. Initial
devices without a bypass channel were characterized by an accumulation of bacteria around
the trap channel, and eventual blockage of the device.
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Figure 2-8 | Device Dimensions. (a) Magnified view of the trap region designed for adult C. elegans. Represented in red are the fluidic channels within which the worms and bacteria are transported. A single
pillar is placed on either side of the channel, allowing egg laying. The trap channel is narrowed towards
the head and tail, for better stabilization. (b-c) Magnified view of the trap region designed for L3 (b) and
L1 (c) larvae. Device dimensions are adjusted for the smaller worms while keeping the same general layout and flow pattern. Represented in black are the on-chip hydraulic valves, positioned at the front and
back of the trap region, which allow for precise control over the worms entering and leaving the trap, as
well as stabilizing the worm’s position. Arrows indicate the flow directions: red bacteria flow, black worm
flow. Scale bars 100 µm.

2.2.4 Environmental Factors. The environment around the worm is also crucial in ensuring
long-term viability. An inspection of the literature yielded little information on generic flow
parameters or bacteria concentrations necessary for long-term survival.
In their natural environment C. elegans is a soil dwelling nematode, living primarily on
rotting fruit, roots and bacteria. In a laboratory setting, C. elegans are almost always cultured
on agar plates seeded with E. coli OP50. Therefore, OP50 was initially chosen as a suitable
food source [102,103]. Bacteria were supplied to the worm on-chip and suspended in S-Basal at varying concentrations, ranging from 1x109 bacteria/mL (OD600 = 1.5) to approxi-
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mately 2.5x1010 bacteria/mL. OP50 concentrations below 1x1010 bacteria/mL proved insufficient in sustaining worms for time periods greater than 12 hours, resulting in the termination of egg laying and body shrinkage. At concentrations greater than 1x1010 bacteria/mL
worms appeared healthy and exhibited normal feeding and egg laying behavior. Use of E. coli
OP50 concentrations greater than 1x1010 bacteria/mL led to device blockage. On the other
hand, E. coli NA22 [103,109,110] could easily be prepared at a concentration 2.5x1010 bacteria/mL, presenting an ideal food source. To ensure a constant bacteria supply throughout
the entire experiment, buffer (mixture of S-Basal and OptiPrep) and bacteria density was
carefully matched such that only minimal segregation is observed.
It should be noted that the bacteria concentrations that yielded optimal viability are significantly higher than routinely used in liquid culture [103,109]. This was unexpected, but
most likely due to the low flow rates at which bacteria are delivered to the trapped worm.
Additives such as the trace metals, which are commonly added to liquid culture media [103,
109], were also found to be unnecessary in maintaining viability.
When assessing the effect of bacteria concentration, the feed flowrate was maintained at
no more than 1µL/hr (see Appendix A2 for detailed protocols). Higher flow rates did not
yield any improvements in viability; on the contrary, the high pressures associated with high
flow rates, often resulted in the death of trapped worms. In case of larvae, even lower flow
rates of 0.2 µL/hr were used, since the reduced channel cross-section necessary for immobilization of smaller worms combined with high flow rates, generates excessively high pressures.
2.2.5 Phototoxicity and Photostability. Fluorescence imaging is normally employed to study
developmental processes in vivo. Owing to its transparent nature, C. elegans can be imaged
with excellent spatial resolution. Imaging however, can affect the worm under investigation
[111]. If administered in high doses, excitation light may cause bleaching of fluorescence
markers and may cause more general phototoxic effects, thus limiting the period over which
images can be acquired. Accordingly, phototoxicity and photostability were assessed
through variation of excitation intensity, exposure time and image frequency. This analysis
suggested exposure times of between 10 and 50 ms should be used, and for long-term imaging (for periods in excess of 6 hours), z-stacks should be acquired at a rate of no more than
once per 5 minutes at steps of 0.5 µm.
2.3 Adult Hermaphrodites. The performance of the immobilization platform was validated
using two criteria: motion and egg laying. Followed by in-depth assessment of on-chip imaging.

35

2 – Long-term Microfluidic Immobilization

Figure 2-9 | Schematic of the microfluidic device and its operation. (a) Schematic of the adult C. elegans
immobilization device. Fluidic channels are marked in red and on-chip valves in black. Gentle immobilization and long-term viability are achieved using three on-chip operations. First, loading and isolation are
achieved and controlled through two sets of on-chip valves (black), placed alongside the main channel.
Second, the immobilization section is designed to perfectly match the worm’s body. Third, bacteria are
continuously supplied to the worm, allowing it to feed normally and maintain normal body functions. (be) Worm loading. (b) Empty chamber. (c) Worm enters. First on-chip valve is open, second on chip valve
remains closed preventing the worm from leaving the chamber. (d) Immobilized worm. Both on-chip
valves are closed. (e) If a worm is unsuitable for an experiment, the second valve is opened and the worm
released. (c-e) Arrows indicate major flow directions during loading (black) and immobilization (red).
(d) Importantly the bacteria flow is not affected by the closed valve, as the channel is not completely
blocked. A significant portion of the bacteria flow is permanently directed to the worm’s head, through
the closed valve to outlet B. (f) Single adult C. elegans immobilized on chip. Images, from left to right, show
the worm at 0 h, 24 h and 48 h. (g) Comparison with a worm kept on-chip, but in a non-immobilized state.
In both cases the worms are healthy, and behave normally. Scale bar 1000 μm (a) and 100 μm (b-g).

2.3.1 On-chip Viability. We found that in the microfluidic device adult worms normally survive for approximately 100 hours (95h ± 21 h, n = 9), and in exceptional cases for up to 170
hours (Fig.2-9F). Critically, this surpasses lifespans achieved in previously reported micro-
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fluidic traps by one order of magnitude, and lifespans associated with conventional immobilization techniques by twenty-fold. To further assess the effect of immobilization on viability
and health, we performed comparisons with worms kept on-chip, but in larger chambers
(650 x 300 x 50 µm), which allow them to crawl freely. These worms exhibited similar survival times (111 ± 19 h, n = 3), indicating that our immobilization strategy does not affect
survival in any significant way (Fig.2-9G). Under unfavorable conditions, such as an insufficient food supply or excessive amounts of pressure, egg laying is immediately halted. When
using conventional agar pads, few ovulations occur and minimal egg laying is observed [81].
Significantly, within the microfluidic immobilization device egg laying occurs at an average
rate of 1 egg every 15 minutes (176 ± 17 eggs in 48h, n = 7), which is consistent with onplate observations (176 ± 30 eggs in 48h, n = 10).
Accordingly, our results suggest that viability within our microfluidic device is optimal,
with no negative effects on feeding, egg laying and general development. In general, the microfluidic immobilization device exhibited reliable performance, with no clogging or change
in bacteria concentration observed over the entire duration of the experiment. Similarly, no
obstruction of egg laying was observed, with eggs being reliably washed out of the device
after being laid.
2.3.2 On-Chip Imaging. A critical factor when assessing worm viability over long periods of
time is immobilization performance. Excessive animal motion or rotation will significantly
interfere with data acquisition, rendering high-resolution imaging and tracking of complex
dynamic processes impossible. We illustrate the compatibility of our immobilization device
using three commonly used imaging modalities, epi-fluorescence (EPI) (Fig.2-10A), spinning disc confocal (SDC) (Fig.2-10E) and differential interference contrast (DIC) microscopy
(Fig.2-10C), acquiring Z-stacks of the gonad of adult hermaphrodites, and comparing the image quality obtained to images acquired on agar pads (Fig.2-10B,E,F).
Worms can be imaged at high-resolution within the microfluidic device, using a high magnification, high numerical aperture objective (60x water immersion, NA 1.2), owing to the
fact that PDMS is transparent and directly mounted on a thin cover slip. Importantly, no bodily rotation is observed during experimentation, with movement within a Z-stack and between time intervals remaining minimal. Use of the microfluidic device did not alter image
quality or long-term photostability, nor did it require any modification to established imaging protocols. The device could readily be mounted on different microscopes and excellent
quality images were acquired using all assessed imaging modalities. Accordingly, data quality and resolution is limited solely by the imaging technique chosen. Notably, contrary to
agar pads, very little drift is observed during imaging, with only a 0.5-3 µm drift during a 12hour imaging session. Expensive autofocusing units, or manual drift correction are therefore
unnecessary.
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Figure 2-10 | Representative images of the germ cells in adult C. elegans. (a-c) Images acquired on-chip, (de) images acquired on agar pads. (a,d) Epi-fluorescence, (c,f) Spinning disk confocal imaging. For both
overlay, and separate fluorescence channels are shown (mCherry, GFP). (b,e) DIC microscopy. All three
imaging modalities show excellent compatibility with the developed platform. No difference in image
quality between images acquired on-chip or on conventionally used agar pads is visible. (a) Apoptotic
cells are indicated by arrows. Images acquired using a 60X objective. Scale bar 25 μm.

2.4 Adaptation for Larvae Immobilization. C. elegans development is divided into four larval
stages, L1-L4. Many of the processes occurring during larval development are highly dynamic, making them ideally suited for time-lapse imaging. However, immobilization on agar
pads, severely disrupts larval developmental and its dynamics. For this reason, we adapted
the same strategy demonstrated for adult C. elegans, developing a set of immobilization devices for all larval stages (L1-L4) (Fig.2-8C,D). The setup process, operation, and performance (high-resolution, high magnification imaging and compatibility) of the larvae immobilization device are identical to those developed for the adult device.
Larval viability on-chip was determined by assessing the minute motion possible within
the trap (i.e. twitching and feeding) as well as the occurrence and dynamics of developmental processes. We found that larvae immobilized in our devices showed normal behavior and
development (Fig.2-11). Larvae were regularly immobilized for 12-24 hours. Longer immobilization was not tested as molting is not possible on-chip and developmental arrest occurs
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at the L1/L2, L2/L3, L3/L4 or L4/adult molt. In order to get more detailed information regarding developmental dynamics on-chip, we studied a number of developmental processes
in more detail; DTC migration (Fig.2-12, Fig.2-13, Fig.2-14), anchor cell invasion (Fig.2-15)
and Q-cell differentiation (Fig.2-11).
2.4.1 Q Neuroblast Differentiation. During the first stage of larval development (L1) the Q
neuroblasts (QL and QR) and their descendants migrate along the anterior-posterior body
axis to a number of specific locations. Once migration is complete, these cells differentiate
into sensory neurons and interneurons [74,112,113].
Initially both, QL and QR cells are found in similar positions on the left and right, near the
lateral row of seam cells. Upon polarization they begin their migration (Fig.2-11C). During
this phase QL neuroblasts first migrate a short distance in the posterior direction, while QR
neuroblasts migrate in the anterior direction. Both cells then undergo a first symmetric cell
division, leading to the formation of the Q.a and Q.p cells, followed by further migration and
division leading to the formation of a total of three daughter cells that migrate to well-defined positions within the body. Importantly both Q.a and Q.p cells undergo asymmetric cell
division, where only one of the daughter cells survives, with the other undergoing apoptosis
[74,114, 115,116]. This migration/differentiation process is controlled by a complex interplay between a number of genes, and is therefore of great interest to a research community
[117].
Unfortunately, research on this process has been heavily limited by available immobilization methods. With an approximate length of 150-200 µm and a diameter of 10 µm, L1 larvae
are very small, such that agar pad immobilization is often insufficient, while still negatively
affecting developmental processes. Using our device, we found that all developmental milestones of Q cell differentiation and migration occur in an unhindered manner (Fig.2-11).
Both the QL cell migrating in the posterior, and the QR cell migrating in the anterior direction
is observed. This is followed by the first symmetric cell division, approximately 3-4 hours
after immobilization. The second asymmetric division is then observed 2-3 hours after the
first division, followed by a final symmetric division 2 hours later.
The order in which these events occur as well as their relative timing are in good agreement with literature values [118], strongly indicating that our L1 immobilization device does
not negatively affect development, while ensuring excellent immobilization. Importantly Q
cell differentiation was observed in 90% of all animals studied (n = 5). Compared to later
larval stages, L1 larvae do not develop in a completely reliable manner on-chip. This is most
likely caused by the small dimensions necessary for effective immobilization (i.e. a channel
height and width of 10 µm). The small channel cross-section results in substantial pressure
acting on the trapped animals, which is further amplified by the liquid pressure caused by
the food supply stream. To minimize negative effects, flow rates were kept to a minimum.
This however, leaves the device more susceptible to blockage and improper food supply,
when compared to larger devices.
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Figure 2-11 | QL-Cell Differentiation. (a) Magnified view of the trap region. Arrows indicate major flow
directions during immobilization (red) and loading (black). (b) Single L1 larva immobilized for 12 hours.
Maximum intensity projection of fluorescently labeled Q cells. Initially both QL and QR cells are visible
with the QR cell migrating in the anterior and the QL cells in the posterior direction. Triangles from left to
right indicated the first, second and third QL cell division. With the second asymmetric division producing
only one daughter cell each. Images acquired using a 60X 1.4NA objective at a 20-minute interval. Scale
bar 25 μm.

Q-cell Lineage. Q-cells were visualized using transgenic rdvIs1 [egl-17p::Myri-mCherry::pie1 3'UTR + egl-17p::mig-10::YFP::unc-54 3'UTR + egl-17p::mCherry-TEV-S::his-24 + rol6(su1006)] III [119] animals, where all Q-cells are fluorescently labeled. Cell divisions were
scored manually.
Synchronized L1 populations were generated by bleaching. Freshly hatched worms were
kept in M9 buffer overnight, such that development arrested in the early L1 stage, only resuming upon feeding on-chip. However when using this method, the exact time of hatching
cannot be used as reference for later developmental timing. We therefore referenced all later
cell divisions relative to the start of the experiment, and the time at which L1 larvae were
allowed to feed. It should also be noted that the last cell division is not always clearly visible
at the magnification used, as the Q.paa and Q.pap cell remain close to each other after division.
2.4.2 Distal Tip Cell Migration (DTC). DTC migration begins in the L1 stage and ends during
the L4 stage. It essentially guides and defines the shape of the C. elegans gonad. During the
L2 and L3 stages, the DTCs migrate outwards in anterior-posterior direction, turning from
the ventral to the dorsal side by the end of the L3 stage. Migration towards the body center
is observed during the L4 stage. Thus, DTC migration is an essential and highly dynamic process that serves as a good indicator of whether larval development is occurring normally
[120,121,122,123].
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Figure 2-12 | Larvae immobilization and DTC migration. (a) Magnified view of the L3 trap channel. Arrows
indicate major flow directions during immobilization (red) and loading (black). (b-c) DTC migration during L3 and L4 stage. Both the outward growth and turn during L3 stage (b) as well as the growth towards
the body center during L4 stage (c) are observed to progress normally. Images acquired using a 40X air
immersion objective (NA 0.6). Scale bars 100 µm (a), 25 µm (b-c).

DTC migration has been extensively studied using agar pads and tranquilizing drugs,
which significantly affect the rate at which this process occurs. We assessed the developmental rates of DTC migration in worms immobilized on agar pads with 4 mM Tetramisole
and in free crawling worms on NGM plates, and compared it to rates measured on-chip
(Fig.2-12). DTC migration was visualized in qIs56[lag-2p::GFP] [124] animals, where the
DTC is fluorescently labeled. On agar pads we observed growth rates for L3 of 3.40 ± 0.6 2
µm/h (n = 2), compared to the 11.19 ± 2.24 µm/h for L3 (n = 4) and 12.15 ± 1.84 µm/h for
L4 larvae (n = 6) freely crawling on NGM plates (Fig.2-13C). Crucially, only two out of the
seven L3 animals imaged on agar pads displayed DTC migration in the anterior-posterior
direction; furthermore, migration was incomplete. In the remaining five larvae DTC migration did not occur at all (which we expect to be the case for L4 as well). Additionally, shrinkage of the worms or damage to the animal was often observed when immobilizing worms on
agar pads. By comparison, we found that within the microfluidic device DTC migration occurs normally and at rates comparable to free crawling worms on NGM plates. Both the outward growth and turn during the L3 stage (Fig.2-12C, Fig.2-13A), as well as the growth towards the body center during the L4 stage (Fig.2-12D, Fig.2-13B) are observed to progress
normally on-chip. We found growth rates of 7.96 ± 0.25 µm/h and 12.87 ± 0.23 µm/h for L3
and L4 larvae respectively (n = 7). The drastic decrease in developmental rate as well as the
morphological changes apparent when using agar pads, most likely stem from a lack of food
as well as the adverse effects of Tetramisole (Fig.2-13C). DTC migration on-chip occurred in
all animals studied (n = 14) with no apparent morphological changes, yielding migration
rates comparable to free crawling worms on NGM plates, indicating that development is insignificantly affected by our immobilization technique. Differences in growth rates on-chip
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and on plate most likely stem from less accurate measurements on plate, caused by the reduced image quality as well as appreciable worm movement on plate.

Figure 2-13 | Chip vs. Agar Pad. (a-b) DTC migration on-chip. Normal migration in the anterior-posterior
direction during the L3 stage is observed, with migration in the inverse direction occurring in the L4 stage.
(c) However, DTC migration does not happen or only to a limited extent on agar pads. Typically, after long
immobilization times, damage to the immobilized larva is observed, resulting in shrinkage of the worm
or disappearance of the DTC. Images acquired using a 40X air immersion objective (NA 0.6). Scale bars
25 µm.

DTC Migration Rates. The DTC migration rate in both L3 and L4 larvae was determined by
first transforming the acquired time series into kymographs (Fig.2-12B, Fig.2-14). The resulting kymographs were then aligned, such that a common starting point was established.
Average growth rates were determined by measuring the relative distance between the two
DTCs. Analysis was performed using custom Matlab scripts.
As a comparison, the DTC migration rate was determined on NGM plates. Single larvae
were placed on NGM plates and imaged once every hour using a dissection scope (Leica
MZ16 FA Fluorescence Stereomicroscope, LEICA PLANAPO 2.0X, equipped with a Nikon
Coolpix 990). Likewise, DTC migration was measured in conventional agar pads. In both
cases, DTC migration was scored manually, as the lower image quality did not allow reliable,
automated image analysis. L3 and L4 larvae were harvested at 45 and 52 hours, respectively,
after synchronization.
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Figure 2-14 | Quantification DTC migration. (a-b) Kymograph depicting on-chip DTC migration in anterior
posterior direction, during L3 and L4 stage. Each line of the kymograph corresponds to a single time point
(ranging 0-12h), overlaid are the DTC positions during multiple experiments. (c-f) Quantification. DTC
migration on-chip L3 (c) and L4 (e). DTC migration on NGM plates L3 (d) and L4 (f). Average migration
rate was extracted via the slope of the linear regression, resulting in 7.96 ± 0.25 µm/h (c), 12.87 ± 0.23
µm/h (e), 11.19 ± 2.24 µm/h (d) and 12.15 ± 1.84 µm/h (f). The much broader distribution observed in
(d) and (f) is mostly caused by the on plate imaging and the associated lower quality images and manual
scoring of growth. Each color represents an individual worm (a-b,c,e).

2.4.3 Anchor Cell (AC) Invasion. Finally, we used our platform’s ability to follow sub-cellular
processes dynamically and under physiological conditions to observe cell invasion in realtime (Fig.2-15A,C). Cell invasion, a process whereby cells attach to, breach and migrate
through basement membranes, plays a central role in many developmental processes, e.g.
angiogenesis and organogenesis. During the L3 stage of C. elegans development, the anchor
cell, a specialized cell of the uterus, undergoes such an invasion, by which the uterine and
vulval tissue are connected. Since the anchor cell and the underlying basement membranes
can be labeled with fluorescent markers, this process represents an ideal model for the study
of cell invasion mechanisms [125,126,127], furthermore representing a process similar to
the epithelial-mesenchymal transition in vertebrates [128]..
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Figure 2-15 | AC invasion on-chip. (a) AC invasion on-chip. The opening in the basement membrane and
the lumen are clearly visible after 4 h and appear more pronounced on-chip, indicating gentler immobilization. Image quality on chip is comparable to the standard immobilization on pads. (b) AC invasion on
agar pads. The opening in the basement membrane and the lumen are visible after 7 h. (a) Time series of
AC invasion in an L3 larva on-chip. During the time series the AC shows the typical elongation (40 min),
followed by the formation of the lumen and the disruption of the basement membrane (120 min & 200
min only GFP). Development both on pads as well as on-chip arrests at the L3/L4 molt. Images were acquired using a 60X water immersion objective (NA 1.2) and an image splitter, simultaneously acquiring
mCherry and GFP fluorescence. Scale bar 25 µm.

While much is already known about anchor cell invasion, live-imaging of the entire process in natural and perturbed conditions (i.e. RNAi/drug treatments) is not routine, but has
the potential to increase our understanding of this dynamic invasion process. So far, real
time observations have been complicated by the shortcomings of conventional imaging techniques as immobilization and high-resolution imaging are requisite. Immobilization is regularly achieved using agar pads in combination with tranquilizing drugs (e.g. Tetramisole),
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which has significant detrimental effects on the dynamics of this process. Alternatively, timelapse imaging or images of multiple animals at different points in the development can be
acquired, reconstructing the process from multiple time points and animals. This approach,
however, is laborious and exact information about developmental timing can only be obtained with considerable difficulty.
We therefore applied our microfluidic immobilization method for the study of AC invasion
in L3 larvae. We visualized AC invasion in qyIs23 [cdh-3p::mCherry]; qyIs10[lam-1p::lam1::GFP] [129] animals, where both the actin in the AC and the basement membrane are fluorescently labeled. The faint signals and small details of this reporter system, such as the
opening in the basement membrane formed during the invasion process, demand the use of
high numerical aperture, high magnification objectives and thus efficient immobilization. Especially during the searly L3 stage, the qyIs23 [cdh-3p::mCherry] marker is very faint, resulting in very low signal and a grainy character of the images obtained (Fig.2-15A,B).
Determination of the AC Invasion Rate. The invasion rate was defined as the time from the
onset of invasion (i.e. stretching of the actin filaments within the AC) to the complete formation of the opening in the basement membrane. Invasion timing was scored manually. L3
larvae in both the microfluidic and conventional immobilization experiments were harvested 45 hours after synchronization.
2.4 Additional Device Variants. Upon completion of the basic immobilization device, two
variants for parallelized long-term immobilization and automated high-throughput screening, were developed.
2.4.1 Parallelized Immobilization. Especially when working in core facilities, microscope
availability often becomes a limiting factor in scientific studies. We therefore developed an
immobilization device, with which eight worms can be imaged in parallel. In principle the 8X
immobilization device follows the same design principles outlined previously, however all
immobilization devices share the same food inlet, outlets and off-chip solenoid valves. The
setup complexity is thus not substantially increased, and device operation remains essentially the same.
Parallelization is accomplished by first connecting all bacteria supply channels and all
waste removal channels to one respective inlet/outlet (Fig.2-16). Similarly, all 8 worm outlets and on-chip hydraulic valves were connected to a single respective inlet/outlet. To do
this, a second PDMS layer with the necessary branched channel network was bonded on top
of the first PDMS slab containing the trap channels (Fig.2-16). Through careful optimization
of the hydrodynamic pressure on-chip, all worms can be loaded without affecting the position of other worms, whilst ensuring the supply equal amount of bacteria to each worm.
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Figure 2-16 | Parallelized Immobilization. Eight worm traps positioned on one device. All traps are connected to the same food inlet (C), and general outlet (B) through a branched channel network. All on-chip
hydraulic valves are connected to two separate inlets through a second PDMS layer, such that all left and
right valves are actuated simultaneously (D). Worms are individually loaded through separate inlets (A),
with the inlet blocked after loading. Through careful pressure equalization all worms are supplied with
an equal amount of food, and can be loaded without affecting previously loaded worms. Fluidic channels
are marked in red, on-chip valves in black, the second layer containing the branched channel networks is
marked in translucent red and black. Scale bar 1000 µm.

Fluorescence Z-stacks of the immobilized worms were acquired sequentially using a motorized XY stage, by moving from one worm trap to the next. It should be noted, that immersion lenses are prone to instability when used for imaging multiple XY locations, due to the
immersion liquid being spread out over a large area. This instability significantly complicates tracking of complex developmental processes. Drift could be compensated to some extent, using a “hardware” autofocus system, such as the Nikon Perfect Focus system, or “software” autofocus. That said, depending on the “hardware” autofocus system available constraints on the number of Z positions or the degree to which loss of the immersion liquid can
be compensated might arise. Software solutions on the other hand require acquisition of additional images. These images will add to the total photodamage sustained by the worm over
the course of an experiment, in the worst case limiting viability or the rate at which processes
can be observed. Similar concerns will also arise for acquisition of a much larger Z range to
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compensate for changes in focus.
Since we did not have access to these autofocus modalities, we limited our assessment of
the parallelized device to low magnification, air immersion optics, successfully studying the
stochastic heat shock response of adult C. elegans, detailed in Appendix B.
2.4.2 High-throughput Screening. Forward genetic screens, using randomly mutagenized
worm populations, or reverse genetic screens utilizing RNA interference have become widespread and powerful tools in C. elegans research. Although both methods require large numbers of animals, high-resolution in vivo imaging is normally low-throughput and thus defines
a major bottleneck. Chung et al. detailed a microfluidic device, capable of automatically loading and immobilizing single L4 worms, such that high-resolution images could be acquired
in an automated manner, and worms sorted accordingly. While excellent at performing this
task, the device is fabricated using multiple layers of PDMS, requires several on-chip valves
and a cooling channel for efficient immobilization [44]. More recently a simplified version of
the device was proposed, reducing chip fabrication to a single layer of PDMS, but still remaining relatively complex [46]. Such device complexity as well as the large amount of offchip equipment needed, severely hamper adaptation in other laboratories. We therefore assessed if our, simple immobilization method, relying only on mechanical forces, could be integrated in an automated platform for high-throughput screening of L3 larvae. On-chip immobilization was achieved in a simple straight channel, the cross-section of which was chosen to closely match the worm size. Worm positioning within the trap channel was achieved
using two on-chip hydraulic valves (Fig.2-17). Worms were supplied at a constant (low)
pressure of approximately 200 mbar. During worm loading, the on-chip valve near B, was
kept closed. This allowed a slow through flow of liquid, but prevented worms from leaving
the trap region once they were positioned next to the valve. Upon trapping of a single worm,
valve A was closed, effectively immobilizing the worm. At this point images were acquired,
and subsequently the worm released by opening valve B. Opening only this valve generated
a sufficient liquid flow for the worm to leave the trap, without unintentionally flowing additional worms through the device. Once the device was free, the original configuration was
assumed, and another worm trapped.
Reliable trapping of single worms in this configuration relies on hydrodynamic pressure.
As the channel cross-section is approximately the same as the worm’s girth, a single worm
can easily pass through the channel. However as soon as one worm is in the channel, the
increase in backpressure prevents any other worms from entering the trap channel, yielding
a steady flow of single worms. Since worms are delivered using relatively low pressures,
damage to the worms is minimized and trapping robust. Higher pressures would allow
higher throughput, however we found that at pressures much greater than 200 mbar, trapping efficiency decreased, with worms frequently slipping through the trap. At much lower
pressures worms were not able to reliably pass through the device, often resulting in blockages.
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Figure 2-17 | High-throughput Screening. (a) Device schematic. Fluidic channel in red, control layer in
black. Note control channels are fabricated in a second layer on top of the fluidic layer, resulting in “Quake”
valves. (b-d) Automated worm loading. (b) A single worm is loaded into the trap channel. Valve C open,
valve D closed. (c) Once the worm reaches valve D it is trapped and valve C is closed, resulting in complete
immobilization. Images are acquired. (d) The worm is released, valve C remains closed, valve D is opened.
(e) Schematic of algorithm operation. First a previously acquired background image is subtracted from
the current camera image. Worms now appear white in the image, facilitating automated worm recognition and device control. Worms are detected in small regions along the channel, and valves actuated accordingly. Scale bars 1000 µm (a), 100 µm (b).

Device operation was controlled using a custom build LabVIEW script. The presence of a
worm in the trap channel was detected by first subtracting an image of the empty device
from the live feed acquired using a CCD camera. Worm presence was assessed in five sections
along the channel, calculating the sum intensity of each section and comparing the current
value with a user defined threshold. Once all sections of the trap region indicated the presence of a worm the on-chip valve was closed, images of the worm acquired and the worm
released. Release of the worm was assessed in the same way as worm loading. Once all sections indicated an empty channel, the original valve configuration was resumed. The pressure at which worms were supplied was not actively controlled. In a proof of principle experiment we were able to load approximately 480 individual L3 larvae, in one hour (n = 2).
Indicating performance comparable to previously published work, all using a significantly
simplified loading and immobilization scheme. Further details are provided in Chapter 4:

Conclusion & Future Work.
2.5 Summary. Herein we have presented a novel, easy to use microfluidic platform that com-
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bines both excellent immobilization performance and long-term worm viability. Optimal immobilization is achieved by carefully tailoring the geometry of a PDMS microfluidic device to
the size and shape of individual worms, allowing unhindered egg laying and providing a constant supply of bacteria in suspension to ensure adequate nourishment. Crucially, our approach minimizes stress, allowing all physiological processes to occur normally, whilst yielding immobilization performance comparable to conventionally used agar pads, without any
of the associated shortcomings. Similarly, the developed platform does not pose any limitations on the imaging modalities used, offering excellent compatibility with all commonly
used techniques. Data quality and resolution are solely limited by the microscope available.
The device was extensively tested for the immobilization of adult hermaphrodites and
later utilized in studying germline related processes, over extended periods of time, gaining
a number of new insights previously inaccessible. Further details are provided in Chapter 3:
Long-term Developmental Studies. When applied to larval development, our platform enables more accurate analyses (with equivalent image quality) when compared to conventional agar pads, again confirming its suitability for long-term imaging. Moreover, the rapid
and reliable occurrence of developmental processes in larval C. elegans, when compared to
animals immobilized on agar pads, has significant implications for much of the developmental timing assumed to date, e.g. postembryonic cell lineage.
Finally, the general methodology has further been expanded through the development of
both parallelized and automated worm immobilization devices. These modifications substantially increase analytical throughput, without sacrificing data quality or affecting animal
viability.
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In this chapter the main biological processes – germ cell apoptosis – studied in depth using
the novel microfluidic immobilization device is presented.
While studying germ cell apoptosis we were, for the first time, able to follow single germ
cells during their migration along the C. elegans gonad, up to the point where the apoptotic
cell fate decision takes place. The ability to track individual cells over extended periods of
time allowed new insights into the rate at which apoptosis occurs, the distribution of germ
cells acquiring different cell fates within the gonad, as well as a variety of factors influencing
the germ cell fate decision. Initial results indicate germ cell size as a key factor as well as
actin/myosin tension within germ cells, with removal of tension sufficient to eliminate physiological germ cell apoptosis. The knowledge gained in this study may allow a number of
longstanding questions to be answered, and may have significant implications for human
health and disease.
3.1 The nematode Caenorhabditis elegans. C. elegans has become one of the most widely
studied and well understood eukaryotic organisms in modern biology. The invariant number
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of somatic cells in adult worms allowed mapping of the C. elegans cell lineage from fertilization to adulthood [75,77,120], including a complete connectome of the 302 neurons in the
adult hermaphrodite [130]. Furthermore, C. elegans was the first multicellular organism to
have its genome completely sequenced [131]. Key to C. elegans’ success as model organism
are two physical features: its transparency and genetical tractability.
The transparency of C. elegans has greatly aided developmental biology, as researchers
can directly examine developmental processes and changes due to mutations or environmental factors at the cellular [74,75] or even subcellular level [76,77], with both cellular and
subcellular features being easily visualized using differential interference contrast (DIC) microscopy. Fluorescence microscopy can be used for even better visualization, with fluorescent markers being directly attached to the worms’ own proteins or reporters, such as
gCaMP3, which fluoresce in response to calcium flux [82] allowing the direct study of neuronal activity in vivo.
Its genetic tractability, utilizing DNA microinjection, feeding RNA interference or more
recently CRISPR editing [132], has allowed the generation of an immense variety of mutant
strains. Both forward and reverse genetics have subsequently led to the identification of
many key genes involved in developmental processes and cellular function. It is here that
the similarity between cellular and molecular processes in C. elegans and other animals is of
immense importance. Such similarities include metabolism, organelle structure, gene regulation and protein biology, to name but a few. At least 38% of protein-encoding genes in C.
elegans have orthologous genes in the human genome [133], between 60 and 80% of human
genes have an orthologue in the C. elegans genome [134] and 40% of genes associated with
human disease have been found to have orthologues in the C. elegans genome [135]. Discoveries made in C. elegans are therefore of immense importance to the study of human health
and disease.
3.2 Germ Cell Apoptosis. Programmed cell death is a ubiquitous process in metazoan development. C. elegans has been instrumental in elucidating the regulation that underlies this
process and several genes important for apoptosis in higher organisms were initially identified in worms [136,137,138,139]. Generally, two types of germ cell apoptosis mechanisms
can be distinguished: DNA-damage induced apoptosis and physiological germ cell apoptosis.
DNA-damage induced apoptosis serves as a way of ensuring correct maintenance and duplication of the genetic material, compensating genotoxic stresses, such as DNA replication errors, nucleotide misincorporation, oxidative/chemical stress or irradiation [140]. Physiological germ cell apoptosis, on the other hand is not triggered by stress, but occurs under normal conditions in the C. elegans gonad. This type of apoptosis occurs only during oocyte production, and is therefore only observed in hermaphrodite animals. Germ cells naturally migrate along the gonad of adult hermaphrodites, in a temporally ordered manner. Once the
germ cells exit the pachytene stage of meiotic prophase I, they either enter diakinesis and
differentiate into oocytes, or undergo apoptosis. Physiological germ cell apoptosis, like DNAdamage induced apoptosis, is initiated by the proteins CED-3 and CED-4 [141] and inhibited
by the protein CED-9 [142]. It is however CEP-1-independent.
The most attractive model explaining the occurrence and frequency of physiological apoptosis is the “nurse cell” model [142]. According to this model, an excess of germ cells is produced so as to supply cytoplasmic components to the surviving cells, facilitating growth and
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development. Germ cells are selected stochastically, or through as yet unknown factors, to
either survive and develop, or undergo apoptosis. Importantly cells eventually acquiring the
apoptotic cell fate only appear abnormal during apoptosis. The “nurse cell” model is supported by a number of observations. First apoptosis occurs at the gonad’s turn, where oocytes begin to enlarge, maximizing the amount of cytoplasmic components made available
to the surviving cells [81]. Furthermore, the progeny in mutant strains without apoptosis
(e.g. ced-3 or ced-4 mutants) appears normal, meaning physiological apoptosis does not
eliminate damaged or defective cells [142]. Observation of cytoplasmic flows within the rachis has further shown that these flows lead to the growing oocytes, possibly providing a
steady supply of cytoplasmic material [81].
How the apoptotic cell fate decision is made, is yet to be discovered. Nevertheless, a number of genes affecting the frequency of germ cell apoptosis have been identified. Ras/Mitogen-activated protein kinase (MAPK) signaling appears to be a key regulatory factor
[142,143], with higher MAPK signaling leading to a higher apoptotic rate and vice versa. It is
however unclear whether MAPK signaling directly triggers apoptosis or increases cell sensitivity to other factors initiating germ cell apoptosis [142]. Furthermore, the proteins PAX2 and EGL-38 have been found to reduce the apoptotic rate by upregulating CED-9 expression [142]. Conversely, LIN-35 increases apoptosis by reducing CED-9 expression [144]. In
addition, DPL-1 and EFL-1/-2 appear to promote apoptosis by increasing the expression of
CED-3 and CED-4 [139].
The small total number of genes preventing excessive germ cell apoptosis discovered to
date [141,145,146], suggests that physiological germ cell apoptosis is not a general response
to cell defects, with null or loss of function mutants mostly remaining fertile and producing
normal offspring [141]. Many of the genes discovered so far encode RNA-binding proteins
or proteins otherwise involved in mRNA metabolism [146,147]. These regulatory factors
potentially affect the expression of apoptosis control points or influence checkpoints monitoring cytoplasm supply to the growing oocytes. A third theory suggests that enclosure of
oocytes and apoptotic cells by the plasma membrane determines the apoptotic rate, with
cells undergoing apoptosis if they are not fully isolated from their neighbors [148].
Much of the C. elegans physiological apoptosis program may be conserved among higher
organisms, including humans [149,150,151]. As in C. elegans, germ cell apoptosis in mammals occurs at the exit of the pachytene region and oocytes are initially connected to one
another and exchange cytoplasmic components. Likewise apoptosis is thought to be associated with a loss of connection between the oocytes following cellularization, with dying oocytes acting as nurse cells [139].
While much progress has been made in understanding the regulation of germ cell apoptosis in C. elegans, several questions, such as the identity of dying cells, as well as the factors
triggering apoptosis, remain unanswered. Many of these questions may be answered by
simply following germ cells during their migration along the gonad arms and analyzing factors that may lead to the apoptotic cell fate. However, while simple in theory, the long time
periods over which germ cell migration occurs and the shortcomings of existing immobilization techniques, resulting in the arrest of the sensitive germline processes within 20-30
minutes [81], have severely impeded our understanding of germ cell apoptosis dynamics. It
is here, that our immobilization device shows its full potential, not only immobilizing adult
worms under physiological conditions for extended periods of time, but allowing intimate
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tracking of all germ cells migrating along the gonad. This allows, for the first time, the study
of the yet not understood mechanism of germ cell apoptosis directly in vivo.
3.2.1 Apoptotic Rate Determination. The most common method for the detection of apoptotic cells is the direct observation of the distinct morphology associated with cell corpses
during engulfment, using DIC microscopy [142]. Conventionally, worms are immobilized by
padding on glass slides, and the occurrence and number of cell corpses at any given time
determined. Knowing the number of cell corpses and the fact that cell corpses usually do not
remain in the gonad for extended periods of time, allows rough estimates of the rate at which
apoptosis occurs. Alternatively apoptotic rates can be inferred by measuring egg laying rates
and mitotic rates, determined by staining the mitotic spindle in fixed animals. It is generally
estimated that between 50% and 80% of germ cells die upon exit from the pachytene
[142,152,153]. These conventional approaches however only give semi-quantitative information on the occurrence of apoptosis, and no additional information can be obtained (such
as the time leading up to the cell fate decision and involved factors). Such information can
only be gained by tracking germ cell migration in vivo. It is important to note that extrapolating mitotic rates from fixed animals can result in large errors; likewise, the extrapolation
from cell corpses to apoptotic rates is highly error prone [142,152,153]
After confirming that our microfluidic device delivers optimal immobilization and longterm viability, we used it to dynamically record and study germ cell migration and apoptosis
in vivo for the first time. Specifically, we visualized the germ cells in the itIs37[pie1p::mCherry::H2B]; xnIs87[syn-4p::GFP] [154] strain, that expresses fluorescently labeled
histone and t-SNARE transgenes to identify the germ cell nuclei and cell membranes respectively. For all following studies worms were imaged at intervals of 7.5 minutes for a total of
12 hours. Images were acquired using an epi-fluorescence microscope equipped with a 60X
1.4NA oil immersion objective. At each time point a Z-stack with 0.5 µm spacing was acquired. Two fluorescent markers or alternatively DIC and fluorescence were imaged simultaneously using an image splitter, thus ensuring optimal correlation between images. Imaging parameters were optimized such that optimal quality images could be acquired without
any observable phototoxicity or photobleaching. Adult hermaphrodites were harvested approximately 72 hours after synchronization.
Apoptosis is indicated by both the observation of engulfment and the associated disappearance of the cell membrane marker, accompanied by a sharp increase in nuclear fluorescence intensity (Fig.2-10). This increase in fluorescence intensity stems from the degeneration of the nucleus during apoptosis and correlates well with the occurrence of cell corpses
observed in DIC. Using our platform, we were able to intimately track individual germ cells
over extended periods of time and quantify the rate at which apoptotic cell fates occur directly in vivo. We tracked cells in three worms (n1 = 100 cells, n2 and n3 = 20 cells) which
were continuously imaged for a period of 12 hours. We found apoptotic rates of 60% in the
first two animals and of 85% in the third, with an average cell migration rate in the first
worm of 3.11 µm/h (Fig.3-1).
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Figure 3-1 | Manual Germ cell tracking. (a) Cell tracks obtained for cells eventually undergoing apoptosis.
The majority of apoptotic events occurs at the exit of pachytene, right before the turn of the gonad. (b)
Cell tracks obtained for cells eventually entering diakinesis and developing into oocytes. Scale bars 25µm

3.2.2 Germ Cell Fate Distribution. In addition to determining apoptotic rates directly in vivo,
we were able to analyze how germ cells migrate along this part of the gonad. For this, we
divided acquired images into small rectangular cuboids and scored the frequency at which
cells are present in each cuboid, accumulated over time (Fig.3-2 A-D). These data were then
used to generate transverse plots by summing up values left to right (Fig.3-2 A,B) and proximo-distal (Fig.3-2 C,D) directions, resulting in a representation of the distribution of cell
fates and cell migration patterns along the gonad. From these plots, it appears that germ cells
are not uniformly distributed throughout the gonad, but are most frequently found passing
through small sections on the dorsal and ventral side of the gonad, as well as to a lesser
extent on the left lateral side of the gonad. Apoptotic fates appear more frequent on the ventral side (Fig.3-2 A,C), while non-apoptotic fates are more commonly found on the dorsal
side (Fig.3-2 B,D). In the plots generated in the left-right direction, these sections can be seen
immediately before the gonad’s turn. Plots for apoptotic fates alone (Fig.3-2 A) show a discontinuity at the entrance of the turn, while non-apoptotic fates (Fig.3-2 C) appear to be
continuously distributed along the length of the gonad.
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Figure 3-2 | Germ Cell Fate Distribution. (a-d) Gonad divided into small rectangular cuboids, color coded
the accumulated number of cells passing through the cuboids during the experimental timeframe (12 h).
(a, c) apoptotic and (b, d) non-apoptotic fates. Cell migration, for 100 cells in one worm, is visualized in
transverse plots, where numbers are accumulated in the left-right (Z) direction (a-b) and the proximodistal (X) direction (c-d). Insets (red boxes) show results for two additional worms (20 cells per worm)
in the proximo-distal accumulated representation. Germ cells most frequently appear in two small sections on the dorsal and ventral side of the gonad and, to a lesser extent, on the left side of the gonad. (e)
Representation of the cell migration positions in cross sections (YZ) at specific positions along the proximo-distal axis (X) for 100 cells. Apoptotic (yellow) and non-apoptotic (blue) fates are evenly distributed
in the distal region, whereas in the region near the turn apoptosing cells drift towards the ventral-left
sides and non-apoptosing cells towards the dorsal-left sides. This indicates that the position of origin of
the cells does not determine their fate, but that the positon close to the turn may have a significant influence on the cell fate decision. Scale bar 25 μm (a-b), 5 μm (c-d).

Given the non-uniform distributions of apoptotic cells and non-apoptotic cell fates, a correlation between the initial position within a distal cross section and the final cell fates
seemed likely. When examining the distribution of germ cells along the proximo-distal axis
more closely (Fig.3-2 E) though, this appears not to be the case, with both eventual cell fates
being evenly distributed along the circumference of the gonad at the distal side. Only very
close to the turn is the distribution becomes biased to the ventral side for apoptosing cells
(yellow) and to the dorsal side for non-apoptosing cells (blue). Evidently, close to the turn
the gonad undergoes significant geometrical rearrangement, turning from its original tubelike structure into a denser one, with a constriction allowing cell passage into the turn only
close to the right side (Fig.3-2 A,B). This structural rearrangement implies that cells originally migrating on the ventral side cannot directly enter the turn of the gonad, unless they
first migrate towards the dorsal side. Cell fate thus appears to be determined close to the
gonad’s turn, with considerable migration between the dorsal and ventral side of the gonad.
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3.2.3 Germ Cell Tracking. As our device allows for long term immobilization, tracking of individual germ cells during their migration along the gonad becomes feasible, shedding new
light on factors leading up to the germ cell fate decision. Initially germ cells were tracked
manually using the MTrackJ plugin for ImageJ [155]. Individual cells were identified within
the acquired Z-stack and tracked forward in time, starting from the entrance to the turn of
the gonad. Apoptotic cells were identified based on morphology, the fluorescence intensity
of the mCherry::H2B marker and the disappearance of the cell membrane (at which point
the “time of death” was scored). After tracking, all data points were referenced to a fixed
point at the turn of the gonad, further reducing motion within the dataset. All remaining motion stems from the intrinsic flexibility of the nematode’s gonad.

Figure 3-3 | Germ Cell Tracking MorphographX. Z-stacks are initially projected and segmented, generating
a “2.5D” for each time point. Cells at 0 minutes are labeled with different colors. The projection at 7.5
minutes is aligned to the first projection and cell identities confirmed manually, with new cells added
accordingly. This process is repeated for all following time points resulting in the tracking and analysis of
all germ cells migrating through the gonad. Scale bar 25 µm.

In all later experiments germ cell analysis and tracking was done using MorphoGraphX
[156]. MorphoGraphX is an application originally developed for the visualization and analysis of 4D data sets acquired when studying plant development, and specifically root growth.
It is thus well-suited for the analysis of curved surfaces, such as the C. elegans gonad. Acquired image stacks were first de-convolved, significantly reducing the background intensity
commonly observed in epi-fluorescence images. Stacks were then transformed into projections (Fig.3-3), such that all germ cells of interest can be visualized simultaneously. This was
followed by watershed segmentation. Germ cells were then tracked by overlaying projections obtained for sequential time points, identifying cells manually. This allowed the generation of cell size curves, for large numbers of cells migrating along the gonad, as well as obtaining information about the cell neighborhood and other factors potentially contributing
to the germ cell fate decision.
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Figure 3-4 | Germ Cell Size Distribution. (a) Wild-type cell size distribution in three regions along the gonad
(>140 µm, 140-70 µm and <70 µm from the turn). Cells are observed to grow, resulting in a broadened
cell size distribution. Importantly, close to the turn a small population of very small cells can be observed.
(b) Distribution of ced-3 cell size in the same regions. The small cells observed in WT do not appear close
to the turn. (c) Average size in the three assessed regions. Close to the turn ced-3 mutants have on average
smaller germ cells with a narrower standard deviation.

3.2.4 Germ Cell Size Distribution. Following these first studies of in vivo germ cell migra-tion
and apoptotic rates in wild type C. elegans, we assessed additional factors involved in the
germ cell fate decision. Specifically assessing germ cell size as a determining factor in the
germ cell fate decision. Cell size appears a logical factor for the cell fate decision, considering
the assumptions made in the “nurse cell” model, where dying cells serve as a supply of cytoplasmic components to the developing oocytes.
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Figure 3-5 | In vivo Germ Cell Tracking and Size Distribution. (a-b) Represented is the change in cell size
over the experimental region of interest until the cell fate is acquired. Individual cells are tracked over
their migration. (a) Wild type worm. Cells grow towards the end of pachytene with the majority entering
diakinesis (blue), a few cells however rapidly shrink and undergo apoptosis (red). Importantly not all
shrinking cells undergo apoptosis, several cells recover and grow after an initial shrinking period, indicating a size threshold triggering apoptosis. (b) ced-3 mutant. Cell size appears more narrowly distributed, with no cells appearing drastically smaller as observed in wild type. (c) Relative cell size of eventually apoptotic and non-apoptotic cells. Apoptotic germ cells significantly decrease in size prior to entering
apoptosis
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As expected, initial observations made in static samples (worms mounted on agar plates
with only one Z-stack acquired per worm) show a Gaussian distribution of cell sizes. However in wild type worms a second population of smaller cells is observed (Fig.3-4 A). This
second population is absent in ced-3 loss of function mutants (Fig.3-4 B), in which apoptosis
does not occur, suggesting that these smaller cells are the ones undergoing apoptosis. This
assumption was confirmed when tracking germ cell migration using images acquired in our
microfluidic immobilization device. During tracking it is apparent that apoptotic cells shrink
well below the size typically observed for non-apoptotic cells, eventually completely disappearing (Fig.3-5A). It should be noted that not all shrinking cells necessarily undergo apoptosis. We could observe a number of cells shrinking below the size typically observed for
germ cells entering diakinesis, followed by growth and normal development (Fig.3-5A). This
indicates that shrinking below a critical size is required for apoptosis to occur. Again in ced3 loss of function mutants no shrinking cells are observed, strongly suggesting a link between cell shrinkage and apoptosis (Fig.3-5B). This assumption is further confirmed by RNAi
experiments (carried out by Alex Hajnal and Kirsti Arumaee). Silencing of the actomyosin
complex in the germline, and thus loss of mechanical tension results in worms where no
apoptosis is observed. This strongly suggests a connection between shrinkage and apoptosis.
3.2.5 Germ Cell Apoptosis Conclusion. Our microfluidic immobilization device allowed
measurement of germ cell migration and apoptosis directly in vivo, by tracking individual
cells over time; a feat not achieved to date. The fertilization rate and apoptotic rate observed
are in good agreement with the experimentally found egg laying rate of 1 egg every 15
minutes and the apoptotic rates previously estimated by Gumienny et al. [142], Fox et al.
[152] and Jaramillo-Lambert et al. [153]. We further show that these rates can be highly variable even for worms maintained at identical conditions, highlighting the need to analyze
such dynamic events in vivo, rather than through extrapolation from single time points.
Additionally we could show that both apoptotic and non-apoptotic cell fates are homogeneously distributed throughout the gonad far from the turn (Fig.3-2). However close to the
turn, this distribution is significantly biased, with apoptotic cells mostly appearing on the
ventral side and non-apoptotic cells mostly on the dorsal side (Fig.3-2). Cells on the ventral
side are geometrically hindered from directly entering the gonad’s turn, with geometrical
constraints possibly contributing to the positional bias of apoptotic and non-apoptotic cells.
Further analysis revealed a connection between cell size and the germ cell fate decision.
Apoptotic cells were found to shrink, with shrinkage below a certain size inevitably resulting
in cell apoptosis. This link is supported by the absence of small cells in worm strains in which
physiological germ cell apoptosis does not occur. Likewise the absence of apoptotic events
in worms were shrinking is limited by removing mechanical tension through RNA interference on the actomyosin complex, strongly suggests a link between cell shrinkage and apoptosis.
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Figure 3-6 | Germ Cell Apoptosis Marker. (a) SYTO12 stained C. elegans gonad, the nucleic acid stain highlights apoptotic cells, with the stain remaining sufficiently stable over several hours. Note the apoptotic
cell appearing and disappearing within approximately 30 minutes. (b) CED-1::GFP fusion protein highlighting the sheath cells clustering around the apoptotic cells. Apoptotic cells are indicated by the triangular label. Scale bars 25 µm

To establish whether cell shrinking triggers apoptosis or apoptosis causes shrinking the
exact timing of the apoptotic events must be established. In DIC images, most commonly
used for identifying germ cell apoptosis, we noticed cells frequently decreasing in size prior
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to the appearance of a DIC-visible corpse. However, cells often disappeared completely without any visible corpse, thus we concluded that DIC alone is not a sufficient indicator of germ
cell apoptosis, and timing cannot be established reliably. We therefore assessed the suitability of a SYTO 12 stain [142,157] and genetically expressed CED-1::GFP fusion protein [158]
as cell apoptosis markers. SYTO 12 is a green fluorescent, cell-permeant, nucleic acid stain,
which in healthy germ cells is constantly removed from the cell body, thus only staining
apoptotic cells. Initial tests, suggest that SYTO 12 is well suited for long-term apoptosis studies, since staining is maintained over several hours (Fig.3-6 A). The CED-1::GFP fusion protein, highlights the somatic sheath cell that clusters around an apoptotic cell during engulfment (Fig.3-6 B). Both SYTO 12 and CED-1::GFP are generally known to detect more apoptotic cells than visible in DIC, and thus represent better detection systems. Using such markers will hopefully allow establishment of the correct temporal order of events in the germ
cell fate decision, determining whether a change in cell size acts as a trigger or is a phenotypic symptom of cell apoptosis.
Following these studies we will investigate the role of known regulatory pathways. Specifically analyzing whether MAPK activity is different in apoptotic cells and if so at what point
differences occur, or if MAPK activity is generally different in strains that have apoptosis or
not. With other factors acting as trigger.
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This chapter a presents a discussion of the results described in this thesis as well as an account of other projects that are now utilizing the developed microfluidic technologies. Since
its invention, the microfluidic immobilization device has been adopted by a number of research groups around the globe, for the study of a variety of developmental processes. A brief
introduction to these collaborations is provided, highlighting the advantages of our microfluidic device over conventional immobilization methodologies. Finally, two projects, which
will be pursued during post-doctoral work will also be presented. These projects relate to
high-throughput screening in larval C. elegans and the adaptation of light-sheet microscopy
for the study of developmental processes on-chip.
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4.1 Conclusion. As part of the PhD work presented, a novel microfluidic platform combining
both excellent immobilization performance and long-term worm viability was developed.
Optimal immobilization was achieved by carefully tailoring the geometry of a PDMS microfluidic device to the size and shape of the worms under study, allowing unhindered egg laying and providing a constant supply of bacteria to ensure adequate nourishment. Crucially,
this novel approach minimizes stress, allowing all physiological processes to occur in a normal fashion, whilst providing immobilization performance comparable to conventionally
used agar pads, without any of their shortcomings. Similarly, the platform does not pose any
limitations on the imaging modalities used, offering excellent compatibility with a wide variety of optical techniques. Data quality and resolution are solely limited by the microscope
available.
The platform’s capabilities were extensively assessed, yielding a 10 to 20-fold increase in
long-term viability compared to other microfluidic and non-microfluidic methods [81]. For
validation, a number of biological processes were studied, including egg laying and feeding,
Q-cell differentiation, DTC migration and AC invasion. All processes were found to occur reliably on-chip, and at significantly higher rates than observed using conventional agar pad
immobilization. Three processes were studied in depth, namely physiological germ cell
apoptosis and its underlying regulatory system, germ cell meiosis and associated chromosome rearrangements, as well as the stochastic heat-shock variability and its effect on longevity. These studies yielded new insights into the processes under investigation and answered a number of longstanding questions.
We envision that our platform will allow the investigation of many developmental processes in C. elegans larvae and adults that have to date been impossible to probe in real time.
For example, in the field of germ cell development, the study of mitosis, meiosis and apoptosis will help answer many unanswered questions. Similarly, our device could be used to
study different aspects of development, such as nerve cord development, axon/dendrite outgrowth and Y cell transdifferentiation. Furthermore, using the capabilities innate to the microfluidic system, the effects of chemical components, RNAi or dietary restriction on worm
development and behavior could also be probed at optimal resolution.
4.2 Microfluidic Immobilization – Future Work. In addition to the many processes alrea-dy
studied, we have established collaborations with several C. elegans research labs interested
in a diverse number of processes:
Dynamic Nature of Meioitic Crossover Events. Sexually reproducing organisms halve their
chromosome complement during gametogenesis (e.g. from diploid to haploid) to ensure
that, upon fusion of male and female gametes, the full complement is restored in the zygote.
This critical effect is achieved by the specialized cellular program of meiosis [159].
All germ cells in the C. elegans gonad originate from a somatic gonadal “niche”. Once cells
leave this “niche” they enter meiosis [160,161,162]. Meiosis in C. elegans is characterized by
a specific sequence of chromosome rearrangements, followed by the separation of homologous chromosomes and formation of a haploid zygote. DNA replication occurs at the onset
of meiosis [153]. During the transition zone, in the early prophase, chromosome pairing occurs [163]. Here the chromosomes locate and pair with their respective homolog partners.
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Pairing is driven by motor proteins formed across the nuclear envelope, onto which the chromosome ends attach [164,165]. Coinciding with chromosome pairing, the chromatin adopts
a special, half-moon shaped, configuration with all of the chromatin located on one side of
the nucleus, opposite to the nucleolus [166,167]. By early pachytene, a specialized protein
complex, the synaptonemal complex (SC), has formed holding the paired chromosomes together [167,168,169]. At this point multiple double strand breaks (DSB) are induced by
SPO11 [170], in the paired homologs, of which one will lead to the formation of an interhomolog crossover (CO) event [166]. CO events serve two purposes, inducing genetic diversity by exchanging genetic material between two homologs containing DNA sequence variants, and as a connection point of the homolog chromosome pairs and are essential for
proper chromosome alignment and homolog separation during the first meiotic division
[159,166]. These connection points are known as chiasmata [REF Tease]. Meiotic nuclei use
chiasmata to ‘sense’ that homologs are connected, and use this information to segregate
homologs into daughter nuclei. As such, COs are also required for accurate segregation of
homologs. Inefficient CO formation is one reason for the high frequency of aneuploid (i.e.
wrong number of chromosomes) eggs formed in human females [171]. By the end of the
pachytene, at least one CO event has been formed per chromosome [172,173]. Once CO
events have been formed, the SC is partially removed, and homolog chromosomes remain
linked through the chiasmata as well as sister chromatid cohesion [174,175]. Additionally,
by the end of pachytene chromosome size is significantly reduced through condensation,
forming a distinct bivalent structure [176,177]. In the first meiotic division, parental homologs are disjoined, resulting in a reduction in ploidy, and in the second division sister chromatids are disjoined [176,177]. Importantly during each meiotic division one of the two endproducts is extruded as a polar body, such that one germ cell forms one haploid gamete.
Two key observations indicate that the decision as to which DSBs will form COs and which
will form non-COs is not random. The first such observation is that when the same chromosome is analyzed in a population of nuclei, the distribution of CO counts for that chromosome
is not well modeled by a Poisson distribution since there is a strong tendency for each pair
of homologs to develop at least one CO (the so called obligate CO). This makes sense from a
biological point of view, as a CO is required for homolog segregation. The second observation
is that, although for any given chromosome, the position of its CO(s) varies from nucleus to
nucleus, within a nucleus there is a strong tendency for COs to be evenly spaced along paired
homologs. This one-dimensional patterning of meiotic COs along paired homologs is due to
a yet unknown signal known as interference, which propagates out from CO designated sites
and reduces the probability that neighboring DSBs will also become designated to mature
into a CO product. Both these factors (obligate CO formation and CO interference) are well
modeled by a mechanical stress and stress relief model, known as the Beam-Film model,
were CO designation is both promoted by and results in the relief of mechanical stress. In
this model, CO interference is caused by redistribution of mechanical stress along the paired
chromosomes [178,179,180,181]. At the molecular level, little is known about the processes
underlying CO patterning. Recent work in budding yeast (S. cerevisiae) has implicated a
component of the chromosome axis, Topoisomerase II [181]. We therefore hypothesize that
further insights can be made if we develop an assay for visualizing the patterning process as
it proceeds in a manner that is compatible with real-time perturbation and response measurements.
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A number of features make C. elegans an ideal model organism for such an assay. The
adult hermaphrodite is genetically tractable, optically transparent and is packed full of wellorganized nuclei undergoing meiosis, within two easily identifiable large gonads located on
both the dorsal and ventral side. Each of these nuclei contains only 6 pairs of relatively large
chromosomes which in wild-type worms develop only a single CO from an estimated 5 – 10
DSB [182]. This is because in C. elegans, CO interference operates over a distance larger than
the length of wild-type chromosomes. Although this large distance should aid detection and
manipulation, the presence of multiple COs per chromosome is necessary to investigate the
limits of interference. To do this, we will utilize worms harboring a fusion between chromosomes X and IV (mnT12 mutation) that have an approximately equal probability of receiving
one or two COs [183]. The chromosome axis will be visualized, by fluorescently labeling the
meiotic axis protein HTP-3 using GFP [184]. CO precursors will be visualized by labeling a
variant of the protein RMH-1, which is involved with the homologous recombination reaction, with the red fluorescent protein variant mCherry. Foci of the RMH-1::mCherry marker,
localize to the positions of CO precursors early in meiosis, and sites of CO designation are
determined as those that retain RMH-1::mCherry at later stages in meiosis [183]. The locations of these proteins will be detected using epi-fluorescence microscopy. Molecular perturbations will be made by taking advantage of a targeted-inducible protein degradation system (auxin inducible degron) [185] that will be aimed at various chromosome axis components.
Pulse-chase experiments indicate that it takes approximately 30 h from initiation of meiosis until nuclei get to a stage of oogenesis where CO designated sites can be readily distinguished [153,186]. In order to carry out this experiment, not only will the worms have to be
kept still and alive for those 30 h, but it will have to be done in a manner that will allow the
addition of a drug (auxin) to the food supply in order to induce the intended protein depletion. Both long-term immobilization and imaging as well as the addition of drugs will be enabled by the developed microfluidic platform. An improved understanding of the meiotic
program has far reaching consequences for human health (e.g. fertility and genetic disorders
such as Down syndrome), food security (e.g. crop yields and breeding programs), and evolution to name but a few.
Centriole Elimination. Centrioles are essential for the formation of flagella and cilia as well
as for the nucleation of microtubules, and thus central to the execution of essential cellular
programs such as mitosis and meiosis. Centriole number is carefully regulated to ensure the
proper execution of these cellular processes. Most proliferating cells have two centrioles
early in the cell cycle. At the onset of S-phase, an additional centriole begins to assemble
alongside the existing centrioles, such that two pairs of centrioles are present during the
remainder of the cell cycle. During mitosis, each spindle pole harbors one such pair, thus two
centrioles are inherited by each daughter cell [187].
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Figure 4-1 | Centriole Elimination. (a) Maximum intensity projection indicating the position of all germline
nuclei labeled with mCherry. (b) GFP labeled SAS-7 indicating the position of the centrioles within the
germ cells. Centrioles disappear in the maturing oocytes through centriole elimination. Scale bars 25 µm.

Fertilization poses a special challenge to this general behavior. In the same way that fusion
of two diploid gametes would result in the generation of tetraploid embryos, the newly fertilized zygote would possess four centrioles if both gametes contributed two each. This
would pose a threat to faithful chromosome segregation. In most metazoan species, including C. elegans and Homo sapiens, this is solved by the elimination of centrioles during oogenesis [187,188,189,190]. As with other germline related processes centriole elimination
cannot (to date) be studied in an interference-free manner in vivo. Accordingly, the study of
its underlying mechanisms has remained limited. Adoption of our developed microfluidic
device will allow direct study of the process kinetics under a variety of conditions (Fig. 4-1).
Cell Polarity. The most abundant polarized cell type of the animal body is the epithelial cell.
Polarization of epithelial cells into apical and basolateral domains is essential for epithelia
to be able to function as selectively permeable barriers. A loss of epithelial polarity contributes to epithelial diseases, such as polycystic kidney disease and retinal dystrophies
[191,192]. Moreover, epithelial cancers are characterized by loss of cell polarity and epithelial integrity, with many polarity regulators being mutated or deregulated in cancer [193].
The main goal of this project will be the characterization of the time when the basolateral
and junctional polarity proteins (e.g. Scribble and DLG-1) diverge their expression in different epithelial tissues (Fig.4-2). In addition to natural divergence in protein expression, protein degradation using the auxin inducible degron system will be assessed, harnessing the
intimate control over fluid flows offered by microfluidic systems.
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Figure 4-2 | Protein Localization in Developing Larvae. DLG-1 localization the epithel surrounding the dividing seam cells is represented in the L3 (a) and L4 stage (b), as well as the toroid epithel in the developing vulva during L4 stage (c). Images are acquired at 20 minute intervals. Scale bars 25 µm.

Cell Cycle Decision. Although most animal species are diploid, many tissues and cell types
within animals are polyploid, i.e. they contain more than two copies of their DNA. Polyploidy
can arise through a number of processes such as cell fusion, or alternatively by endoreplication or endomitosis [194,195,196], leading to the replication of DNA without cell division. It
is currently unclear how cells initiate such alternative cell cycles, and what role they play in
tissue homeostasis. Moreover, polyploidization is often observed under pathological conditions, as it can arise as a response to stress or cell division failures [197].
A primary focus will be on analysis of the occurrence of polyploid cells in the intestine of
late L1 larvae. Endomitosis, in contrast to endoreplication, has remained largely unstudied,
and research will focus on understanding how this cell cycle works and what its regulators
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are. Preliminary work suggests that during endomitosis cells are able to uncouple cytokinesis from mitosis by transcriptional repression of a group of cytokinesis regulators. Disruption of this repression leads to normal cell division rather than endomitosis. Using the developed immobilization device, this process will be studied dynamically in vivo, hopefully
leading to new insights in cell cycle decision making and its mechanism.
Primordial Germ Cell Differentiation. Communication in the adult germline syncytium is mediated through actomyosin rings, which are very similar in composition to cytokinetic rings.
Cytokinetic rings however ingress, while actomyosin rings remain stable. The aim of this
project is to understand how these syncytial rings are regulated to remain stable throughout
cell divisions that require the cytokinetic rings to ingress [198]. The two primordial germ
cells in L1 larvae represent the starting point from which the syncytium originates, and
therefore represent an ideal system to understand regulatory mechanisms determining stability of the syncytial rings. As part of this project the regulatory system will be investigated
through both genetic modifications and FRAP experiments, greatly profiting from our devices’ capability to immobilize worms without affecting developmental processes. L1 larvae
in particular are sensitive to immobilization, with conventional immobilization schemes not
only affecting developmental processes, but generally failing to yield good immobilization.
Remodeling of GABAergic Synapses. The brain contains billions of neurons communicating
with one another through connections called synapses. Synapses are extensively reorganized through both developmental signals and experience [199]. This represents an essential step in the development of a mature nervous system, with incorrect remodeling, resulting in neurological disorders. Understanding the remodeling process and involved biological pathways is therefore essential for the treatment of a variety of human brain disease
[199].
C. elegans with its simple nervous system represents an ideal model system for neuronal
development and the associated control mechanisms [199,200]. Importantly during early
larval development a simple, well defined GABAergic neuron circuit is remodeled, with the
process accelerated through neural activity. During this remodeling process, synapses
formed by the dorsal D (DD) motor neurons as connection to the ventral muscles are removed and relocated to the dorsal muscles [199,200]. Ventral D (VD) motor neurons also
form synapses connecting to the ventral muscles; these are however not removed and relocated [199,200]. Data gathered so far indicate that synapse remodeling in this circuit is regulated by the transcriptional repressor UNC-55 [201,202]. Genetic screens have revealed a
number of genes downstream of UNC-55, involved in the remodeling process, including a
number of ion channels [199,200,201,202]. The aim of this project is the visualization of the
dynamic remodeling process in vivo at high resolution, a feat to date not achieved, due to
limitations imposed by conventional immobilization strategies.
4.2 High-throughput Screening – Future Work. As a minor part of the PhD work presented,
we developed a simple reliable high-throughput screening platform, akin to the work presented by Chung et al. [44]. The platform allowed automated loading and imaging of L3 larvae at a throughput of 400 worms/hr. However, whilst our approach resulted in a significant
simplification over similar screening methodologies and allows screening of the significantly
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smaller L3 larvae, operation of the device remained too complex for easy adaptation by nonspecialized laboratories.
We therefore propose a parallel screening device, akin to the ones presented by Lee et al.
[54] and Mondal et al. [53], where worms are immobilized in parallel on-chip and subsequently imaged in an automated manner. Three main challenges will be tackled during device development: device optimization for larval C. elegans, high-resolution imaging and reliable fabrication of large numbers of devices.

Figure 4-3 | Schematic Representation of the Screening Methodology. (a) Worms are grown in 96 wellplates are exposed to a variety of small drugs or RNAi producing bacteria. Once the desired developmental
stage is reached, worms are washed and transferred into the wells of a screening device. Worms are
loaded by simultaneously applying pressure to all wells, gently and efficiently maneuvering all worms
into immobilization channels. (b) Device schematic. Each device will hold several repeat units (8-16),
each repeat unit has 40 parallel immobilization channels, connected to one inlet (A) and outlet (B). Immobilization channels are shaped such that worms are efficiently loaded and immobilized. All worms are
pushed into the channel up to a narrowing. (d) Once immobilized worms are immobilized in an automated
manner, first orienting the microscope relative to the known position of each repeat unit, followed by
autofocus, centering on the current region of interest, Z-stack acquisition and moving to the next ROI/repeat unit/device. (e) Expected fluorescence signals. Left: no invasion occurs, the AC remains on top of the
BM, with the BM intact. Right: Successful invasion, the AC breached through the BM making contact with
the vulval cells. A clear opening in the BM is visible as well as the formation of a lumen underneath. Schematic indicating the key regulatory factors involved in AC invasion. Scale bars 5000 µm (b left), 1000 µm
(b middle), 100 µm (b right, c-d), 25 µm (d bottom).

Initial trials with a device adapted for L3 larvae show that the proposed approach works
equally well for significantly smaller worms. We found that a single height PDMS device is
sufficient for efficient loading and orientation of these worms, significantly simplifying device fabrication. Channel sizes were chosen based on our work on C. elegans immobilization,
resulting in both reliable immobilization and worms oriented, with an efficiency of approximately 100% (n = 500) (Fig. 4-3 B-C). Correct worm orientation is crucial, when using high
numerical aperture optics, as features of interest become easily obscured by the highly scattering intestine or optical aberrations faced when imaging far from the cover glass. As the
device is mounted directly on 0.17 mm thick cover glass it is inherently compatible with high
magnification, high NA optics (e.g. 60X/100X oil immersion lenses) (Fig. 4-3 C-D), such that
resolution becomes solely limited by the imaging method chosen. In its current embodiment,
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8 immobilization devices are located on a single coverslip and imaged sequentially once
worms are loaded and immobilized (Fig. 4-3 D). Further parallelization using several immobilization devices, will allow the screening of an arbitrarily large number of worms, using a
fully automated fluorescence microscope.
As a proof-of-principle study, we propose a screen targeting anchor cell invasion in L3
larvae. Anchor cell invasion represents an ideal model system for cell invasion processes in
higher organisms, owing to C. elegans' transparency and availability of fluorescence markers
for visualization (Fig. 4-3 E). Studies so far have revealed a number of mechanisms playing
a crucial role in AC invasion. Most importantly, ventral AC guidance and basement membrane (BM) breaching. AC guidance is achieved through the expression of UNC-6/Netrin and
subsequent localization of actin regulators at the BM, resulting in polarization of the AC. Another, to date unknown guidance signal secreted by the 1°-vulval cell is however required,
the existence of which is indicated by the absence of cell invasion if the 1°-cell is removed.
BM breaching, on the other hand, is often associated with an epithelial-to-mesenchymal
transition through which cell-cell adhesion is lost, resulting in cells with mesenchymal-like
motility. A number of transcription factors involved in BM breaching have already been
found, most importantly FOS-1A absence of which results in cells incapable of breaching the
BM, as well as EGL43-L and a number of other transcription factors. A better understanding
of the genetic machinery regulating AC invasion is crucial, as cell invasion represents a central part of a number of developmental processes and normal immune system function, e.g.
angiogenesis, organogenesis and blastocyst implantation. Furthermore, uncontrolled cell invasion is often associated with tumor metastasis. Accordingly, a better understanding of cell
invasion is thus crucial for the development of efficient cancer therapies. To uncover all factors involved in C. elegans AC invasion, we will initially perform a medium sized small drug
screen, identifying all gene categories involved in the process. Following this initial screen
we will perform an in-depth screen of all identified categories as part of an RNAi screen. All
worms will be grown in liquid culture exposed to the different drug compounds or RNAi
producing bacteria strains.
4.3 Light-sheet Microscopy – Future Work. In conventional fluorescence microscopy, the
sample is illuminated in an episcopic manner, meaning both fluorescence excitation and detection are performed using the same light path and therefore the same objective. This geometry is simple and allows easy sample mounting. However, during imaging the entire field
of view is illuminated by the excitation light even though only a thin in-focus slice is imaged
at any given time. This means that epifluorescence images have low signal-to-noise ratios
[203], and for the same reason result in substantial photobleaching and high phototoxicity,
limiting in vivo imaging. Confocal illumination schemes, such as spinning disk or laser scanning setups, greatly improve the signal-to-noise ratio as most of the out-of-focus light is rejected by a pinhole [204]. However, phototoxicity and photobleaching remain a substantial
problem, often further aggravated due to low light collection efficiency of a confocal setup.
Lastly, resolution in an episcopic setup is anisotropic, while resolution in XY is limited by the
diffraction limit, axial resolution is substantially poorer [205], limiting 3D imaging applications.
An alternate illumination scheme termed light-sheet microscopy or selective plane illumination microscopy (SPIM) has been proposed in recent years [206], alleviating many of
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the aforementioned limitations. Illumination and detection in a light-sheet microscope are
divided into at least two separate light paths, with two objectives oriented 90° to one another. Utilizing a thin laser light sheet, a single slice of the fluorescently labeled sample is
illuminated. A three-dimensional image of the sample is created by rapidly scanning the laser light sheet through the sample, or vice versa. In an “OpenSPIM” like geometry the sample
is mounted on a rotary stage, such that it can be positioned within the laser light sheet and
precisely rotated to yield the images necessary for 3D reconstruction [207]. Alternatively,
the sample can be kept in a fixed position, scanning the light-sheet itself through the sample
using a galvanometric mirror system [208]. Use of the illumination light sheet inherently
reduces phototoxicity to a minimum, as at any point only a thin slice of the sample is illuminated. Simultaneously the signal-to-noise (S/N) ratio is substantially improved as there is
minimal background fluorescence, resulting in images in terms of S/N ratio comparable to
confocal microscopy, however with isotropic resolution and greatly reduced photodamage.
Owing to all these advantages, light-sheet microscopy has been widely adopted by many
laboratories. It has proven especially useful when imaging entire Drosophila embryos or
Danio rerio (zebrafish) embryos and larvae, at near continuous rates and for extended periods of time [209,210,211]. This has allowed developmental studies at new levels of detail.
The C. elegans research field, however, has sparingly assessed the utility of light-sheet microscopy. This is primarily due to the fact that the immobilization schemes used for D. melanogaster or D. rerio [207] do not work for C. elegans. Both fly and zebrafish are simply immobilized by embedding the larvae in low melting point agarose. If the same approach is
used with C. elegans, poor immobilization is achieved, as both larvae and adult worms are
able to crawl out of the solid agar. For this reason, light-sheet microscopy has so far only
been performed on fixed worms, as well as C. elegans embryos [213].
To date, no real integration of light sheet microscopy with a microfluidic device has been
presented. In the few on-chip SPIM systems available, the light sheet is either generated on
chip, e.g. through PDMS lenses or optical fibers, or projected into the device through the
PDMS [214,215,216], generally resulting in low quality images. Integration of a microfluidic
system with SPIM imaging is rendered difficult by the optics typically used for high resolution, aberration free imaging. Typically, so called water dip immersion lenses are used. These
objectives sit in the same aqueous medium in which the sample is kept, thus eliminating
spherical aberrations, which would otherwise result in severe image distortion. Microfluidic
devices however are generally sealed using glass slides or PDMS slabs, both of which have a
significantly higher refractive index than the immersion liquid used. Only few fluorinated
polymers have a refractive index sufficiently close to water, but these are difficult to integrate with microfluidic devices, as conventional bonding methods require the formation of
a covalent bond between both substrates. We have developed a bonding method that allows
the integration of Teflon FEP (fluorinated ethylene propylene) with our developed PDMS
immobilization device. To achieve a covalent bond, strong enough for reliable chip function,
cementable Teflon FEP is used, the exact nature of this material is unknown. This particular
brand of Teflon however can be chemically functionalized such that it can be bonded to a
PDMS device. PDMS and FEP are covalently bound to one another, by functionalizing an FEP
sheet with (3-aminopropyl)triethoxysilane (APTES) and plasma activation of the PDMS slab
[217]. Once both substrates are brought into close contact a covalent bond is formed, sealing
the microfluidic device with a thin membrane that is compatible with SPIM imaging.
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On-chip SPIM imaging will hopefully allow the study of long-term developmental processes at much higher frequencies than currently possible. This should greatly simplify cell
tracking, as well as study of long-term processes in minute detail.
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In the following Appendix A all protocols developed for the fabrication of master molds,
PDMS devices as well as all samples and media necessary for the microfluidic immobilization
experiment are given. Additionally the microscopy setup build during the PhD work presented is outlined, including all code developed for microscope automation and control.

Appendix A

A1 Device Fabrication. The microfluidic device was fabricated using soft lithographic methods [218]. Briefly, a master mold was fabricated via standard photolithography. A resist
layer 50 μm thick was used to fabricate the adult traps (SU-8 3050, Microchem, Germany).
Traps for L1, L2, L3 and L4 larvae were 10 μm, 12 μm, 16 μm and 20 μm thick, respectively
(SU-8 2010, Microchem, Germany). All masters were treated with chlorotrimethylsilane
(Sigma Aldrich, Switzerland) vapor in a vacuum desiccator to prevent adhesion of PDMS
during molding and demolding.
The microfluidic device was fabricated from polydimethylsiloxane (PDMS, Sylgard 184
A:B, 20:1, Dow Corning), cured overnight at 70⁰C, peeled off the master and access holes
(Gauge 20) punched. Finally, the structured PDMS slab was bonded to a cover slip (#1.5
cover slip 24x50 mm, Hecht Assistent, Switzerland) after air plasma treatment, and stored
at 70⁰C overnight, to ensure complete bonding.
A1.1 SU-8 Master Fabrication – Protocol (Timing: ~2 h)
1. Dehydrate a Silicon wafer at 200 ⁰C for 10 minutes.
2. Spin coat the wafer according to the SU-8 datasheet. Desired feature height is 50µm for
adult traps, 20µm for L4 and 15 µm for L3 traps, 12 µm for L2 traps and 10 µm for L1
traps.
3. Soft bake for 5 min at 65 ⁰C and 15 min at 95 ⁰C.
4. Expose the SU-8 to UV light through the photomask. Exact exposure time will vary with
the UV exposure unit and the feature height.
5. Post bake for 1 min at 65 ⁰C and 5 min at 95 ⁰C.
6. Develop using propylene glycol monomethyl ether acetate (PGMEA) according to the
datasheet. Development time will vary with feature height.
7. After development carefully rinse the wafer with fresh developer followed by washing
with isopropanol.
8. Hard bake the wafer at 200 ⁰C for 10 min.
9. Check the obtained master under a stereomicroscope and verify feature height.
A1.2 PDMS devices Fabrication – Protocol (Timing: ~12 h)
1. To prevent adhesion of PDMS to the Silicon wafer, treat the master with TMCS for 1h in
a fume hood, by placing the wafer in a vacuum desiccator along with ~1mL of TMCS.
Lower the pressure until TMCS begins to bubble.
2. Thoroughly mix approximately 40g of PDMS in a ratio of 20:1 (Part A:B).
3. Degas the PDMS in a vacuum desiccator (~30 min).
4. Place the wafer on a round piece of aluminum foil (120 mm diameter) and shape it into
a dish.
5. Place the wafer with the aluminum dish in a 120 mm glass petri dish and pour the PDMS
onto the master.
6. Degas the PDMS until all air bubbles have disappeared.
7. Cure the PDMS at 70 ⁰C overnight.
8. Once the PDMS is cured, carefully peal it of the wafer and cut it along the cutting marks.
9. Punch access holes using the 20-gauge hole-puncher.
10. Clean a cover glass and a PDMS piece using adhesive tape.
11. Expose the PDMS and cove glass to air plasma. The exact timing will depend on the
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machine used.
12. Following plasma activation place the PDMS onto the glass.
13. Place the device in the oven at 70 ⁰C for several hours.
A1.3 Device Fabrication – Materials & Equipment
⋅ SU-8 Photoresist (SU8 2010 and SU-8 3050, Microchem, Germany).
⋅ Resist developer (PGMEA mr-dev600, Microchem, Germany).
⋅ Isopropanol.
⋅ Silicon wafer, 100 mm diameter, <100> p cut, 500 ± 5 µm thickness, one side polished.
⋅ Photo mask (Microlitho, UK).
⋅ Spin Coater (Laurell Inc., USA).
⋅ Hot Plate (Gesitigkeit GmbH, Germany).
⋅ UV exposure unit (Model 30 UV Light Source OAI, USA or UV-Kub3, Kloe, France).
⋅ Surface profiler (VK100, Keyence Corporation, Belgium).
⋅ Chlorotrimethylsilane (TMCS; Sigma-Aldrich, cat. No. 92361).
⋅ Polydimethylsiloxane (PDMS; Sylgard 184, Dow Corning).
⋅ 120 mm glass petri dish.
⋅ 20-gauge hole-puncher.
⋅ Scalpel.
⋅ Aluminum foil.
⋅ Adhesive tape.
⋅ Cover glass (e.g. 24x50 mm).
⋅ Plasma Cleaner (Zepto, Diener, Germany).
⋅ Oven (70⁰C).
A2 Device Setup and Operation. The worm loading process is shown in (Fig.A-1). First, both
on-chip valves are closed and a single worm is maneuvered into the loading channel. If the
worm is not in a head-first configuration it is removed and repositioned. Once ready, the first
on-chip valve is opened and the worm gently pushed into the trap. Once inside the trap, the
first on-chip valve is closed. The position and fluorescence signal is assessed and if found
suitable, image acquisition commenced. Otherwise, the second on-chip valve is opened and
the worm removed from the trap, pumping fluid from both the worm and food syringes. Once
the trap chamber is empty, the loading cycle repeated.
Manipulation of the worm is performed manually using the thumbscrew on the pusher
block of the syringe pump. This allows facile and gentle control over the worm position. The
syringe pump containing the bacterial suspension is then initiated at a volumetric flow rate
of 1μL/h for adults and 0.2μL/h for larvae. Every 30 minutes, the flow rate is transiently
increased to 300μL/h (adults) or 100μL/h (larvae) for 5 seconds, to wash out eggs and debris. Flow rate increase was omitted when immobilizing L1 and L2 larvae, as the sudden
increase in flowrate and the associated pressure increase result in the larvae’s death.
It is important to note that in addition to the microfluidic device only a few inexpensive
components are required, i.e. a set of syringe pumps (Aladdin 1000-220, WPI), a set of solenoid valves (MH1-A-24VDC-N-HC-8V-PR-K01-QC-AD-BD-CX-DX, Festo, Switzerland) and a
homemade controller. Due to its simplicity, the entire system can be assembled within a few
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minutes, and mounted on any commercial microscope.
A2.1 Device Setup – Protocol

Setup solenoid valve (Timing: Done once ~15 min)
1.
2.
3.
4.
5.

6.
7.
8.

Cut the ID 3/32’’ inch tubing in approximately 30 mm pieces.
Connect one Male Luer to tubing adapter to one side of each tubing piece.
Push the other end into the 4mm connector of the solenoid valve.
Put a G23 blunt needle on each Luer adapter.
Connect the OD 6mm tubing to the pressure supply. A constant supply is preferred over
gas bottles. If only gas bottles are available a different pressure regulator will be
needed.
Connect the other end of the tubing to the IN port of the pressure regulator (First connect the two 1/4’’ push in fittings and the manometer to the corresponding ports).
Connect a second piece of tubing to the OUT port and to the upper port of the solenoid
valve.
Open the supply pressure and set the pressure regulator to 25 psi.

Preparing the waste container (Timing: Done once ~5 min)
1.
2.
3.
4.
5.

Punch three holes in the lid of a cryovial using a 23G blunt needle.
Place a micro bore steel pin in each hole. Two for liquid, one as ventilation.
Fix the pins with epoxy glue.
Leave the glue to harden.
Prior to the experiment, cut two 3cm pieces of tubing (1/16’’ Tygon tubing) and connect them to two of the pins in the waste container. Connect two micro bore steel pins
to the tubing and bend the end at 90⁰.

Setup on-chip valves (Timing: ~1 min)
1.
2.
3.
4.
5.
6.
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Cut two pieces of tubing (1/16’’ Tygon tubing) long enough to reach from the solenoid
valves to the microscope. This tubing can be reused.
Put one micro bore steel pins in each tubing and bend their ends at 90⁰.
Fill the tubing with DI water and connect it to the chip.
Connect the other end of the tubing to the solenoid valve (Fig.A-1 A-B).
Close and pressurize both on-chip valves (25 psi).
Open both valves.

Appendix A

Figure A-1 | Device Setup. (a) PDMS device bonded to a coverslip. Each device has six trap chambers. (b)
On-chip valves are connected to the solenoid valves via a length of tubing (1/16’’ Tygon Tubing) filled
with DI water. The dead end channels are pressurized (25 psi) and filled with DI water. (c) Bacteria are
loaded into a 1 mL syringe and the syringe is connected to the device (1/32’’ Tygon Tubing). (d) The
device is filled with bacteria suspension. A droplet of liquid appears at each connection. (e) All open connections are blocked using a micro bore steel pin and the device is gently pressurized. (f) The steel pins
are removed and the waste container is connected to the device. (g) The tubing with worms is connected
to the device. As before prior to connecting the tubing a droplet of liquid should appear at the inlet, so as
to avoid air getting into the device while connecting. (h) Enlarged view of the assembled device.

Filling the chip with worm food (Timing: ~2 min)
1.
2.
3.
4.
5.
6.

Cut one piece of tubing (1/32’’ Tygon tubing) and connect it to a 30G blunt needle.
Fill a 1 mL syringe (0.25 mL syringe in case of larval C. elegans) with bacteria suspension (approximately 0.5 mL or 0.25 mL).
Connect the tubing directly to the food inlet (Fig.A-1 C).
Flush the device with food until a droplet of liquid appears at each outlet (Fig.A-1 D).
Plug all outlets using a steel pin blocked with a burned piece of tubing (Fig.A-1 E).
Skipped steps 5-8 for L1 and L2 traps.
Gently pressurize the device by pressing on the syringe.
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7.
8.
9.
10.

Leave for approximately 1 min, until all air bubbles have disappeared.
Unplug the pins blocking the outlet.
Connect the waste container (Fig.A-1 F).
The syringe pump containing the bacterial suspension is then initiated at a volumetric
flow rate of 1μL/h for adults and 0.2μL/h for larvae. Every 30 minutes the flow rate is
transiently increased to 300μL/h (adults) or 100μL/h (larvae) for 5 seconds, to wash
out eggs and debris.

Connecting the worm suspension (Timing: ~1 min)
1.
2.
3.
4.
5.
6.
7.
8.
9.

Cut a piece of tubing (1/16’’ Tygon tubing) and connect it to a 23G blunt needle and a
micro bore steel pin.
Fill a 1 mL syringe with SBasal (approximately 0.5 mL).
Connect the tubing to the syringe.
Place the end of the tubing in the vial holding the worms and gently suck some of the
worms into the tubing.
Make sure the worms stay in the tubing and do not get sucked into the syringe.
Make sure a drop of liquid appears at the worm inlet by pushing in the syringe containing the bacteria suspension.
Make sure a drop of liquid appears at the end of the tubing with worms.
Connect the worm tubing to the chip (Fig.A-1 G-H).
Close both on-chip valves.

Cleanup (Timing: 5 min)
1.
2.
3.

Switch off the on-chip valves.
Remove the chip from the microscope.
Carefully unplug all connections. Press on the PDMS device next to the connection while
unplugging so as not to break the device.
4. Remove the micro bore steel pins from the tubing and store them in ethanol for the
next experiment. Make sure the ethanol is completely removed prior to reuse.
5. Remove the blunt needles, rinse them with warm water and ethanol. Dry with pressurized air and store for the next experiment.
6. Remove the tubing from the waste container. Empty the container and rinse with warm
water and ethanol. Dry with pressurized air and store for the next experiment.
7. Discard all tubing and used syringes.
8. Carefully clean the bottom of the microfluidic device of all immersion oil residue using
acetone.
9. Store the chip in a plastic petri dish for the next experiment.
10. Prior to reusing any of the micro bore steel pins, blunt needles or waste container, make
sure they are clean and not clogged.
A2.2
1.
2.
3.
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Device Operation – Protocol (Timing: 5-10 min)
Observe worm trapping with a 4X or 10X objective.
With both on-chip valves closed gently push on the syringe connected to the worms.
Gently maneuver a single adult worm into the channel leading to the trap region (Fig.29 B-E).
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4.

5.
6.
7.

8.

If the worm is oriented head first, open the first valve and gently push the worm into
the trap (Fig.2-9 C). Care must be taken so that the worm does not get into the food
channel.
If the worm is oriented tail first, gently pull the worm back out of the channel by pulling
on the buffer syringe.
Once a worm has been trapped (Fig.2-9 D), switch to the magnification desired for the
experiment and if the worm is suitable start imaging.
If the worm is unsuited for the experiment open the valve next to the worm outlet and
gently push out the worm by pushing on both the (buffer) worm suspension and food
syringe (Fig.2-9 E).
Close the valves again and repeat steps 2-8 until a suitable candidate is found.

Note: While L3 to adult worms can be loaded very easily the, small cross-section of the L1
and, to a lesser extent, L2 traps require more careful worm loading and manipulation. General protocols and operation procedures remain however unchanged.
A2.3 Device Setup and Operation – Materials & Equipment
⋅ Programmable syringe pump (Aladdin Al1000-220, WPI).
⋅ Solenoid Valve (MH1-A-24VDC-N-HC-2V-PR-K01-QC-AD-BD-CX-DX, Festo, Switzerland).
⋅ Homemade switch for solenoid valve.
⋅ Tygon Tubing (1/16’’ cat. No. 0642002, Fisher Scientific, and 1/32’’ cat. No. 0641900,
Fisher Scientific).
⋅ OD. 6 mm polyurethane tubing (enough to span from the pressure supply to the microscope).
⋅ OD. 4 mm, ID 3/32’’ polyurethane tubing (~100 mm)
⋅ Luer Adapters, Male Luer Lock to 3/32’’ ID (cat. No. EW-45505-09, Cole Parmer).
⋅ Precision pressure regulator, 1/4" ports, 2-60psi range, (cat. No. 6162K22, McMaster).
⋅ Pressure gauge, 1/4" connection, 0-60psi range (cat. No. 4000K563, McMaster).
⋅ 1/4" push-in fitting to 1/4" male NPT (cat. No. 5111K82 (need two per regulators),
McMaster).
⋅ 1 mL Plastic Syringe.
⋅ 23G Blunt needle.
⋅ 30G Blunt needle.
⋅ 1/2’’ Micro bore steel pins (G23, New England Small Tubing, USA).
⋅ 1 mL cryovial.
⋅ Epoxy glue.
A3 C. elegans Culture and Preparation. All worms were cultured according to standard protocols [219] on NGM plates seeded with E. coli OP50. Age synchronized cultures were obtained by bleaching gravid adult animals using 20 vol% of 5 vol% NaClO and 10 vol% of 5 M
NaOH in DI water. After 10 minutes, the eggs were pelleted by centrifugation at 1300 x g for
1 min, and washed once with 1 mL of fresh S-Basal. The obtained eggs were transferred onto
a seeded NGM plate. Adult animals were used after 3 days, L3 larvae after 45 h and L4 larvae
after 52 h.
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Prior to an experiment, a small population of worms was washed off the plate and resuspended in approximately 2mL of S-Basal. The worms were left to settle by gravity, the
supernatant removed and fresh S-Basal added. The wash was repeated twice to remove debris. The worms were then re-suspended in approximately 0.1 mL of fresh S-Basal.

C. elegans Culture and Preparation – Protocol (Timing: up to 3 days)
1.
2.
3.
4.
5.
6.

Starting with a plate of gravid adult hermaphrodites (60 mm diameter).
Wash the plate with approximately 1 mL SBasal.
Take the worm suspension and aliquot to approximately 0.7 mL.
Add 0.2 mL 5% NaClO and 0.1 mL 5M NaOH, shake gently for 10 min.
Centrifuge at 1300 rcf for 1 min, decant the supernatant and add 1 mL fresh SBasal.
Repeat centrifugation and remove the supernatant. Place the harvested embryos on a
plate seeded with OP50.
7. Once worms have reached the desired age, wash plate with 1 mL SBasal.
8. Leave worms to settle by gravity, remove the supernatant and replace with 1 mL fresh
SBasal.
9. Repeat wash for a total of three times.
10. Finally, re-suspend the worms in approximately 0.1 mL SBasal.
A4 Bacteria Culture and Preparation. E. coli NA22 were cultured overnight in a shaking incubator at 37⁰C (OD600 ~1.5-2.3). Cells were pelleted by centrifugation at 3000 x g for 2
min. The supernatant was carefully removed and the cells re-suspended in fresh S-Basal. The
wash was repeated two times for a total of three washes. Finally, the bacteria were suspended in fresh S-Basal at a concentration of approximately 4.7x1010 cells/mL.
The bacteria concentrate (50 vol%) was subsequently mixed with OptiPrep™ (Sigma Aldrich, Switzerland) density matching liquid (35.5 vol%), S-Basal (12.9 vol%), 1M Potassium
Citrate pH 6.0 (20 g citric acid monohydrate, 293.5 g tri-potassium citrate monohydrate, H2O
to 1 liter) (1 vol%), 1 M CaCl2 (0.3 vol%) and 1 M MgSO4 (0.3 vol%). This suspension was
used as food source in all experiments. Control of the exact concentration of OptiPrep™ in
the mix is critical, as density mismatches will affect the long-term stability of the system.
OptiPrep™ is widely used with a variety of sensitive biological systems and has no apparent
effect on the worms.
Bacteria Culture and Preparation – Protocol (Timing: ~12 h)
1. Prepare 40 mL of overnight culture (e.g. 6x5 mL of LBroth inoculated with 0.1 mL of
NA22 stock each).
2. Pellet the bacteria by centrifugation (3000 rcf for 2 min) and remove the supernatant.
3. Re-suspend the bacteria in 1 mL fresh SBasal.
4. Repeat the washing for a total of 3 washes.
5. Finally, re-suspend the pellet in a total of 1 mL fresh SBasal.
6. Mix the bacteria concentrate with 0.71 mL Optiprep, 0.258 mL SBasal, 0.02 mL 1M Citrate buffer, 0.006 mL 1M MgSO4 and 0.006 mL 1M CaCl2. Yielding the worm food. This
is can be used for several days, check for segregation and clumping. Do not store in a
fridge.
7. Prior to use filter the worm food through a 40 μm cell strainer.
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A5 C. elegans Immobilization on Agar Pads. Worms were immobilized on agar pads following conventional protocols [95]. First, a clean glass slide (Objective Slide, ThermoScientific,
Switzerland) was placed in between two glass slides covered with an approximately 500 µm
thick layer of adhesive tape. A drop of agarose solution (4% agarose in S-Basal) was then
pipetted onto the glass slide and gently pressed using another clean glass slide. Once the agar
solidified a drop of S-Basal, containing 4 mM Tetramisole was pipetted onto the agar pad and
several worms of the desired age were manually picked into the droplet and covered with a
cover slip. The assembly was sealed with immersion oil.

C. elegans Immobilization on Agar Pads – Protocol (Timing: ~1 h)
1.
2.
3.
4.
5.
6.
7.

Prepare a 4% solution of agarose in S-Basal (Stock, liquefy through heating).
Pipet a drop of the agarose solution on a clean microscopy glass slide.
Using two other glass slides covered in several layers of adhesive tape as space, place
another glass slide on top and press the agarose flat. Leave the agarose to solidify.
Pipet a drop of S-Basal containing 4mM Tetramisole onto the agarose and leave to dry
for a short time.
Pick a number of worms of the desired age into the S-Basal drop.
Place a cover glass on top of the assembly, take care not to slide the glass.
Seal the assembly using immersion oil.

A6 Image acquisition and Microscope Setup. Brightfield images for the long-term viability
assay were acquired on a Nikon TS100F inverted microscope. Images were acquired every
minute using a Nikon CFI Plan Fluor 4X objective, NA 0.13.
Epi-fluorescence and DIC images were acquired on a Nikon Ti-S inverted microscope
equipped with an Andor Zyla 4.2 (Andor Technology Ltd., UK) or Photometrics Prime 95B
(Photometrics, Germany), an LED light source (LedHUB, Omicron Laserage Laserprodukte
GmbH, Germany) and an objective piezo for Z-motorization (C Focus, Mad City Labs Inc.,
USA). For two-color experiments, colors were acquired simultaneously using an image splitter (Optosplit II LS Image Splitter, Cairn Research, UK).
Spinning disk confocal images were acquired on a Nikon Ti-E inverted microscope
equipped with a Yokogawa CSU-W1 confocal scanner unit (Yokogawa, Japan) and a Hamamatsu Orca Flash 4.0 (Hamamatsu, Japan).
Image stacks were acquired at intervals of 1 - 20 minutes, at a spacing of 0.5 - 1μm. Exposure is typically set to 50 ms and the excitation light kept to a minimum (between 5 and 10%
of the maximum intensity). Nikon CFI Plan Fluor 40X, NA 0.75 and Nikon CFI Plan Apo VC
60XWI, NA 1.2 or Nikon CFI Plan Apo Lambda 60X Oil, NA1.4 objectives were used.
A6.1 Microscope Setup – Design. For the majority of the applications Epi-fluorescence was
chosen as imaging method, primarily for cost and microscope availability reasons. To ensure
optimal image acquisition, a dedicated Epi-fluorescence microscope was built. As basis
served a non-motorized microscope, equipped with a piezo objective drive, for Z motorization, and a LED light source, for both fluorescence and brightfield microscopy. The microscope is controlled using a custom build Matlab/Micro-Manager interface and microcontroller. This configuration was chosen for fastest possible image acquisition, as when using con-
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ventional microscope software, e.g. Micro-Manager, acquisition frame rate is ultimately limited by the software, specifically the USB communication between PC and peripherals.
The Matlab interface is primarily utilized for parameter input through a custom build GUI,
as well as for image saving and experiment timing. Image acquisition is handled by MicroManager, to which Matlab is interfaced. All further coordination and timing between camera,
LED and Z Piezo is handled by the microcontroller, using the external trigger signal provided
by the camera for timing.
The microcontroller was build using an Arduino Uno board (Arduino IDE, Italy) equipped
with an Analog Shield (Digilent Inc., USA). Custom Arduino software was written in C using
the IDE Arduino interface. For most microscope functions the Arduino Uno board on its own
completely suffices, offering fast and accurate timing such that the LEDs can be coordinated
with the image acquisition. However the Uno board does not inherently offer an analog output, which is needed for accurate piezo control. This was achieved through addition of the
Analog Shield, giving four DAC channels with 16bit accuracy.
A6.2 Microcontroller Script – Arduino Uno
#include <analogShield.h>
//Variables for Serial Read
const byte bsize = 31;
//Buffer Size
byte ByteCount;
//Serial command Return
char Buffer[bsize];
//Serial command Buffer
char *pch;
//Serial command pointer
//Initialize sequence parameters
byte VAR[11] = {1,1,1,1,0,0,0,0,0,1,0}; //[0Mode : 1Case : 2#Channels : 3#ZSteps : 4BRShutter : 5Power488
6Power561 : 7Bottom Z : 8delta Z : 9NC1 : 10ZC1 ]
//Pin that receives the trigger (Interrupt Pins 2 & 3 are not used as the Shield blocks them)
byte inPin = 7;
//Pin used for digital trigger. I use pin 7 which is on PORTD, leaving PORTB as LED shutter.
//DAC Pin assignment
byte ZPin = 2;
//Assigning DAC 2 as Piezo Controller
byte Z = 0;
//Z Variable needed for accounting
//Variables for camera state check
byte VAL1 = 0;
//Old trigger state
byte VAL2 = 0;
//New trigger state
//Microscope Shutter
byte SH1 = 2;
//General LED shutter ON = 1, OFF = 2
//Setup routine – do not change
void setup() {
//Setup serial communication
Serial.begin(250000);
//Setup the digital input pin
pinMode(inPin, INPUT);
//Setup the digital pins as output
pinMode(8, OUTPUT);
pinMode(9, OUTPUT);
pinMode(10, OUTPUT);
pinMode(11, OUTPUT);
pinMode(12, OUTPUT);
pinMode(13, OUTPUT); }
void loop() {
//Serial Command receive and variable assignment
if (Serial.available() > 0) {
ByteCount = Serial.readBytesUntil('\n', Buffer, bsize);
if (ByteCount > 0) {
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pch = strtok (Buffer, ":");
VAR[0] = atoi(pch);
byte i = 1;
while (pch != NULL) {
pch = strtok (NULL, ":");
VAR[i] = atoi(pch);
i++;
}
}
}
// Mode Select
VAL1 = VAL2; VAL2 = digitalRead(inPin);
switch (VAR[0]){
case 1: //Manually set Z position
ZPiezo(ZPin, VAR[7], VAR[10], VAR[8]);
break;
case 2: //Trigge Mode
if (VAL2 > VAL1)
{
//Detect RISING edge. Switch ON LED.
if (VAR[10] <= VAR[3])
{SH1 = 1;}
else
{SH1 = 2;}
}
else if (VAL2 < VAL1) {SH1 = 2;
//Detect FALLING edge. Switch OFF LED.
VAR[9]++;
if (VAR[9] > VAR[2] && VAR[8] > 0){VAR[10]++; Z++;}
//Update Z Count once all channels are acquired at Z position
if (VAR[10] > VAR[3]) {Z = 0;}
//Reset Z Position Count.
if (VAR[9] > VAR[2]) {VAR[9] = 1;}
//Reset the channel counter.
ZPiezo(ZPin, VAR[7], Z, VAR[8]);
}
else
{SH1 = 3;}
//LED Shutter
switch (SH1) {
case 1: //LED Shutter ON
switch (VAR[1]) {//Switch defining the Channels used
case 1: //BR, 488nm, 561nm single trigger or simultaneous
PORTB = VAR[4];
LED(VAR[5], VAR[6]);
break;
case 2: //BR and 488nm || 561nm sequentially
if (VAR[9] == 1)
{PORTB = VAR[4];}
else if (VAR[9] == 2) {LED(VAR[5], VAR[6]);}
break;
case 3: //488nm && 561nm sequentially
if (VAR[9] == 1)
{LED(VAR[5], 0);}
else if (VAR[9] == 2) {LED(0, VAR[6]);}
break;
}
break;
case 2: //LED Shutter OFF
PORTB = 0;
LED(0,0);
break;
case 3:
break;
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}
break;
}
}
//Function controlling the DAC LEDs (convert Power in % to 16-bit value)
void LED (byte p488, byte p561){
analog.write(floor(32767+327.68*p488), floor(32767+327.68*p561), true);
}
//Function determining the Z Piezo position (convert input in um to 16-bit value)
void ZPiezo (byte zPin, float zMin, float zC1, float dTZ){
analog.write(zPin, floor(32767+655.36*(zMin + (zC1*dTZ)/100)));
}

A6.3 MicroMATLAB Script – Matlab R2016b
% MicroMATLAB - Micro-Manager based Microscope control in MATLAB
% ----------------------------------------------------------------------% MicroMATLAB allows microscope control via a combination of MicroManage (MM) and ARDUINO.
%
% All essential microscope functions are implemented in MM,
% e.g. Camera. Additional functions such as objective, filter switching,
% hardware autofocus can easily be added as needed
%
% Additional functions are realized via an ARDUINO microcontroller
% triggering all LEDs and the Z Piezo based on an electroninc trigger
% provided by the camera. Triggering is controlled and coordinated via the
% MScope.ino Sketch.
%
% MicroMATLAB allows acquisition of Z Stacks in multiple colors at video framerates.
%
% Serial Command structure
%
[0Mode : 1Case : 2#Channels : 3#ZSteps : 4BRShutter : 5Power488 : 6Power561 : 7Bottom Z : 8delta Z : 9NC1 :
10ZC1 ]
%
%
The MicroMATLAB hardware controller can operarte in two basic
%
modes. Mode 1: Manually set Z Position (Used in Set Z Position to Bottom/Top, can be executed while in Live mode)
%
Mode 2: Trigger Mode (Used in all other acquisition modes Snap/Live/SeqAcquisition)
%
%
Trigger Mode is then divided in three subcases, depending on the
%
illuminatuib sequence used.
%
Case 1: Simultaneously image multiple colors, one image per z plane.
%
Case 2: Alternatingly image BR and 488/561.
%
Case 3: Alternatingly image 488 and 561.
%
%
NC1 and ZC1 are counting variables used on the ARDUINO to keep
%
track of the sequence. They are set at the beginning of each
%
acquisition and reset at the end of each Z Stack.
%
% Parameters that need adaptation to the setup used:
%
In MicroMATLABOpeningFcn
%
handles.ZRange = [0 50]; in um according to the Z-Piezo used.
%
Analog Shield can output up to -5V to +5V, choose range accordingly.
%
%
In MM_Init
%
mmc.loadSystemConfiguration ('C:\Program Files\Micro-Manager-1.4\Prime95b.cfg');
%
mmc.setProperty('PM Cam', 'ClearMode', 'Pre-Sequence')
%
mmc.setProperty('PM Cam', 'ReadoutRate', '100MHz 16bit')
%
mmc.setProperty('PM Cam', 'FanSpeedSetpoint', 'Medium')
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%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%
%

mmc.setProperty('PM Cam', 'SMARTStreamingEnabled', 'No')
mmc.setProperty('PM Cam', 'SMARTStreamingValues[ms]', '10.000;20.000;30.000;40.000')
mmc.setProperty('PM Cam', 'PP 1 ENABLED', 'Yes')
mmc.setProperty('PM Cam', 'PP 2 ENABLED', 'Yes')
mmc.setProperty('PM Cam', 'PP 3 ENABLED', 'Yes')
mmc.setProperty('PM Cam', 'PP 4 ENABLED', 'Yes')
S_ARD = serial('COM5');
set(S_ARD, 'BaudRate', 250000);
In Browse Folder
FPath = uigetdir('C:\Users\Worms\Pictures');
In AcqiureSeq
ZRange = [0 50];
mmc.prepareSequenceAcquisition('PM Cam');
mmc.startSequenceAcquisition('PM Cam', NCH*NZS, 0, true);
In B_SetROI
mmc.setProperty('PM Cam', 'Binning', '1x1');
mmc.setROI(0, 600-height/2, width, height);
mmc.setProperty('PM Cam', 'Binning', [get(handles.Bin, 'String'), 'x', get(handles.Bin, 'String')]);
In GOmin & GOmax
ZRange = [0 50];

function varargout = MicroMATLAB(varargin)
gui_Singleton = 1;
gui_State = struct('gui_Name',
mfilename, ...
'gui_Singleton', gui_Singleton, ...
'gui_OpeningFcn', @MicroMATLABOpeningFcn, ...
'gui_OutputFcn', @MicroMATLABOutputFcn, ...
'gui_LayoutFcn', [] , ...
'gui_Callback', []);
if nargin && ischar(varargin{1})
gui_State.gui_Callback = str2func(varargin{1});
end
if nargout
[varargout{1:nargout}] = gui_mainfcn(gui_State, varargin{:});
else
gui_mainfcn(gui_State, varargin{:});
end
function MicroMATLABOpeningFcn(hObject, ~, handles, varargin)
handles.output = hObject;
handles.ZRange = [0 50];
clc
guidata(hObject, handles);
function varargout = MicroMATLABOutputFcn(~, ~, handles)
varargout{1} = handles.output;
function MM_Init_Callback(hObject, ~, handles)
import mmcorej.*;
mmc = CMMCore;
mmc.loadSystemConfiguration ('C:\Program Files\Micro-Manager-1.4\Prime95b.cfg');
mmc.setProperty('PM Cam', 'AcquisitionMethod', 'Polling')
mmc.setProperty('PM Cam', 'CircularBufferAutoSize', 'ON')
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mmc.setProperty('PM Cam', 'CircularBufferEnabled', 'ON')
mmc.setProperty('PM Cam', 'ClearCycles', '2')
mmc.setProperty('PM Cam', 'ClearMode', 'Pre-Sequence')
mmc.setProperty('PM Cam', 'ReadoutRate', '100MHz 16bit')
mmc.setProperty('PM Cam', 'ExposeOutMode', 'All Rows')
mmc.setProperty('PM Cam', 'FanSpeedSetpoint', 'Medium')
mmc.setProperty('PM Cam', 'SMARTStreamingEnabled', 'No')
mmc.setProperty('PM Cam', 'SMARTStreamingValues[ms]', '10.000;20.000;30.000;40.000')
mmc.setProperty('PM Cam', 'ShutterMode', 'Pre-Sequence')
mmc.setProperty('PM Cam', 'TriggerMode', 'Internal Trigger')
mmc.setProperty('PM Cam', 'PP 1 ENABLED', 'Yes')
mmc.setProperty('PM Cam', 'PP 2 ENABLED', 'Yes')
mmc.setProperty('PM Cam', 'PP 3 ENABLED', 'Yes')
mmc.setProperty('PM Cam', 'PP 4 ENABLED', 'Yes')
S_ARD = serial('COM5');
set(S_ARD, 'BaudRate', 250000);
fopen(S_ARD);
fprintf(S_ARD, '1:1:1:1:0:0:0:0:0:1:0\n');
handles.mmc = mmc;
handles.S_ARD = S_ARD;
handles.count = 1;
handles.Mode = 1;
set(handles.StateBox, 'String', '--->
guidata( hObject, handles);

Initialized');

function BrowseFolder_Callback(~, ~, handles)
FPath = uigetdir('C:\Users\Worms\Pictures');
set(handles.FolderPath, 'String', FPath);
function SnapIMAGE_Callback(hObject, ~, handles)
warning ('off','all'); axes(handles.axes1)
set(handles.StateBox, 'String', '---> Image Snap');
ZMI = str2double(get(handles.ZMin, 'String'));
if ZMI > handles.ZRange(2), ZMI = ZRange(2);end
if ZMI < handles.ZRange(1), ZMI = ZRange(1);end
S_ARD = handles.S_ARD;
fprintf(S_ARD, ['2:1:1:1:1:0:0:', num2str(ZMI), ':0:1:0\n']);
mmc = handles.mmc;
mmc.setExposure(str2double(get(handles.Exposure, 'String')));
width = mmc.getImageWidth();
height = mmc.getImageHeight();
mmc.snapImage();
img = mmc.getImage();
img = typecast(img, 'uint16');
img = reshape(img, [width, height]);
img = transpose(img);
cla(handles.axes1), imshow(img, [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH, 'String'))]);
guidata( hObject, handles);
function StartLiveVIEW_Callback(hObject, ~, handles)
warning ('off','all'); cla(handles.axes1);
set(handles.StateBox, 'String', '---> Live ON');
ZMI = str2double(get(handles.ZMin, 'String'));
if ZMI > handles.ZRange(2), ZMI = ZRange(2);end
if ZMI < handles.ZRange(1), ZMI = ZRange(1);en
S_ARD = handles.S_ARD;
fprintf(S_ARD, ['2:1:1:1:1:0:0:', num2str(ZMI), ':0:1:0\n'])

106

Appendix A
mmc = handles.mmc;
mmc.initializeCircularBuffer();
mmc.startContinuousSequenceAcquisition(1);
mmc.setExposure(str2double(get(handles.Exposure, 'String')));
width = mmc.getImageWidth();
height = mmc.getImageHeight();
handles.stop_now = 0;
guidata(hObject,handles);
while ~handles.stop_now
img = mmc.getLastImage();
img = typecast(img, 'uint16');
img = reshape(img, [width, height]);
img = transpose(img);
imshow(img, [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH, 'String'))]);
hold on, plot([0 width],[height/2 height/2],'y-'), hold off
hold on, plot([width/2 width/2],[0 height],'y-'), hold off
pause(0.025)
handles = guidata(hObject);
end
mmc.stopSequenceAcquisition();
function StopLiveVIEW_Callback(hObject, ~, handles)
set(handles.StateBox, 'String', '---> Live OFF');
handles.stop_now = 1;
guidata(hObject, handles);
function AcquireSeq_Callback(hObject, ~, handles)
warning ('off','all'); set(handles.StateBox, 'String', '--->

Sequence Running');

ZMI = str2double(get(handles.ZMin, 'String'));
if ZMI > handles.ZRange(2), ZMI = ZRange(2);end
if ZMI < handles.ZRange(1), ZMI = ZRange(1);end
ZMA = str2double(get(handles.ZMax, 'String'));
if ZMA > handles.ZRange(2), ZMA = ZRange(2);end
if ZMA < handles.ZRange(1), ZMA = ZRange(1);end
DTZ = str2double(get(handles.deltaZ, 'String'));
NZS = 1+(ZMA-ZMI)/DTZ;
S_ARD = handles.S_ARD;
fprintf(S_ARD, ['1:1:1:1:0:0:0:', num2str(ZMI), ':0:1:0\n']);
PBR1 = str2double(get(handles.BR1, 'String'));
if PBR1 > 1, PBR1 = 1;end
if PBR1 < 1, PBR1 = 0;end
PCY1 = str2double(get(handles.CY1, 'String'));
if PCY1 > 100, PCY1 = 100;end
if PCY1 < 0, PCY1 = 0;end
PCY2 = str2double(get(handles.CY2, 'String'));
if PCY2 > 100, PCY2 = 100;end
if PCY2 < 0, PCY2 = 0;end
PGR1 = str2double(get(handles.GR1, 'String'));
if PGR1 > 100, PGR1 = 100;end
if PGR1 < 0, PGR1 = 0;end
PGR2 = str2double(get(handles.GR2, 'String'));
if PGR2 > 100, PGR2 = 100;end
if PGR2 < 0, PGR2 = 0;end
if sum([PCY2, PGR2]) > 0
NCH = 2;
if PBR1 > 0
ComString = ['2:2:2:', num2str(NZS-1), ':1:', num2str(PCY2),':', num2str(PGR2),':', get(handles.ZMin, 'String'), ':',
num2str(100*DTZ),':1:0\n'];
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fprintf(S_ARD, ComString);
else
ComString = ['2:3:2:', num2str(NZS-1), ':0:', num2str(PCY1),':', num2str(PGR2),':', get(handles.ZMin, 'String'), ':',
num2str(100*DTZ),':1:0\n'];
fprintf(S_ARD, ComString);
end
else
NCH = 1;
ComString = ['2:1:1:', num2str(NZS-1), ':', num2str(PBR1),':', num2str(PCY1),':', num2str(PGR1),':',
get(handles.ZMin, 'String'), ':', num2str(100*DTZ),':1:0\n'];
fprintf(S_ARD, ComString);
end
mkdir(get(handles.FolderPath, 'String'), [date, '-', get(handles.FileExtension, 'String'), '-', num2str(handles.count)])
FTif1 = fullfile(get(handles.FolderPath, 'String'), [date, '-', get(handles.FileExtension, 'String'), '-',
num2str(handles.count)]);
handles.FTif = FTif1;
set(handles.ZPos, 'String', num2str(round(NCH*NZS/2)));
handles.zPOS = NCH*NZS;
CAP = screencapture(0, 'Position', [0 0 1920 1080]);
imwrite(CAP, fullfile(FTif1, 'ScreenCapture.png'))
handles.StopSeries = 0;
guidata(hObject,handles);
start_acq = tic;
mmc = handles.mmc;
mmc.setExposure(str2double(get(handles.Exposure, 'String')));
width = mmc.getImageWidth();
height = mmc.getImageHeight();
for k = 1:str2double(get(handles.NLoop, 'String'))
IMG = uint16(zeros(height, width, NCH*NZS)); i = 1;
mmc.initializeCircularBuffer();
mmc.prepareSequenceAcquisition('PM Cam');
mmc.startSequenceAcquisition('PM Cam', NCH*NZS, 0, true);
Start_St = tic;
while(mmc.isSequenceRunning)
while(mmc.getRemainingImageCount() > 0)
if i <= NCH*NZS
img = mmc.popNextImage();
img = typecast(img, 'uint16');
img = reshape(img, [width, height]);
img = transpose(img);
IMG(:,:,i) = img;
end
i=i+1;
end
end
Stop_St = toc(Start_St);
mmc.stopSequenceAcquisition()
Start_Exp = tic;
disp(['Elapsed time is ', num2str(str2double(mmc.getProperty('PM Cam', 'ActualInterval-ms'))*NCH*NZS/1000),'
seconds'])
disp(['---> Loop ', num2str(k), ' of ', get(handles.NLoop, 'String'), ' acquired'])
for j = 1:NCH*NZS
FTif2 = fullfile(FTif1, [get(handles.FileExtension, 'String'), '-', num2str(k),'-', num2str(j), '.tif']);
imwrite(IMG(:,:,j), FTif2)
end
handles.tPOS = k;
guidata(hObject, handles);
set(handles.TPos, 'String', num2str(k));
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imshow(IMG(:,:,round(NCH*NZS/2)), [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH,
'String'))])
fprintf(S_ARD, ['1:1:1:1:0:0:0:', num2str(ZMI), ':0:1:0\n']);
fprintf(S_ARD, ComString);
Stop_Exp = toc(Start_Exp);
if k < str2double(get(handles.NLoop, 'String'))
for j = 1:2*round(str2double(get(handles.deltat, 'String'))-Stop_St-Stop_Exp)
pause(0.5);
handles = guidata(hObject);
if handles.StopSeries == 1, break; end
end
end
handles = guidata(hObject);
if handles.StopSeries == 1, set(handles.StateBox, 'String', '---> Sequence Stopped'); break; end
if k == str2double(get(handles.NLoop, 'String')), set(handles.StateBox, 'String', '---> Sequence Acquired'); end
end
Total_Time = toc(start_acq);
disp(['---> Total Runtime ', num2str(Total_Time/60), ' min'])
handles.count = handles.count + 1;
guidata(hObject, handles);
function StopAcq_Callback(hObject, ~, handles)
handles.StopSeries = 1;
guidata(hObject, handles);
function B_SetROI_Callback(~, ~, handles)
width = str2double(get(handles.ROIW, 'String'));
height = str2double(get(handles.ROIH, 'String'));
mmc = handles.mmc;
mmc.setProperty('PM Cam', 'Binning', '1x1');
mmc.setROI((600-width/2), 600-height/2, width, height);
mmc.setProperty('PM Cam', 'Binning', [get(handles.Bin, 'String'), 'x', get(handles.Bin, 'String')]);
set(handles.StateBox, 'String', '---> ROI set');
function GOmin_Callback(~, ~, handles)
ZMin = str2double(get(handles.ZMin, 'String'));
if ZMin < handles.ZRange(1), ZMin = ZRange(1);end
if ZMin > handles.ZRange(2), ZMin = ZRange(2);end
S_ARD = handles.S_ARD;
fprintf(S_ARD, ['1:1:1:1:0:0:0:', num2str(ZMin), ':0:1:0\n']);
fprintf(S_ARD, ['2:1:1:0:1:0:0:', num2str(ZMin), ':0:1:0\n']);
set(handles.StateBox, 'String', '---> Bottom');
function GOmax_Callback(~, ~, handles)
ZMax = str2double(get(handles.ZMax, 'String'));
if ZMax < handles.ZRange(1), ZMax = ZRange(1);end
if ZMax > handles.ZRange(2), ZMax = ZRange(2);end
S_ARD = handles.S_ARD;
fprintf(S_ARD, ['1:1:1:1:0:0:0:', num2str(ZMax), ':0:1:0\n']);
fprintf(S_ARD, ['2:1:1:0:1:0:0:', num2str(ZMax), ':0:1:0\n']);
set(handles.StateBox, 'String', '---> Top');
function Tdown_Callback(~, ~, handles)
ZCurr = str2double(get(handles.ZPos, 'String'));
TCurr = str2double(get(handles.TPos, 'String'));
if TCurr > 1, TCurr = TCurr - 1; end
ICurr = imread(fullfile(handles.FTif, [get(handles.FileExtension, 'String'), '-', num2str(TCurr),'-', num2str(ZCurr),
'.tif']));
imshow(ICurr, [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH, 'String'))]);
set(handles.TPos, 'String', num2str(TCurr));
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function Tup_Callback(~, ~, handles)
ZCurr = str2double(get(handles.ZPos, 'String'));
TCurr = str2double(get(handles.TPos, 'String'));
if TCurr < handles.tPOS, TCurr = TCurr + 1; end
ICurr = imread(fullfile(handles.FTif, [get(handles.FileExtension, 'String'), '-', num2str(TCurr),'-', num2str(ZCurr),
'.tif']));
imshow(ICurr, [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH, 'String'))]);
set(handles.TPos, 'String', num2str(TCurr));
function Zdown_Callback(~, ~, handles)
ZCurr = str2double(get(handles.ZPos, 'String'));
TCurr = str2double(get(handles.TPos, 'String'));
if ZCurr > 1, ZCurr = ZCurr - 1; end
ICurr = imread(fullfile(handles.FTif, [get(handles.FileExtension, 'String'), '-', num2str(TCurr),'-', num2str(ZCurr),
'.tif']));
imshow(ICurr, [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH, 'String'))]);
set(handles.ZPos, 'String', num2str(ZCurr));
function Zup_Callback(~, ~, handles)
ZCurr = str2double(get(handles.ZPos, 'String'));
TCurr = str2double(get(handles.TPos, 'String'));
if ZCurr < handles.zPOS, ZCurr = ZCurr + 1; end
ICurr = imread(fullfile(handles.FTif, [get(handles.FileExtension, 'String'), '-', num2str(TCurr),'-', num2str(ZCurr),
'.tif']));
imshow(ICurr, [str2double(get(handles.LOW, 'String')) str2double(get(handles.HIGH, 'String'))]);
set(handles.ZPos, 'String', num2str(ZCurr));
function SOFF_Callback(~, ~, handles)
S_ARD = handles.S_ARD;
fprintf(S_ARD, '1:1:1:1:0:0:0:0:0:1:0\n');
close(MicroMATLAB)
clear all; clc;
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In the following Appendix B work carried out by both Simon Berger and Nadia VerttiQuintero is depicted. Aim of the project was the study of stochastic heat-shock variability in
adult C. elegans and its key regulating factors. This was achieved using the developed microfluidic immobilization platform, studying the response behavior in individual animals. These
observations served as the basis of a computational model developed by Ms. Vertti-Quintero
and Prof. Rudiyanto Gunawan, and was validated on a population scale using a microfluidic
screening/sorting platform, also developed by Ms. Vertti-Quintero.
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B1 Stochastic Heat-Shock Variability. Already from the earliest studies of aging in C. elegans
it was apparent that individual age at the time of death varies greatly, even in isogenic populations [220,221], with the time difference between the first and last to die, ranging from
several weeks in normal lived strains, to several months in long lived mutants [222,223].
This difference in longevity is however not primarily determined by genes. In fact, in most
organisms (including humans) less than 35% in variation of the age at the time of death is
heritable [224,225], with both isogenic and non-isogenic populations displaying similar variation. Other factors, such as epigenetics and stochastic protein expression are therefore essential [226].
The lifespan of an organism is directly linked to the health of its tissues, which in turn is a
consequence of stability of its proteome and molecular machinery [227,228]. During its
lifespan, an organism is confronted with a large variety of environmental and physiological
stressors, including heat stress, oxidative stress, heavy metals and other toxic substances
[229]. These stressors can have detrimental effects on protein structure and folding and thus
health. Efficient surveillance of the proteome to prevent accumulation of damaged proteins
is therefore essential. The heat-shock response, a highly conserved mechanism in all organism, is such a damage control mechanism [230]. It is triggered, not only upon heat stress, but
as a response to unfolded or misfolded proteins, and thus essential for the maintenance of
the proteome [228].
As part of the heat-shock response roughly 50-200 genes are significantly induced in different model organisms (including humans) [231]. The associated stress-induced proteins
can be grouped into seven classes. The predominant class are the so-called heat shock proteins (HSP), a large family of molecular chaperones. HSPs in turn can be divided into five
families of highly conserved proteins: HSP100s, HSP90s, HSP70s, HSP60s and the small heatshock proteins (sHSP) [231]. All molecular chaperones interact with a variety of unfolded
proteins, generally recognizing denatured proteins, which show an increase in exposed hydrophobic amino acids, subsequently aiding in the refolding of misfolded proteins or the removal of protein aggregates.
Heat-shock response, like aging is a stochastic process, such that it varies significantly between individuals of isogenic and non-isogenic populations [226,232]. Previous studies, investigating the role and effect of HSPs, established a good correlation between heat-shock
response capabilities observed upon stress early during life and longevity in C. elegans [226],
with individuals displaying a strong production of HSPs upon heat-stress as well as other
forms of stress, exhibiting significantly longer lifespan than worms producing less HSPs
[226]. It has been hypothesized, that stress during early life results in a higher stress response capability during later life, thus ameliorating negative factors which otherwise
shorten lifespan. It remains however unclear if and how HSP production affects the stochastic component of the observed variation in longevity.
Based on experimental data we derive a computational model, mimicking the observed
stochastic variation in heat-shock response in C. elegans. The obtained computational model
is extensively validated based on datasets obtained from large worm populations, allowing
analysis of correlations between heat-shock expression patterns and longevity.
B1.1 On-Chip Heat-Shock Response Monitoring. The heat-shock response is a complex,
highly conserved mechanism involving a plethora of proteins that are highly upregulated
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following stress. We visualize the heat-shock response in C. elegans using an hsp-16.2::GFP
reporter transgene [233]. Here the gene encoding GFP is coupled with an hsp-16.2 promoter.
The observed level of GFP fluorescence therefore directly correlates to the amount of HSP16.2 produced and thus serves as a direct visual indicator of the worm’s response to experienced stress [226,233].
HSP-16.2 is a member of the class of small HSPs. Like all molecular chaperones small HSPs
prevent irreversible protein aggregation caused by a stressor and allow normal cellular
function [228,231]. Small HSPs are the most widespread family of molecular chaperons,
however they are also the most poorly conserved, varying widely both in sequence and size.
Their common trait is the conserved α-crystallin domain [234,235], furthermore small HSPs
commonly form large oligomer structures, composed of multiple subunits [231]. Functionally small HSPs are ATP-independent, interacting with a large variety of partially folded proteins, preventing their aggregation upon stress [236,237]. It is currently assumed that HSPs
function as storage units for unfolded proteins, which can then be refolded through one of
the other HSP family members, such as HSP70 or HSP100. Herein, we use HSP-16.2 as a representative of all HSPs, assuming that all components of the heat-shock response are upregulated and controlled proportionally, such that conclusions made based on the HSP-16.2 expression, are valid for all HSPs [226].
We first studied the stochastic heat-shock response of C. elegans using our immobilization
device (Fig.B-1). As with the other applications presented in this thesis, our device allows
gentle and long-term observation of single worms. Heat-shock response was studied in age
synchronized (day four) adult hermaphrodites, exposed off-chip to a one hour heat-shock at
37°C. After heat-shock, worms were left to cool down to 20°C. Worms were subsequently
washed off the NGM plate and loaded into the immobilization device, such that monitoring
of the heat-shock response started no more than one hour after the initial heat-shock.
Worms on-chip, were imaged once per hour over the course of 48 hours (n = 15) (Fig.B-1).
During this time period worms were continuously immobilized such that only minimal body
motion and rotation are observed, allowing optimal imaging and correlation between time
points. Images were acquired using a 10X 0.3 NA air immersion objective, with imaging parameters chosen such that both worm viability and the natural heat shock response are not
altered. At each time point a full fluorescent Z-stack with 2 µm spacing was taken.
In addition to immobilizing and imaging single worms, a parallel immobilization device
(Fig.2-16) was developed to allow for the immobilization of up to eight worms within one
microfluidic device. This in turn enables sequential imaging and significantly increases analytical throughput (n = 11). Worms were loaded simultaneously and share a common food
supply.
As expected, heat-shocked worms showed a distinctive increase in GFP fluorescence over
time, followed by a decay with fluorescence intensities that eventually return to near baseline values. As expected, individual worms exhibit significant variations in maximum fluorescence intensity as well as the rate with which fluorescence intensity increases (Fig.B-1
A). Imaging of non-heat-shocked worms showed that neither the immobilization on-chip nor
the fluorescence imaging resulted in appreciable stress for the worms under investigation,
with fluorescence remaining at background levels over the entire 48 hour period (n = 3).
This allows the observation of the heat-shock response under physiological conditions.
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Figure B-1 | Long-term Heat Shock Response On-Chip. (a) Single C. elegans adult immobilized on-chip over
the course of 48 hours. As expected fluorescence intensity initially increases rapidly and eventually decays. Represented are maximum intensity projections of Z-stacks acquired at 2 hour intervals. (b) Heatshock response curves. Heat-shock response observed in 15 different individuals, illustrating significant
differences in the response behavior. Differences in response rate as well as intensity and duration can be
observed. Scale bar 100 µm

B1.2 Computational Model. Heat-shock response is generally modeled as a sequence of
chemical reactions, beginning with the trimerization of the heat-shock factors (HSF) (r1-r2)
and subsequent binding of the trimer to the heat-shock promoter (HSE) (r3), resulting in
transcription (r4) and translation of the HSPs (r6), which in turn interact with misfolded
proteins producing properly folded proteins (r13-r14). HSP production is back regulated
through formation of the HSP::HSF complex (r7-r10), and finally HSPs are degraded naturally (r11). Such a generic model was originally described by Petre et al. [238] and Scheff et
al. [239] in HeLa cells, and adapted here for dynamics observed in C. elegans. Adaptation of
the model is feasible due to the highly conserved nature of the heat-shock response. The
model was expanded to include the GFP production/decay dynamics observed in our C. elegans strain (r6, r15).
The initially obtained model consisted of 12 species, 15 reactions and 24 parameters. It
was fitted to an “average worm” obtained by combining all images acquired on-chip (n =
15). All parameters were iteratively fitted to the average worm, by sequentially varying one
parameter with all others remaining constant.
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The parameters most likely to be responsible for the dynamics of the heat-shock response
were identified through sensitivity analysis, using a finite difference approximation. Parameters were analyzed with respect to their sensitivity to distinctive heat-shock-responsecurve characteristics such as maximum GFP expression, time to maximum GFP expression
and the half-life of the GFP expression. This analysis identified parameters for the formation
of the HSF3:HSE complex, as well as parameters affecting transcription, translation and degradation (k3f, k3r, k4, k6, hse0, hsf0) as having the strongest influence on the heat-shock response behavior and dynamics.
The initial selection was further refined by determining the effect of fitting a single parameter for each worm on the sum of objective functions (identifying k3f, k4, k5, k6, k11, k15,
hse0, β), as well as an approximate analytical solution of the equation system at steady state.
As the complete system is too complex for an analytical solution simplifications were made.
Specifically, it is assumed that all three parts of the heat-shock response are connected
through the existence of free HSPs, whose concentration is negligible during trimerization
and initial protein expression, as misfolded proteins are abundant, forming complexes with
the HSPs. This allows the isolated study of the three main system components: the protein
system, the HSF system and the HSP/GFP system. Analysis showed that initially the HSF system is in equilibrium with HSF3 concentration constant, with the HSF3:HSE concentration
being determined by r1-r3 and the initial HSF concentration (hsf0, k1f/r, k2f/r). For the
HSP/GFP system, translation is initially dominant, such that HSP/GFP concentration is proportional to the HSF3:HSE concentration (k6, k4, k5, k3f/r, hse0). Finally, in the protein system,
r13 can be neglected, as initially all HSP is considered to be bound to MFPs (k14, prot0, β). As
parameters within a subsystem are intimately connected one parameter was chosen as a
sufficient description for each.
In addition to mathematical considerations, biological factors were also considered. Specifically, HSF trimerization and other protein-protein interactions, such as protein refolding,
can be considered unregulated processes [238,239], and are thus not affected by the current
state of the organism. Processes such as transcription, translation and degradation on the
other hand are actively controlled processes, and readily affected by the state of the organism. The final simplified model therefore only contains HSP and GFP translation and degradation as key factors determining the process dynamics (k6, k11, k15). Production of HSP and
GFP is assumed to be proportional, as transcription is controlled by the same promoter
[226,233]. Decay of HSP and GFP was assumed to be proportional as well. The initial amount
of heat-shock factor, identified as a sensitive parameter, was also considered to be the same
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between animals, as animals are grown under the same conditions.

Figure B-2 | Comparison Model vs. Worms. Represented is a comparison between fluorescence intensity
values obtained from maximum intensity projections of the acquired Z-stacks at each time point and the
developed simplified model. It can be seen, that translation and degradation are sufficient parameters to
capture the experimentally observed behavior with good accuracy.

The simplified model (k6, k11 and k15) results in a good fit to the observations made in
worms imaged on-chip (Fig.B-2), all with a minimal number of parameters. Based on this
model the collected worm data can be classified into three categories: worms with a high
maximum GFP expression value and fast response, worms with high maximum GFP expression value and slow response, and worms with both a low GFP expression value and slow
response.
B1.3 Model Validation: On-Chip Screening and Sorting. Following the initial development of
the computational model, its suitability to predict the stochastic variability in large worm
populations was tested. A stochastic description of the heat-shock response seems feasible
considering the low initial concentrations of many of the involved species [232,240], as well
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as the large variations observed in single animals and populations [226,233]. For this purpose, the identified key parameters were varied within the parameter range observed for
worms imaged on-chip, resulting in a Gaussian distribution of expected HSP/GFP expression
curves at each time point. These computationally generated response curves (n = 10000)
were then compared to experimentally obtained response curves (n ≈ 3000 per time point)
(Fig.B-4).
Large worm populations were screened using a custom build microfluidic worm sorter
(Fig.B-3 A-B). Worm interrogation occurs in a manner similar to that used in a COPAS Biosorter™ [241]. Specifically, worms are flown through a narrow microfluidic channel into
which a laser light sheet and fluorescence detection optics are focused (Fig.B-3 C-D). The
laser light sheet, used for fluorescence excitation, is generated using a cylindrical lens. Following generation, the light sheet is directed into the backport of a fluorescence microscope
and focused onto the back focal plane of the observation objective. Worms flowing through
the microfluidic channel pass through the light sheet, oriented perpendicular to the channel,
emitting fluorescence and allowing the recording of a fluorescence time profile for each
worm. Worm fluorescence is detected using a confocal detection system consisting of a pinhole and a photomultiplier tube. Fluorescence signals were recorded and processed using a
custom programmed FPGA controller and LabVIEW software (Fig.B-3).
For on-chip screening experiments, worms were prepared as for the on-chip imaging experiments. A synchronized culture of day four adult hermaphrodite worms was exposed to
a one hour heat-shock at 37°C while on NGM plates. Worms were allowed to stay at 20°C for
4 hours, after which they were washed off the NGM plate and passed through the worm
screening device. Screening was repeated 8, 12, 24, 32 and 48 hours after the initial heatshock, resulting in the final HSP expression curves for an entire C. elegans population (n ≈
3000 per time point). Comparison of the experimental data points collected and data points
obtained from the computational model showed good agreement (Fig.B-4), indicating that
variation in heat-shock response is indeed most likely caused by differences in the animal’s
capability to produce and degrade HSPs.
As with non-heat-shocked worms imaged on-chip, non-heat-shocked worms screened using the developed microfluidic device showed only background levels of fluorescence and no
noticeable fluorescence increase over time (n ≈ 3000 per time point). This indicates, that
both worm handling and screening does not result in significant amounts of stress for the
animals under investigation.
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Figure B-3 | Microfluidic Worm Screening and Sorting setup. (a) Schematic of the microfluidic sorting device. Worms are delivered through the central inlet, with buffer used as sheath flow delivered through the
remaining two inlets. Sheath flows facilitate reproducible and fast passage of single worms along the microfluidic channel. Fluorescence profiles of single worms are detected right after the second sheath flow
is added. Upon detection, the desired outlet is addressed through actuation of on-chip hydraulic valves
(magnified insert, black), efficiently redirecting and collecting worms of interest. (b) Schematic of the
screening device. Same principle layout of the sorting device with a single outlet. Fluorescence profiles
are acquired and worms all worms collected. (c) Schematic overview of the sorting setup. All experiments
are carried out on an inverted microscope equipped with a 488-nm laser and confocal PMT detection
system. Fluorescence profiles are recorded using an FPGA card, through which specific solenoids connected to the on-chip valves. (d) Light path schematic. Laser light is expanded and shaped using a cylindrical lens and projected onto the microfluidic device. The collected light (BF and fluorescence is) is split
at a 20/80 ratio, observing both the sorting and the fluorescence profiles, using a high-speed camera and
PMT.

In addition to microfluidic worm screening, a microfluidic worm sorter was developed,
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such that different worm subpopulations could be collected (Fig.B-3 A) and assessed in
terms of heat-shock response dynamics over time and their lifespan. Worm sorting was accomplished by incorporating two Y-junctions and four on-chip hydraulic valves into the initial worm screening device. Through selective actuation of the on-chip valves, worms can be
directed to one of three outlets. Using the worm sorter initial large worm populations were
divided into smaller subpopulations with defined characteristics. Sorting was performed
based on GFP expression levels, and controlled by the FPGA controller and LabVIEW program, interfaced to a set of off-chip solenoid valves. Subsequent screening of the individual
populations again confirmed the existence of several classes of worms, with different heatshock responses (n ≈ 3000 per time point) (Fig.B-4), as predicted by the computational
model.

Figure B-4 | Heat-shock Response Population Screen. Cross-sections of the generated stochastic response
curves. Based on the model developed based on worms imaged on-chip a set of 10000 response curves
was generated within the observed parameter space. Represented are the mean fluorescence intensity
distribution for the stochastic model prediction (a) and screening experiment (b). Good agreement between the prediction and experimental data is found, further confirming that stochastic variability in
translation and degradation is the most likely reason for heat-shock response variability and associated
variability in longevity.

B1.4 Stochastic Heat-Shock Response Conclusions. Starting from observations made in a
small number of single worms, we derived and adapted a computational model for the heatshock response in C. elegans (Fig.B-2). Through careful analysis, the initial model was simplified identifying two key processes, protein translation and degradation, which appear to
be mostly responsible for the underlying variability in heat-shock response. Comparison between population data generated using this model and data collected using a microfluidic
screening /sorting device, further confirmed model predictions (Fig.B-4).
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However further validation of the model is still required. Model accuracy could be greatly
increased using protein concentration data. To date, model data and observations made in
single worms and populations are correlated using an arbitrarily chosen correlation value.
Furthermore, while imaging and screening of non-heat-shocked worms only showed background fluorescence levels, it is possible that heat-shocked animals are more sensitive to
small environmental changes, not relevant in non-heat-shocked individual. This idea seems
feasible, as increased longevity in heat-shocked animals is often attributed to a more sensitive stress response machinery [222,226,229]. A heightened sensitivity of the heat-shock response following the initial heat stress might distort the observed dynamics.
In general, variation between batches of worms is observed, some of which may be caused
by differences in growth conditions or worm handling. Accurate control of bacteria concentration and availability on NGM plates is difficult. This is true for both, screening experiments
as well as on-chip imaging. Worms taken from the same initial batch generally exhibit
smaller variations in HSP expression (n = 16), than worms imaged on different days. Considering the small number of worms imaged, this may be a result of randomly selecting
worms and the underlying stochastic variation. However, environmental factors (both onchip and off-chip) could have significant effects on heat-shocked individuals. Controls for the
effect of environmental factors on worms that experienced a heat-shock are therefore essential.
Furthermore, the effect of different HSP expression patterns on longevity needs to be assessed. Worms will be sorted into different categories, as defined by the modeled parameter
space, and longevity of these subpopulations will be assessed. This should offer new insights
into factors affecting longevity and the observed variation of age at the time of death.
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