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Summary 

Portable and inexpensive gas sensors are essential for the next generation of non-

invasive medical diagnostics, smart air quality monitoring & control and food quality 

assessment. While state-of-the-art chemical gas sensors can detect molecules at very low parts-

per-million or even billion (ppm/ppb) concentration, the major challenge remains in detecting 

them with high selectivity. Filters are an effective and versatile, though often unrecognized, 

route to overcome selectivity issues of sensors by exploiting addition molecular properties of 

analytes, such as their size, chemical reactivity or surface affinity. In this thesis, such filters 

based on packed particle beds are combined with flame-aerosol-made chemoresistive gas 

sensors, integrated into portable detectors and validated in the application.  

Chapter 1 provides a tutorial for the material engineering of sorption, size-selective and 

catalytic filters. First. the underlying filter concepts and principles for analyte separation are 

introduced, making use of high surface area adsorbents, microporous materials and 

heterogeneous catalysts. Then, specific implementations of filters with sensors are presented, 

highlighting trends and critically comparing their performance. Emphasis is thereby placed on 

material design for targeted gas separation, portable device integration and performance in the 

application. Finally, research frontiers and opportunities for low-cost gas sensing systems in 

emerging applications are highlighted. 

In chapter 2, a filter is presented enabling selective isoprene detection in breath. 

Isoprene is a promising breath marker for detection and monitoring of different phato- and 

physiological conditions such as high blood cholesterol. However, its detection in human 

breath with its hundreds of compounds is still challenging for chemical sensors. This is solved 

by a filter containing high surface area activated alumina that retains hydrophilic compounds 

in breath (e.g., ketones, alcohols, ammonia), while hydrophobic isoprene is not affected. 

Combined with a highly sensitive but non-specific Pt-doped SnO2 sensor, isoprene is detected 

within 10 s down to 5 ppb at 90% relative humidity and without interference of breath-relevant 

acetone, ammonia, ethanol and methanol. 

Chapter 3 presents a hydrophobic filter enabling highly selective detection of methanol 

over ethanol. Methanol consumption can cause blindness, organ failure or even death. 

However, currently no detector exists for quick screening of methanol-laced beverages or 

diagnosis of methanol poisoning by breath analysis as chemical sensors cannot distinguish 
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methanol from the much higher ethanol background. Here, this is enabled by a compact 

separation column (Tenax TA) that separates analytes as in gas chromatography, while a 

downstream chemoresistive gas sensor (Pd-doped SnO2 nanoparticles) detects analytes 

sequentially, thus selectively. This way, methanol is measured within 2 min from 1 to 

1,000 ppm without interference of much higher levels of hydrogen, acetone or ethanol (up to 

62,000 ppm). As a proof-of-concept, the detector reliably measured methanol concentrations 

in methanol-spiked liquor and breath samples. 

Methanol poisoning outbreaks after consumption of adulterated alcohol frequently 

overwhelm health care facilities in developing countries. Chapter 4 presents how the developed 

methanol detector can serve as a non-invasive and rapid diagnostic tool for methanol poisoning 

in breath. The detector was validated with methanol-spiked breath of 20 volunteers (105 breath 

samples) after consumption of alcoholic beverages. Thereby, spiked methanol concentrations 

were quantified accurately within 2 min in the full breath-relevant range (10–1,000 ppm) in 

excellent agreement (R2 = 0.966) with benchtop mass spectrometry. This simple-in-use 

detector is a promising diagnostic tool for rapid screening of methanol poisoning, assessment 

of severity and monitoring of treatment. The methanol detector can also be used by consumers, 

distillers and law-enforcing authorities to easily screen methanol in alcoholic beverages. 

Appendix A presents the methanol detector fully integrated into a hand-sized, multi-use 

sensor–smartphone system for on-demand headspace analysis of beverages. Thereby, methanol 

concentrations above and below legal limits are accurately quantified in 89 pure and methanol-

contaminated alcoholic drinks from 6 continents for 107 consecutive days. 

Finally, the concept of the hydrophobic separation column is applied to other analytes 

in chapter 5. Formaldehyde is a carcinogenic indoor air pollutant emitted from wood-based 

furniture, building materials, paints and textiles. Yet, no low-cost sensor exists for on-site 

monitoring to fulfill stringent current and upcoming exposure guidelines. Here, an inexpensive 

and handheld formaldehyde detector with proven performance in real indoor air is presented. 

Selectivity is achieved by a compact separation column that separates formaldehyde from 

interferants present in ambient air. Downstream, a highly sensitive nanoparticle-based 

chemoresistive Pd-doped SnO2 sensor detects formaldehyde in the relevant concentration range 

down to 5 ppb within 2 min. As a proof-of-concept, formaldehyde is measured in indoor air 

and from different wood product emissions, in excellent agreement (R2 > 0.98) with high-

resolution mass spectrometry. 

Chemical sensors rarely leave the laboratories because they struggle to provide the 

required selectivity in the application. In this thesis, it is shown how filters can be combined 
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with state-of-the-art sensors to overcome these limitations. This immediately results into useful 

detectors with validated performance. Given the immense potential of filters, they will almost 

certainly play a pivotal role in the future development of advanced sensor systems with 

unprecedented selectivity. 
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Zusammenfassung 

Tragbare und günstige Gassensoren sind essenziel für die nächste Generation von nicht-

invasiver Medizinaldiagnostik, automatischer Raumluftüberwachung und Steuerung, sowie in 

der Nahrungsmittelkontrolle.  Dabei können hochmoderne chemische Gassensoren heutzutage 

Gasmoleküle im extrem tiefen Konzentrationsbereich von nur einigen Molekülen pro Million 

oder gar Milliarde (ppm/ppb) detektieren. Die Herausforderung bleibt jedoch, bestimmte 

Moleküle selektiv in Gasgemischen mit hunderten von verschiedenen Komponenten zu 

detektieren. Filter stellen eine effektive und vielseitige, jedoch oft unerkannte, Methode dar, 

um Selektivitätslimitationen von Sensoren zu überwinden. Sie nutzen dabei zusätzliche 

Molekulareigenschaften von Molekülen aus, wie zum Beispiel deren Grösse, chemische 

Reaktivität oder Oberflächenaffinität. In dieser Arbeit werden solche Filter basierend auf 

Partikel-Packungen mit flammenhergestellten chemoresistiven Gassensoren kombiniert, in 

tragbare Detektoren integriert und in verschiedenen Applikationen validiert und getestet. 

Kapital 1 ist ein Leitfaden für die Materialentwicklung von Sorptions-, 

Grössenselektive- und katalytischen Filtern. Zuerst werden die zugrundeliegenden 

Filterkonzepte und Grundlagen zur Separation von Gasmolekülen unter Verwendung von 

Adsorber mit grosser Oberfläche, mikroporösen Materialien und heterogenen Katalysatoren 

eingeführt. Dann werden spezifische Umsetzungen von Filtern mit Sensoren vorgestellt, 

Trends aufgezeigt und deren Vor- und Nachteile kritisch verglichen. Der Fokus wird dabei auf 

das Materialdesign für gezielte Gasseparation, die tragbare Geräteintegration und deren 

Leistungsvermögen in der Anwendung gesetzt. 

In Kapitel 2 wird ein Filter vorgestellt, der die selektive Detektion von Isopren im Atem 

ermöglicht. Isopren ist ein vielversprechender Atemmarker für verschiedene pathologische und 

physiologische Zustände wie zum Beispiel hohes Blut-Cholesterin. Jedoch war das Messen 

von Isopren mit chemischen Sensoren im menschlichen Atem mit hunderten von anderen 

Komponenten bisher nicht möglich. Dies wird hier durch einen Filter ermöglicht, welcher aus 

aktiviertem Aluminiumoxid mit grosser Oberfläche besteht. Der Filter hält hydrophile 

Atemkomponenten (z.B., Ketone, Alkohole, Ammoniak) zurück, während hydrophobes 

Isopren nicht beeinflusst wird. Kombiniert mit einem hochsensitiven, aber nicht-selektiven, Pt-

dotierten SnO2 Gassensor wird Isopren damit innert 10 s bis auf 5 ppb bei 90% relativer 
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Luftfeuchtigkeit exakt detektiert, ohne Beeinträchtigung durch Azeton, Ammoniak, Ethanol 

und Methanol in atemrelevanten Konzentration. 

Kapitel 3 stellt einen hydrophoben Filter vor, der das hochselektive Messen von 

Methanol in der Gegenwart von Ethanol ermöglicht. Die Einnahme von Methanol kann zu 

Erblindung, Organschäden oder sogar zum Tod führen. Zurzeit gibt es jedoch keinen 

Methanol-Sensor der schnelles Methanol-Screening in Getränken oder zur Diagnose einer 

Methanolvergiftung aus der Atemluft ermöglicht. Dies, weil chemische Sensoren Methanol 

nicht von Ethanol unterscheiden können. Dies wird hier durch eine kompakte 

Separationskolonne (Tenax TA) gelöst, welche Gasmoleküle wie in der Gaschromatographie 

auftrennt, während ein dahinterliegender chemoresistiver Gassensor (Pd-dotiertes SnO2) die 

Gasmoleküle sequenziell, und dadurch selektiv, detektiert. Dadurch kann Methanol innert 

2 min im Konzentrationsbereich von 1 bis 1’000 ppm gemessen werden, ohne Störung durch 

höhere Konzentrationen von Wasserstoff, Azeton oder Ethanol (bis zu 62’000 ppm). In einer 

Machbarkeitsstudie erkannte der Detektor dabei Methanolkonzentrationen präzise in 

vergiftetem Rum und Atem. 

Ausbrüche von Methanolvergiftungen durch vergifteten Alkohol überwältigen 

regelmässig sanitäre Einrichtungen in Entwicklungsländern. Kapitel 4 befasst sich damit, wie 

der entwickelte Methanol-Detektor als schneller und nicht-invasiver Diagnosetest zur 

Erkennung einer Methanolvergiftung im Atem dienen kann. Der Detektor wurde dabei mit 

Methanol-zugesetztem Atem von 20 Freiwilligen (105 Atemproben) nach Konsum von 

Alkohol validiert. Methanolkonzentrationen im relevanten Bereich (10–1’000 ppm) wurden 

dabei innert 2 min akkurat und in exzellenter Übereinstimmung (R2 = 0.966) zum 

Massenspektrometer bestimmt. Dieser einfach anwendbare Detektor ist dadurch 

vielversprechend zur schnellen Diagnose einer Methanolvergiftung, zur Beurteilung des 

Vergiftungsgrades und zur Überwachung der Behandlung. Der Methanol-Detektor kann auch 

von Konsumenten, Schnapsbrenner und Vollzugsbehörden zum Aufspüren von Methanol in 

alkoholischen Getränken verwendet werden. Anhang A zeigt die Integration des Detektors in 

ein tragbares, batteriebetriebenes Messgerät zur Bestimmung von Methanol in Getränken. 

Dabei wurden Methanolkonzentration über und unter gesetzlichen Grenzen akkurat in 89 

alkoholischen Getränken aus 6 Kontinenten während 107 aufeinanderfolgenden Tagen 

bestimmt. 

Zum Schluss wird in Kapitel 5 das Konzept einer hydrophoben Separationskolonne zur 

Detektion von weiteren Molekülen angewandt. Formaldehyd ist ein krebserregender 

Luftschadstoff der von Holzmöbeln, Baumaterialien, Farben und Textilien emittiert wird. 
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Jedoch gibt es keinen günstigen Sensor zur Formaldehyd-Überwachung vor Ort, um strikte 

bestehende und bevorstehende Emissionsrichtlinien einzuhalten. Hierfür wurde ein günstiger 

und tragbarer Formaldehyd-Detektor entwickelt und in echter Innenraumluft getestet. 

Selektivität wird durch eine kompakte Separationskolonne erreicht, welche Formaldehyd von 

anderen Komponenten in Raumluft separiert. Stromabwärts wird Formaldehyd von einem 

hochsensiblen, nanopartikelbasierenden Pd-dotierten SnO2 Sensor bis auf 5 ppb innert 2 min 

detektiert. Als Machbarkeitsstudie wurden Formaldehydemissionen in Raumluft und von 

verschiedenen Holzprodukten in exzellenter Übereinstimmung mit hochauflösender 

Massenspektrometrie bestimmt. 

Chemische Sensoren verlassen selten die Laboratorien, da ihre Selektivität 

unzureichend für die Anwendung ist. In dieser Arbeit wird gezeigt, wie Filter mit 

hochmodernen Gassensoren kombiniert werden können, um dessen Selektivitätslimitationen 

zu überwinden. Dadurch resultieren sofort brauchbare Detektoren mit validierter Leistung. In 

Anbetracht des immensen Potentials von Filter werden diese mit Sicherheit eine zentrale Rolle 

in der zukünftigen Entwicklung von hochentwickelten Sensorsystemen mit ausgezeichneter 

Selektivität spielen. 
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Adapted with permission from J. van den Broek, I. C. Weber, A. T. Güntner, S. E. Pratsinis., Mater. Horiz., 

2020, 8, 661-684. Open Access CC BY-NC. 

Chapter 1 

1 Highly selective gas sensing enabled by filters 

 

 

Abstract 

Portable and inexpensive gas sensors are essential for the next generation of non-

invasive medical diagnostics, smart air quality monitoring & control, human search & rescue 

and food quality assessment to name a few of their immediate applications. Therein, analyte 

selectivity in complex gas mixtures like breath or indoor air remains the major challenge. 

Filters are an effective and versatile, though often unrecognized, route to overcome selectivity 

issues by exploiting additional properties of target analytes (e.g., molecular size and surface 

affinity) besides reactivity with the sensing material. This review provides a tutorial for the 

material engineering of sorption, size-selective and catalytic filters. Of specific interest are high 

surface area sorbents (e.g., activated carbon, silica gels and porous polymers) with tunable 

properties, microporous materials (e.g., zeolites and metal-organic frameworks) and 

heterogeneous catalysts, respectively. Emphasis is placed on material design for targeted gas 

separation, portable device integration and performance. Finally, research frontiers and 

opportunities for low-cost gas sensing systems in emerging applications are highlighted. 
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1.1 Introduction 

Gas sensors allow modern electronic devices to smell their environment. By utilizing 

portable and inexpensive sensors, a multitude of promising applications1 can be realized 

(Figure 1.1): Smart air quality control (indoor2 and outdoor3) with distributed, interconnected 

or drone-borne sensors that communicate wirelessly chemical data in real-time to map toxic 

pollutants (e.g., formaldehyde,4 NOx
5 or CFC-116); food quality assessment7 to monitor the 

production and distribution from plant growth (e.g., plant hormone ethylene8), regulate 

processing (e.g., acetic acid for aroma development in coffee9) and detect spoiling (e.g., 

ammonia for meat10) to minimize waste; non-invasive medical diagnostics by breath analysis11 

to detect diseases (e.g., cancer12 or diabetes13) and monitor their progression, or personalized 

tracking of physiological data (e.g., dieting14 or exercise15); and in human search and rescue16 

to assist first responders with robots capable to detect the unique human chemical signature17 

similar to dogs (e.g., after earthquakes or avalanches18), just to highlight some.  

For integration into electronic devices, gas sensors need to be compact, inexpensive and 

simple-in-use. Most importantly, they need to detect selectively volatile organic compounds 

(VOCs) and gases at low ppb to ppm (parts-per-billion/million by volume) concentrations in 

mixtures without interference over hundreds of others (e.g., >800 in breath19 or >250 in indoor 

air20). State-of-the-art gas sensors (e.g., chemoresistive21 or optical22) provide this sensitivity 

by making use of nanomaterials having high specific surface area (e.g., 5 ppb acetone at 90% 

relative humidity (RH) by leached nanostructured Pd/SnO2
23 or sub-ppb detection of Cl2 by 

nanoparticle-based liquid crystal sensors24). 

Most challenging, however, is selectivity, which can be tuned to some extent by 

material composition of single sensors including metastable phases,25 solid solutions,26 mixed 

oxides27 or heterostructures with unique morphology (e.g., hollow nanofibers28 or ordered 

macroporous oxides29). For example, the epsilon phase of WO3 (i.e., ε-WO3) stabilized by Cr-

doping showed some acetone selectivity (>6) to ethanol, methanol NOx, NH3 and CO.25 Also, 

In4Sn3O12 reacts selectively to formaldehyde,30 Ti/ZnO to isoprene,31 Si/α-MoO3 to ammonia,32 

or Ag/LaFeO3 to methanol.33 However, such selectivities are typically only moderate, apart 

rare exceptions exploiting unique analyte-sensor interactions (e.g., CuBr for ammonia34 or 

WO3 for NO2
35). This is often not sufficient in applications where interferant concentrations 

may be orders of magnitude higher than the target analyte (e.g., <8 ppb carcinogenic36 

formaldehyde in indoor air with ~1,000 ppb CO background37).  
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Figure 1.1: Compact and low-cost gas sensors in air quality monitoring, agriculture & food quality 

assessment and health & lifestyle applications. 

To discriminate between analytes in gas mixtures, different sensors can also be 

combined to arrays (also called electronic noses or E-noses), overcoming selectivity limitations 

of single sensors.38 Reviews on material design,39 data processing algorithms40 and applications 

(e.g., food quality and safety monitoring,41 or breath analysis42) of sensor arrays address their 

potential. Generally, arrays process different sensor signals by statistical models to classify 

different odors. A variety of algorithms is used based on descriptive43 (e.g., principle 

component analysis, hierarchical cluster analysis) and predictive methods44 (e.g., artificial 

neural networks), often requiring a large set of data to “train” the models. Typically, arrays do 

not detect and discriminate specific analytes, but rather distinguish and classify analyte patterns 

(i.e., odors). For instance, a sensor array might differentiate lung cancer patients from healthy 

subjects45 or distinguish different quality grades of Indian black tea46. Thereby, often broadly 

sensitive sensors are used, making the array susceptible to overfitting and bogus correlations 

from confounders.47 To discriminate multiple analytes and detect them with high accuracy in 



4 

gas mixtures, distinctly selective sensors, ideally with orthogonal features,48 are most desirable 

for inclusion into arrays.  

Filters represent a third approach to enhance the selectivity of gas sensors. They were 

first discussed in a review about selectivity in semiconductor gas sensors in 1987.49 Since then, 

filters were treated only as a side aspect in many books and reviews of gas sensors in general,50 

gas sensor types (e.g., metal-oxide,51 arrays,52 zeolite,53 metal-organic frameworks,54 

mesoporous materials,55 combustible56) and applications (e.g., environment, health and 

safety,57 automotive,58 explosives,59 pollution,60 indoor air quality,2 health monitoring and 

disease diagnostic61). Placed either in front (e.g., packed beds) or directly on top (e.g., 

overlayers) of sensors, filters alter the composition and/or concentration of analytes in gas 

mixtures before reaching the sensor. In the ideal case, the target analyte is not affected while 

interferants are removed, resulting in high selectivity (>1,000) even with non-selective 

sensors.62 Already in 1980, a packed bed of zeolite 3A was tested to filter H2S to selectively 

detect H2 by a commercial SnO2 sensor (Taguchi, Figaro).62 Also, SiO2-covered SnO2 sensors 

eliminated interference by CO, CH4, ethanol and isobutane for selective H2 detection,63 

charcoal and carbon cloth were used to protect CH4 sensors from poisoning by siloxanes,64 and 

zeolite 5A filters blocked H2S and ethylene for selective CO detection.65 Today, filters are well-

established in most industrial sensors (e.g., CO66 and CH4
67 alarm sensors), however, their 

immense potential remains rather unexplored. 

Only recently, filters were used to overcome selectivity issues of sensors for other, so 

far inaccessible, applications such as revealing methanol-adulterated liquors by separating 

methanol from ethanol in a packed bed sorption filter,68 detecting H2 leaks to fulfil, for the first 

time, stringent national standards by a polymer membrane on top of a plasmonic sensor,69 and 

monitoring body fat burn from breath acetone by combusting interferants on a Pt/Al2O3 filter70 

preceding a Si/WO3 sensor. Thereby, the distinct advantage of filters is the exploitation of 

additional and complementary molecular properties (e.g., size, sorption affinity), often not 

accessible by sensors alone. By using advanced materials (e.g., microporous metal-organic 

frameworks, MOF) and material design on the nanoscale (e.g., heterostructures, nanocluster 

dopants), filters can be designed systematically to achieve high sensor selectivity. Most 

importantly, filters can be modular to the sensor and thus flexibly combined with different 

sensor technologies (e.g., optical,69 chemoresistive,71 electrochemical72) and even sensor 

arrays73.  

Here, we systematically review sorption, size-selective and catalytic filters with 

guidelines for their design in assembling highly selective sensor systems. Selectivity 
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improvement by filters comes at increased complexity of the sensing system and each filter 

type introduces distinct advantages and disadvantages, broadly summarized in Table 1.1. We 

address these characteristics by first introducing the underlying filter concepts and basic 

principles necessary for analyte separation. Then, specific implementations of such filters are 

presented, highlighting trends and critically comparing their performance. Finally, device 

integration and performance in practical cases are elaborated. We close by highlighting current 

challenges and opportunities. 

Table 1.1: Performance characteristic of different filter types (○, ↑, ↓ indicating no change, increase 

and decrease in comparison to the sensor without filter, respectively). 

Filter 

type 
Configuration Selectivity 

Flexibility for 

selectivity 

Multi-

analyte 

detection 

Sensitivity 
Analysis 

time 

Power 

consumption 
Size 

Sorption 
Packed bed ↑ ↑ ↑ ○ ○ ○ ○ ↑ 

Separation column ↑ ↑ ↑ ↑ ↑ ↑ ↓ ↑ ↑ ↑ ↑ ↑ ↑ 

Size-
selective 

Overlayer ↑ ↑ ○ ○ ○ ○ ○ 

Membrane ↑ ↑ ↑ ↑ ○ ↓ ↑ ○ ↑ 

Catalytic 
Overlayer ↑ ↑ ○ ↑ ○ ○ ○ 

Packed bed ↑ ↑ ↑ ↑ ○ ○ ○ ↑ ↑ 

1.2 Sorption filters 

1.2.1 Definitions & principles 

A sorption filter exploits the difference between analytes flowing or diffusing through. 

So mixtures of analytes either adsorb74 onto or are absorbed in the filter to enhance the sensor 

selectivity downstream. Most sorption filters are based on adsorption, while absorption 

dominates gas chromatography (GC)-sensor systems. These filters are inexpensive and 

modular to the gas sensor,71 thus easy to implement and characterize. Most importantly, they 

are flexible as a wide range of sorbents is available to separate analytes based on polarity,75 

hydrophilicity,71 boiling point,76 molecular weight68 or size77. A drawback is their saturation,78 

requiring replacement or regeneration by purging with clean air and/or by heating79 that tends 

to prolong sensor response and recovery times. However, by combining purging and heating, 

adsorbents can be regenerated within minutes80 as established for thermal desorption tubes in 

air quality monitoring.81 

For adsorption, the chemical surface groups (nonpolar, polar and analyte-specific), 

accessible surface area and pore size distribution of the adsorbent (filter) are important (Figure 

1.2a). Adsorption of analytes takes place through weak (10–100 meV) and reversible physical 

forces (i.e., van der Waals).82 Sorption filters are often packed beds of adsorbent particles, 

porous granules or fibers. To characterize their adsorption capacity for certain analytes, a 
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breakthrough curve is recorded.83 Thereby, the analyte concentration at the filter outlet is 

measured for constant inlet analyte concentration and flow rate. The time for the outlet analyte 

concentration to reach a certain fraction (often 5%) of its inlet is defined as the breakthrough 

time. 

 

Figure 1.2: (a) Critical adsorbent (filter) properties: Surface chemical groups, surface area and pore 

size distribution. (b) Effect of overall flow rate through the filter on the breakthrough time.84 (c) Effect 

of filter (adsorbent) loading and analyte concentration on breakthrough volume.85 (d) Effect of 

temperature on specific breakthrough volume.80 (e) Effect of RH on the breakthrough time.86 

Decreasing the flow rate through the filter (adsorbent) prolongs the breakthrough time 

linearly (Figure 1.2b),85 but typically lowers the sensor response as fewer analyte molecules 

reach the sensor.87 Breakthrough time multiplied by the flow rate gives the breakthrough 

volume that is flow rate-independent and increases proportionally with adsorbent loading since 

more surface area is available for analyte adsorption (Figure 1.2c).85 However, larger filter 

loadings result in larger pressure drop88 through the filter and prolong the sensor response time. 

Typically, the breakthrough volume is normalized with respect to adsorbent loading.89 This 

material-specific property is useful in design of sorption filters and independent (for a wide 

range) of flow rate and adsorbent loading. At low analyte concentrations (<10 ppm), 

breakthrough volumes are independent of concentration, as typically seen in GC.90 This is 

important for gas sensing in breath analysis or indoor air monitoring where analyte 

concentrations are in that range (e.g., ~500 ppb acetone in breath91 or ~80 ppb formaldehyde 

in indoor air92). But concentrations can reach also hundreds of ppm in certain conditions (e.g., 

ethanol from cleaning products93 or propane/butane from gas cookers), where breakthrough 

occurs earlier as the capacity of adsorbent is exhausted. This is shown exemplarily in Figure 
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1.2c for adsorption of 85–539 ppm hexane on a porous non-polar polymer adsorbent with large 

surface area (Chromosorb 106, >700 m2 g-1).85  

Adsorption by physical forces is temperature-dependent (van’t Hoff law94) resulting in 

a steep decrease of breakthrough volumes with increasing temperature. This is shown in Figure 

1.2d for adsorption of hexane on a porous non-polar polymer adsorbent (Tenax TA), where 

increasing the temperature from 0 to 20 °C reduces the breakthrough volume by 95%.80 Heating 

is used to accelerate regeneration of sorption filters (e.g., packed zeolite bed75 for CH4 sensing 

within 2 h by heating to 250 °C) and control the separation of compounds by GC95. Another 

factor is relative humidity (RH) that is omnipresent in most applications (e.g., up to 95% at 36 

°C in exhaled human breath96). Adsorption of water leads to partial blocking of adsorption sites 

and reduces the breakthrough time, depending on adsorbent hydrophilicity. For instance, 

increasing the RH from 0 to 61% for weakly polar activated carbon fibers reduced the 

breakthrough time of benzene by 76% (Fig, 1.2e). In contrast, when using the non-polar 

polymer adsorbent Tenax TA, this time was not affected.97 

1.2.2 Adsorbent materials & properties 

Sorption filters preceding gas sensors are tabulated in Table 1.2, showing their 

composition, target analytes and figure of merit. First64 sorption filters for gas sensing were 

carbon-based77 (i.e., activated carbon, graphene, carbon molecular sieve, carbon fiber, etc.) as 

these were well established already for vapor filtration (e.g., gas masks98). Other important 

adsorbents include silica (silica gel99 and mesoporous silica100), porous polymers (e.g., Tenax 

TA101), activated alumina,102 zeolites103 and metal-organic frameworks (MOFs)104. These 

feature high porosity and surface area (Figure 1.3a–d), resulting in high adsorption capacity. 

They are commercially available in a variety of shapes (e.g., powders, granules, pellets, fibers), 

specific surface areas, pore sizes and chemical functionalization (e.g., surface polarity).89 

Specific surface areas range usually from 20 m2 g-1 for some porous polymers (e.g., Tenax 

GR89) up to 7,000 m2 g-1 for ultra-high surface area MOFs105 (Figure 1.3e). 

Carbon-based adsorbents, silica gels, porous polymers and activated alumina typically 

feature a mix of meso- (2–50 nm) and micropores (<2 nm) with similar log-normal pore size 

distributions.106 Zeolites107 and MOFs108, on the other hand, have a well-defined micropore size 

in the same order of magnitude as gas molecules (e.g., kinetic diameter of benzene109 is 

0.59 nm) that depends on their composition. The accessible surface area, and thus adsorption 

capacity, depends often on adsorbent’s pore size and analyte’s molecular size. For instance, p-

xylene can access the pores of adsorbent MOF-107, while m- and o-xylene cannot, resulting in 
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enhanced adsorption capacity of p-xylene.110 When applied as dense layers or membranes, such 

an effect can even be used to create a sharp size cut-off (e.g., dehydration of solvents by zeolite 

membranes111). Also the adsorbent surface properties are crucial and can be controlled 

thermally (e.g., higher surface area of activated carbon at higher pyrolysis temperature112) and 

chemically113 (e.g., alkali treatment of activated carbon to increase adsorption of hydrophobic 

VOCs,114 plasma/microwave treatment,115 ammonization116 or oxidization117). 

 

Figure 1.3: SEM images of commercial adsorbents: (a) Activated carbon.118 (b) Silica gel.119 (c) Porous 

polymer (Tenax TA).68 (d) Metal-organic framework (MOF-177).120 a–d: Reproduced with permission. 

Open Access CC BY. (e) Range of surface areas for sorption materials.  

Sorption filters of relatively non-polar carbon-based adsorbents (e.g., charcoal, 

activated carbon) are used to remove VOCs that interfere with the selective detection of 

relatively inert, non-polar gases such as H2, CO or CH4 (Figure 1.4a). On non-polar adsorbents, 

VOCs are adsorbed mostly by non-specific dispersion forces that are proportional to VOC’s 

molecular weight.121 Such filters have been used in commercial CO sensors to meet national 

standards.76 For instance, the ethanol response of a SnO2 sensor is reduced by more than an 

order of magnitude with a charcoal filter (Figure 1.4b, open vs. filled squares), in contrast to 
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CO (circles) and H2 (triangles) that are not affected.76 Also other VOCs, such as butane, 

heptane, ethyl acetate76 and silicones59 are filtered out, resulting in highly selective detection 

of small, non-polar gases (e.g., CH4
76). 

 

Figure 1.4: (a) Concept of non-polar activated carbon VOC filter for sensing of low molecular weight 

gases. (b) Responses of a SnO2 sensor to H2 (triangles), CO (circles) and ethanol (squares) without 

(filled symbols) and with (open) preceding activated carbon filter.76 Note that symbols for H2 and CO 

with and without filter are on top of each other indicating that they passed unscathed through the filter 
that caught most (~90%) ethanol. (c) Concept of polar activated alumina filter that retains hydrophilic 

compounds while hydrophobic isoprene passes unhindered. (d) Response of a Pt/SnO2 sensor to breath-

relevant analytes at 500 ppb without (left panel) and with that filter (right panel).71 

In contrast, polar adsorbents interact with analytes mostly through dipole-dipole122 and 

hydrogen bonding123, resulting in more specific molecule removal (e.g., alcohols, carbonyls, 

aldehydes). Such polar adsorbents, including activated alumina,124 silica gel,125 P2O5,
126 

Nafion,127 metal-organic pastes,128 CaCl129 and NaOH,130 also strongly adsorb water. So, they 

are used as desiccants to minimize the impact of humidity that compromises sensor 

performance (e.g., SnO2)
131. For example, activated alumina is covered by a thin water layer in 

the presence of humidity132 that adsorbs hydrophilic analytes such as alcohols, ketones and 

ammonia by hydrogen bonding, while hydrophobic hydrocarbons are not affected (Figure 

1.4c). This facilitated selective sensing of isoprene, a non-invasive marker for cholesterol and 

other metabolic conditions,133 by a packed bed filter of commercial activated alumina (1 g only) 

upstream of a non-selective Pd/SnO2 sensor at 90% RH.71 While that sensor without filter is 

not selective (Figure 1.4d), only isoprene is detected with the filter during 40 s of exposure 
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before hydrophilic analytes break through (e.g., acetone after 52 s). This is much shorter than 

typically obtained with carbon-based filters (>1 h134) due to their much higher surface area 

(>1,000 vs. 155 m2 g-1, for activated carbon and alumina, respectively), but sufficient for end-

tidal breath measurements135 and buffered samplers.136 The resulting isoprene selectivity by 

using this filter outperforms71 other TiO2,
137 Ti/ZnO31 and h-WO3

138 sensors for isoprene. 

More specific interaction includes silver ions that adsorb ethylene quite selectively due 

to π–π interactions.139 This was used for selective detection of ethylene for monitoring fruit 

ripeness using a Ag-doped alumina filter.140 After sampling and trapping of ethylene, it is 

released by heating the filter to 60 °C, and detected by a non-specific amperometric sensor 

without interference by NO, NO2, SO2 and acetylene.140 Another example is indigo, whose 

reactive C=C bond selectively reacts with ozone.141 This is used by NO2 sensors in the form of 

indigo-impregnated filter paper,142 indigo layers directly deposited on a semiconducting 

sensor143 or indigo dispersed in a packed bed of carbon nanotubes144 to mitigate interference 

by ozone. Using differential sensing techniques, such indigo filters were even used for selective 

ozone detection.142 Such analyte-specific interactions were obtained also during formation of 

chemical complexes,145 for instance, ammonia with CaCl146 or CuBr34 forming Cu(NH3)2
+. The 

first was used to reduce ammonia concentrations in breath from 10 ppm to only 0.8 ppm while 

other breath analytes were not influenced.129 The second has been applied for sensing ammonia 

down to 5 ppb at room temperature and 90% RH,147 but can be used as filter as well. Also quite 

promising for sorption filters is chemical derivatization, used for instance for selective removal 

of aldehydes in gas mixtures (e.g., indoor air) by 2,4-dinitrophenylhydrazine.4 Another option 

is surface acidity/basicity tuning for preferential adsorption of bases/acids (e.g., acetic acid on 

basic Y/ZnO148). 

1.2.3 Analyte separation in time 

Sorption filters can also act as GC columns to separate analytes in time rather than 

remove them completely.149 For this, the analyte-containing gas sample is carried through the 

filter by a gas (e.g., helium, nitrogen and rarely air) with a pump or pressurized gas cylinder. 

Most GC-sensor systems (partition or gas-liquid GC)95 use open tubular columns (coated with 

a liquid phase on the inside),149 which are heated to control analyte separation.150 If the elution 

(retention) times of analytes are quite apart, analytes can be detected sequentially by the sensor 

resulting in very high selectivity and multi-analyte detection capacity (e.g., H2 and CH4 in 

breath151). An inherent drawback of GC-sensors is their batch nature, preventing continuous 

monitoring of analytes. However, by miniaturizing GC-systems for low sample and dead 
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volumes and optimizing column heating protocols, analysis time can be reduced to a few 

seconds.152 

The first GC-sensor systems were combinations of GC columns with a portable gas 

sensor.153 They selectively detected a variety of analytes, including formaldehyde,154 breath 

acetone,155 VOCs from groundwater headspace,156 H2 and CH4,
157 alcohols158 and aromatics159 

with limits of detection as low as 15 ppt.160 Even highly complex mixtures of up to 50 

analytes161 could be separated by 2-dimensional GC techniques (two columns in series) with 

validated performance for occupational exposure monitoring.162 Such GC–sensor systems are 

available commercially, for instance the Defiant TOCAM163 or Dräger X-pid164 for broad 

chemical analysis or the Quintron Breath Tracker151 for breath H2 and CH4 in the diagnosis of 

lactose malabsorption. However, such systems are expensive (several hundred dollars for the 

column alone), bulky (coiled column of several meters length), heavy (several kg) and require 

high power (for heating of the column), making them not suitable for battery-powered and 

handheld detectors.  

Micro GC–sensor systems can be based entirely on microelectromechanical systems 

(MEMS)165 using planar (i.e., microchip) GC columns,153 resulting in much smaller and 

portable systems, i.e., mountable on a belt166 (Figure 1.5a). Such systems can reach separation 

performance close to benchtop GCs, as illustrated in Figure 1.5b where 21 different VOCs are 

separated within 200 s by a GC-flame ionization detector (FID, red chromatogram) and the 

micro GC-sensor system (blue chromatogram).166 They have been tested with a variety of 

analyte mixtures, including indoor air pollutants,167 lung cancer biomarkers,168 chemical 

warfare agents,169 aromatics,170 trichloroethylene in indoor air,171 explosive markers172 or 

VOCs for workplace exposure safety.173 However, GC-sensor devices with proven 

performance under real conditions validated with a benchtop device (e.g., as shown in Figure 

1.5c for personal exposure monitoring of trichloroethylene with a GC-FID and the belt-

mounted GC-sensor device166) are rare. 

Simpler implementation is achieved by focusing on single analytes for specific 

applications. An example is a detector consisting of a non-specific Pd/SnO2 gas sensor and a 

compact separation column for screening of methanol in alcoholic beverages and exhaled 

breath to detect liquor adulteration and diagnose methanol poisoning non-invasively.68 The 

detector is handheld (94 g), fully integrated, inexpensive and can communicate results by Wi-

Fi to a smartphone (Figure 1.5d).174 It uses a compact packed bed (4.5 cm long, 4 mm diameter) 

of commercial Tenax TA sorbent with room air as carrier gas instead of a capillary or microchip 

GC column.68 As a result, methanol is detected selectively in the headspace of alcoholic drinks 
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laced with 1 vol% methanol within 2 min (Figure 1.5e).174 After flushing the column with room 

air for 10 min,68 it is fully regenerated and ready for the next measurement. The device revealed 

harmless from harmful concentrations of methanol down to 0.01 vol% in different wines, beers 

and liquors from six continents (Figure 1.5f).174  

 

Figure 1.5: (a) State-of-the-art micro GC-sensor system consisting of micropreconcentrator-focuser 

(μPCF), microseparation column (µSC) and microchemiresistor array (μCR array) that can be 
mounted on a belt. Reproduced with permission.166 Copyright 2019 American Chemical Society. 

(b) Chromatograms of a mixture of 21 VOCs by a benchtop GC-FID and by the micro GC-sensor system 

showing similar separation performance for both systems.166 (c) Selective monitoring of 
trichloroethylene over 60 min by a belt-mounted micro GC-sensor system (dashed line) in comparison 

to measurements by benchtop GC-FID (solid line).166 (d) Handheld analyzer for measurement of 

methanol in laced beverages. Reproduced with permission.174 Copyright 2020 Springer Nature. 

(e) Sensor response after sampling of Stroh 80, Arrack, beer and water laced with 1 vol% methanol.174 
(f) Scatter plot of the sensor-measured methanol concentrations versus the actual concentration for 

beverages laced with harmless and harmful methanol concentrations.174 

This concept of simple packed bed separation columns can be adapted easily to other 

applications. For example, using a larger (500 mg) Tenax TA separation column, formaldehyde 

was measured within 2 min at concentrations as low as 5 ppb at 40% RH without interference 

by H2, CH4, CO, methanol, acetaldehyde, ethanol, and acetone. As a result, ppb-level 

formaldehyde concentrations were detected for the first time in wood-product emissions and 

in indoor air with a low-cost solid-state sensor.175 This is possible by the very high selectivity 

provided by the simple and modular packed bed sorption column, which cannot be reached 

typically by sensors alone (e.g., ZnO/ZIF-8 core-shell structures,176 NiO-SnO2 

microflowers177) or their arrays (e.g., four SnO2-based sensors178).  
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1.3 Size-selective filters 

1.3.1 Definitions & principles 

Size-selective filters separate analytes by their kinetic diameter. These filters are 

microporous179 with pore sizes (usually <2 nm) comparable to analyte diameters. If applied as 

membranes in front of the sensor, analytes larger than the pore size are blocked (i.e., size cut-

off) from reaching the sensor (Figure 1.6a). This can result in very high selectivity to target 

analytes over hundreds of interferants typically present in such mixtures (e.g., VOCs in indoor 

air180 such as terpenes, alkenes, aromatic hydrocarbons). A drawback of such filters is their 

ineffectiveness for interferants smaller than the target analyte, which can be addressed by 

combination with other filter types or selective sensing materials. All size-selective filter–

sensor systems are tabulated in Table 1.3 together with various figures of merit for comparison. 

 

Figure 1.6: (a) Working principle of a size-selective zeolite filter. Arrows indicate blocked (red) and 
possible (green) diffusion through the microporous structure. (b) Kinetic diameters of common analytes 

in gas sensing and pore sizes of commonly used zeolites107 (dashed lines) and MOFs181 (solid lines). (c) 

Effect of analyte kinetic diameter on membrane permeance at three temperatures.182 (d) Effect of 

membrane thickness on permeance.183 (e) Effect of membrane defect size and concentration on diffusion 

of analytes through such defects.184 

Most promising microporous materials are zeolites,185 MOFs186 and covalent organic 

frameworks187 (COF) featuring pore sizes that depend on crystal structure and composition. 

An advantage is the myriad of available frameworks (e.g., 248 zeolites,107 thousands of MOFs 

and COFs188) offering distinct pore sizes that can be matched flexibly to target analytes. This 

is illustrated in Figure 1.6b, showing the kinetic diameters of common analytes in gas sensing 
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and the pore size of selected zeolites (red) and MOFs (blue). Because of their high internal 

surface area and intrinsic microporosity, zeolites and MOFs are used frequently for catalysis189 

(e.g., production of styrene with zeolite ZSM-5 catalyst190), gas storage191 (e.g., H2 in MOF 

Cu-EMOF192) and even sensors (e.g., chemoresistive54 or optical193 MOFs and zeolites58). 

The selectivity of such filters is characterized by the analyte permeance (molar flux per 

unit driving force).194 The permeance strongly depends on analyte size as shown in Figure 1.6c 

exemplarily for a zeolite (SSZ-13) membrane with 0.38 nm pore size (dashed line).182 In fact, 

H2 (0.28 nm) features almost three order of magnitude higher permeance than SF6 (0.55 nm). 

However, differences in adsorption strength between analytes can influence the permeance.195 

For instance, CO2 preferentially adsorbs on SSZ-13, hindering diffusion of other compounds 

in gas mixtures through the zeolite.182  

A key property of size-selective filters is their thickness that is inversely proportional 

to analyte permeance, as shown exemplarily for H2 and He on 1.9–180 nm thick microporous 

graphene oxide (GO) layers (Figure 1.6d).183 Thus, thin layers are needed for fast sensor 

responses. This often comes at the cost of higher defect density (e.g., cracks or pinholes), 

compromising separation selectivity since analytes can pass through the defects. The relation 

between defect concentration and diffusion is shown in Figure 1.6e for propane and zeolite 

MFI membranes.184 Even extremely low defect concentrations reduce drastically analyte 

selectivity.184 Thus, a major challenge for effective size-selective filters is the synthesis of thin 

and defect-free ones (e.g., MOFs,196 zeolites184 and GO197). Mixed matrix membranes 

(MMM)198 that consist of a microporous material dispersed in a polymer matrix are promising 

also. The MMMs can be easily processed to thin membranes with a small number of defects, 

resulting in high permeance while preserving selectivity. 

1.3.2 Pore-size control 

First size-selective filters were layers of amorphous SiO2 directly on top of sensing 

films (e.g., SnO2,
199 Ga2O3,

200 WO3
201 or In2O3

202). These were obtained at elevated 

temperature (>500 °C) under exposure of the sensing film to a silicone source (e.g., 

hexamethyldisiloxane).203 The resulting microporous SiO2 layer is impenetrable for most 

analytes except for very small H2, resulting in a more than 100 times higher H2 selectivity204 to 

VOCs (e.g., ethanol, acetone and benzene). This is remarkable for chemoresistive H2 sensors, 

which offer low limit of detection (e.g., 10 ppb by CeO2/In2O3
205) that is critical for leak 

detection,206 but typically suffer from poor selectivity207 (e.g., <13 to CO for that sensor205). 

However, the introduced diffusion barrier also increased response and especially recovery 
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times of sensors from seconds to several minutes208 or even hours209 depending on SiO2 

thickness. This is too long for most applications (e.g., seconds for leak detection210).  

Capitalizing on the effect of filter layer thickness on analyte permeance (Figure 1.6d), 

SiO2 layers with graded thickness211 had also been deposited on chemoresistive microarrays, 

allowing slight selectivity modulation from sensor to sensor. While individual sensors remain 

unspecific, different analytes (e.g., formaldehyde, CO, ammonia, acetone, etc.) were 

distinguished by pattern analysis in offline breath analysis212 and air quality monitoring.213 The 

pore size and shape of SiO2 can even be adjusted flexibly by molecular imprinting adsorbed 

molecules as template during deposition.214 For instance, templating such layers on SnO2 

sensors with benzaldehyde resulted in high selectivity to linear hexane over its branched 

isomers.215 Templating with smaller butanal, however, reduced responses to all analytes.215 

Other microporous materials allow even more flexible control over pore size to adjust 

selectivity. For instance, pristine graphene oxide (GO) membranes have a narrow pore size 

distribution <0.3 nm216 that is typically adjusted (i.e., size and density) by physical (e.g., ion-

bombardment217) and chemical treatments (e.g., oxidative etching218). Such dense and porous 

GO membranes with small (0.3–0.4 nm) and large (0.5–0.6 nm) pores were placed upstream 

of PdO/WO3 sensors for selective detection of H2S (Figure 1.7a).219 The sensor with dense GO 

layer (Figure 1.7b, squares) showed lower H2S selectivity and sensitivity than the sensor alone 

(circles), as all analytes cannot pass the small intrinsic GO pores. For GO layers with large 

(triangles) and small (diamonds) pores, the H2S selectivity is increased to formaldehyde and 

large analytes (i.e., ethanol, acetone and toluene 0.59 nm220) compared to the sensor alone. For 

instance, the selectivity to acetone is tripled (from 4.7 to 14) by covering the sensor with a GO 

layer having small pores, while response and recovery times did not change much. However, 

analytes smaller than the pore size (i.e., ammonia 0.29, H2S 0.36 and methanethiol 0.45 nm) 

can pass through the pores more easily, so the H2S selectivity is increased less. The exception 

is formaldehyde (0.23 nm), probably due to its preferential adsorption221 on GO. Overall, the 

obtained H2S selectivity is only moderate (<15 over ammonia and ethanol) and surpassed by 

other chemoresistive H2S sensors (e.g., >700 over ammonia and ethanol by CuO222). However, 

these modular GO layers could be combined readily also with other, more selective H2S 

sensors. 

Zeolites and MOFs feature very narrow pore size distributions. While MOFs have been 

used as selective sensor materials (e.g., interference-223 or luminescent224-based), the first 

implementation as auxiliary size-selective filters were ZIF-8 layers directly grown on ZnO 

nanowire sensors operated at 250 °C.220 The ZIF-8 membrane features pore openings of 0.34 
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nm,225 smaller than most analyte diameters (Figure 1.6b). While the sensor without filter 

showed low (<5) H2 selectivity to toluene and benzene, their responses are completely blocked 

by the ZIF-8 layer irrespective of their concentration, resulting in high H2 selectivity. Using 

ZIF-8 as filter also blocked CO,226 ethanol227 and acetone227. These results outperform even 

SiO2-covered sensors, especially as response and recovery times are unscathed due to the very 

thin (2–3 nm227) ZIF-8 thicknesses. They are only outperformed by other sensor technologies 

such as optical nanoplasmonic sensors228, which however suffer from higher detection limits 

(~0.1 vol%69). 

 

Figure 1.7: (a) Concept for H2S selective sensor by GO filter membrane. Reproduced with 

permission.219 Copyright 2020 American Chemical Society. (b) H2S selectivity over various confounders 
of a PdO-doped WO3 sensor with GO filter membranes.219 (c) Pore size-dependent selectivity of ZnO 

nanorods covered by metal-organic frameworks ZIF-8 and ZIF-71. Arrows indicate if an analyte’s 

diameter is smaller (blue) or larger (red) than the MOF pores. (d) ZnO sensor response without (pink) 
and with ZIF-8 (yellow) or ZIF-71 (green) MOF overlayers.181 (e) Cross-section image of a Pd-doped 

SnO2 sensing film on Al2O3 support coated with MFI zeolite. Reproduced with permission.229 Copyright 

2007 Elsevier. (f) Pd/SnO2 sensor responses with hydrophobic MFI or hydrophilic LTA overlayers 

normalized to sensor responses without filter (line).229 

By using MOFs with different pore sizes, the selectivity can be changed drastically 

using the same sensor, as shown exemplary in Figure 1.7c,d for MOF-coated ZnO nanorods.181 

With ZIF-8 coating (Figure 1.7d, yellow bars), most of ammonia and H2 pass through, giving 

similar responses to bare sensors (red bars, reduced by <20%). The responses for larger 

analytes (i.e., ethanol, acetone and benzene), however, decreased by a factor of 4–6. In contrast, 

for ZIF-71 coatings with larger pore opening (0.48 nm, green bars), ethanol and acetone pass 

through and even show slightly higher sensor response than the uncoated sensor. Such 
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increased responses were also observed for H2S on ZIF-71 covered WO3 sensors230 and were 

attributed to enhanced analyte adsorption onto the ZIF-71.231  

Besides framework composition, the pore size of MOFs232 and zeolites233 can also be 

adjusted by encapsulation of ions or nanoparticles in their pores. For instance, the selectivity 

of a ZnO sensor coated with ZIF-71 was tuned by incorporation of silver nanoparticles.234 With 

increasing nanoparticle size and concentration, the response to acetone decreased by 64%, 

while that to H2 increased by 83%.234 These results show how size-selective filters enable the 

control of sensor selectivity based on analyte size–otherwise impossible by sensor materials, 

arrays or other filter types that interact mostly chemically with the analytes. 

Figure 1.7e,f shows the effect of different zeolite frameworks on the selectivity of a Pd-

doped SnO2 sensor operated at 300 °C in dry air.229 MFI and LTA zeolite layers (~25 µm 

thickness with pore sizes 0.47 and 0.42 nm,107 respectively) were grown directly on screen-

printed sensors (Figure 1.7e) by seeding their surface with zeolite crystals and subsequent 

solvothermal synthesis.235 Figure 1.7f shows the response with MFI (red bars) and LTA (blue 

bars) to different analytes normalized to the response without zeolite layer. While this sensor 

is non-specific, by adding an MFI layer, it responds selectively to H2, CO and H2O. In contrast, 

LTA increased primarily the selectivity to ethanol and H2O. Both layers significantly reduced 

the responses to propane and CH4, but also increased response times from 38 s to 3 and 16 min 

with LTA and MFI layers, respectively. The selectivity changes were mostly attributed to 

zeolite adsorption characteristics (LTA is hydrophilic and MFI hydrophobic) and not to size-

selective diffusion, as the zeolite layers showed a large number of intra-crystalline voids (i.e., 

defects leading to unselective diffusion as shown in Figure 1.6e). Layers with similar 

performance were prepared also by simple micro-dropping of zeolite suspensions directly on 

sensors to preserve their film integrity.236  

A variety of zeolites coated on different sensors (e.g., FER on Au-La2O3/SnO2,
237 LTA 

and MFI on WO3,
238 Cr2TiO5

238 and Zn1-xCuxO,239 array of FAU, BEA and MOR on ZnO240 

and mixtures of LTA, FAU and MFI on SnO2
241) showed a modulation of sensor response. For 

instance, ethanol selectivity over isopropanol of SnO2 sensors was improved from 1.0 to 4.2 

by covering with ~26 µm of MFI zeolite.241 However, the achieved selectivities were only 

moderate (<20), in the range typically observed for different sensor compositions without the 

need for filters and not yet suitable for low concentration analyte detection in complex mixtures 

(e.g., breath or indoor air). Furthermore, the selectivity improvements often cannot be 

attributed to size-selective filtering alone. In fact, they are often a complex interplay between 

i) diffusion resistance, ii) size-selectivity, iii) preferential adsorption as a result of different 



19 

filter surface properties (Chapter 2) and iv) catalytic effects as a result of the thermal coupling 

of filter to the (typically) heated sensor (Chapter 4). 

1.3.3 Filter configuration 

Size-selective filters can be implemented as direct coatings (i.e., overlayer)237 or as 

membranes (free-standing219 or on a macroporous support242) placed in front of sensors. Both 

configurations offer distinct dis/advantages as shown here exemplarily with two filter–sensor 

systems for selective formaldehyde detection: 

 The first system uses a ZIF-8 MOF overlayer (~200 nm thick) directly formed on a 

ZnO sensor (Figure 1.8a).176 While such coating of sensors with size-selective materials is 

attractive to maintain a compact sensor configuration, it leads to elevated filter temperature 

through its contact with the heated sensor (here 300 °C). This often degrades the size-selectivity 

as most microporous materials are catalytically active.243 The ZnO sensor without filter is 

mostly non-selective, giving high responses to a variety of analytes (Figure 1.8b). With filter 

layer (Figure 1.8c), responses to formaldehyde and ammonia, that are smaller than the ZIF-8 

pores, are reduced only slightly. Also the sensor response times stay similar (14 to 21 s) 

because of the thin (~200 nm) filter layer. Large molecules such as toluene are blocked by the 

filter, resulting in pronounced formaldehyde selectivity >100, even in the presence of high 

humidity (>90% RH). However, other analytes larger than the pore size (i.e., methanol, ethanol 

and acetone) are not held back, probably because of catalytic conversion244 to smaller 

molecules on the heated ZIF-8 layer interacting with the ZnO. As a result, only moderate 

selectivities (5–11) are achieved that might be insufficient for measurement of formaldehyde 

in indoor air where interferant concentrations can be orders of magnitude higher.245 However, 

such size-selective ZIF-8 layers could be combined with other formaldehyde-selective sensors 

(e.g., In4Sn3O12,
30 NiO-SnO2,

177 Co/In2O3
246 or ZnO quantum dots loaded hollow SnO2 

nanospheres247) or sensor arrays178 to further boost their selectivity. Alternatively, size-

selective overlayers can be applied on room temperature sensors to avoid catalytic conversion 

of interferants. 

In contrast, size-selective membrane filters can be produced individually with good 

control over morphology (e.g., thickness248) and can be combined as separate units more 

flexibly with sensors (e.g., electrochemical, optical). Figure 1.8d–f shows an example where a 

size-selective membrane of MFI zeolite was formed on a macroporous Al2O3 support (Figure 

1.8d) and placed upstream of a Pd-doped SnO2 sensor.242 Similar to uncoated ZnO, the Pd-

doped SnO2 sensor (Figure 1.8e) alone is not selective. In contrast to the overlayer, however, 
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the membrane features a size-cutoff, as analytes larger than the pore size (i.e., isoprene and 

TIPB) are barely detected by the sensor (Figure 1.8f). Interestingly, also smaller analytes (i.e., 

methanol, ethanol, acetone and ammonia) are blocked effectively by the membrane, probably 

as a result of adsorption effects. So, excellent formaldehyde selectivity up to more than 1,000 

is achieved even at low concentrations down to 30 ppb at 90% RH, unmatched by most 

chemoresistive sensors. A drawback of this configuration, however, is the larger zeolite 

thickness (~3 µm) that introduces a high diffusion resistance. As a result, the formaldehyde 

response is reduced by a factor of 5 and the response and recovery times increased to 8 and 72 

min,242 respectively, significantly higher than those with overlayers (Figure 1.8a–c).176 

 

Figure 1.8: (a) ZnO sensing nanorods covered by a microporous overlayer of ZIF-8 MOF. Reproduced 
with permission.176 Copyright 2016 American Chemical Society. Sensor response without (b) and with 

ZIF-8 overlayer (c) to indoor air-relevant analytes with the corresponding formaldehyde 

selectivities.176 (d) Microporous MFI zeolite membrane grown on a macroporous alumina substrate. 
Reproduced with permission.242 Copyright 2018 Elsevier. Response of a Pd-doped SnO2 sensor without 

(e) and in combination with MFI zeolite membrane (f) to indoor air-relevant analytes with 

corresponding formaldehyde selectivities.242 
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1.4 Catalytic filters 

1.4.1 Definitions & principles 

Catalytic filters exploit differences in chemical reactivity between analytes to enhance 

the selectivity of downstream sensors. Ideally, the target analyte passes the filter intact, while 

interferants convert fully on the filter (catalyst) to inert species undetected by the sensor, as 

illustrated in Figure 1.9a. Nevertheless, partial analyte conversion and formation of 

intermediates has been observed.249 As a result, interferants are eliminated or their 

concentration is reduced substantially, resulting in high sensor selectivity. Most importantly 

with respect to other filters, catalytic ones operate continuously250 (and do not saturate like 

sorption filters, Chapter 2). This is a distinct feature if interferants are present constantly in the 

background air (e.g., ethanol from cleaning products93 or disinfectants251). However, catalytic 

filters usually require some heating to optimize selectivity, which can be circumvented if the 

catalytic filter is deposited directly onto the heated sensing film as an overlayer. 

 

Figure 1.9: (a) Chemical reaction pathways between analytes and catalytic filter. Analytes thereby 

pass the catalyst unscathed without reaction (desired for the target analyte) or are converted to 
intermediate or inert species (desired for interferants). (b) Increased  noble metal loading lowers filter 

temperature for complete conversion.252 (c) Increased RH253 and (d) analyte concentration254 increases 

that temperature. 
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A variety of crystalline255 or amorphous256 catalytic materials is available from 

heterogeneous catalysis, including metal oxides,257 mixed-metal catalysts,258 zeolites,189 

mesoporous silica189 and MOFs.259 They typically feature high specific surface areas (e.g., 

>100 m2 g-1)260 with surface composition, structure and operational temperature determining 

the overall reactivity, and subsequently, selectivity. These properties make catalytic filters 

attractive for material engineering at the nanoscale (e.g., surface area,261 acidity262 or surface 

hydrophobicity263). In particular, noble metals (e.g., Pt,264 Pd,264 Rh,264 Au258 and Ag261) are 

frequently added to enhance reactivity by tuning their size down to single atoms.265 For 

example, increasing the loading of Pt on Al2O3 from 0.5 (triangles, Figure 1.9b) to 1.5 wt% 

(squares) reduces the temperature of full propene combustion from 160 to 100 °C.252  

In contrast to heterogeneous catalysis, catalytic filters for sensors are typically operated 

in mixtures with many compounds (e.g., several hundred in human breath266), low analyte 

concentrations and high or varying humidity. These parameters markedly influence the 

reactivity and selectivity of catalytic filters. For example, catalyst activity is strongly 

influenced by humidity as water molecules can competitively interact and block catalyst active 

sites,267 reducing their reactivity. As an example, the onset of CH4 conversion on Pd/SnO2 

shifts from 240 °C in dry air to 320 °C at just 10% RH (Figure 1.9c).253 For sensor applications, 

humidity often varies greatly (e.g., 30–95% RH268 in indoor air) or is present at high levels 

(e.g., exhaled breath >97% RH96), which needs to be considered in the design of catalytic 

filters. Furthermore, analyte concentration influences conversion at high concentrations when 

the reaction kinetics (i.e., diffusion to, adsorption on, conversion at and desorption from the 

catalyst) become rate-limited.269 For instance, on Pt/Al2O3–CeO2, complete conversion of 

1,000 ppm toluene is attained at 250 °C, while for 3,600 ppm it is 300 °C (Figure 1.9d).254 For 

gas sensors, the catalytic filter needs to convert interferants at high concentrations and leave 

intact the target analyte often present at orders of magnitude lower concentration (e.g., <10 ppb 

formaldehyde in indoor air92 with >10 ppm H2, ethanol or acetone245). So, heterogeneous 

catalysis can inspire the design of catalytic filters, but their performance needs to be tailored 

systematically to sensor conditions. 

1.4.2 Tailored selectivity 

Sensors with catalytic filters are tabulated in Table 1.4, showing their composition, 

target analytes and various figures of merit. First catalytic filters for gas sensors were developed 

to remove VOCs (e.g., CO and ethanol) for reliable alkane detection.250 Monitoring alkanes 

(e.g., CH4, propane and butane) in domestic270 and industrial areas (e.g., from gas leaks271 and 
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coal mines272) is important due to their high flammability273 and regulated exposure limit (e.g., 

CH4, 1,000 ppm274). This is challenging, as chemoresistive sensors respond weakly to alkanes 

(high energy needed to activate C-H bonds254) and suffer from high cross-sensitivity275 to 

pollutants, particularly CO (e.g., >7,000 ppm in coal mines276 and >100 ppm in industrial 

areas277) and ethanol (e.g., >100 ppm from hand disinfection251).  

Typical catalysts consist of noble metals (e.g., Pt, Pd and Au) on ceramic supports (e.g., 

Al2O3, SiO2 and Fe2O3) that are deposited directly onto sensing films as porous layers. Their 

working principle is illustrated in Figure 1.10a on the example278 of a SnO2 sensor (operated at 

350 °C) covered by a layer (100-150 µm) of mesoporous Pt/ or Pd/SiO2. Without filter (Figure 

1.10b), the sensor shows similar resistance changes (i.e., responses) to 20–400 ppm CO (dashed 

line) and 200–4,000 ppm CH4 (solid line), typical for such SnO2-based sensors. With filter, CO 

is fully converted in the filter layer to non-responsive species (i.e., CO2 and H2O), while 

chemically stable CH4 passes unscathed. As a result (Figure 1.10c), no resistance changes to 

CO are detected anymore, while they are unchanged for CH4, resulting in selective CH4 

detection.278 Such CH4 sensor systems outperform sensors without filter (e.g., methane to CO 

selectivity of 8 for Pd-Ag activated ZnO279 and ZnO/ZnO2 heterostructures280) and enabled 

industrial development of selective gas leak sensors to prevent false alarms.281 

A variety of catalysts appear suitable for this application, as similar results were 

obtained with several Al2O3- and SiOx-based catalysts (e.g., thermally evaporated pure Al2O3 

and SiOx,
51 drop-coated Pt,73 Pd73 and RuO2

282 on SiO2,
73 flame deposited Pd/Al2O3

283 and 

screen printed Pt/Al2O3,
250 Pd/Al2O3

284 and Pt/ZSM-5 zeolites285), Ga2O3,
286

 WO3,
51 

Pd/SnO2
287 and Au/Ce-Zr.288 The preferential conversion of VOCs over alkanes is expected 

due to the alkane’s higher chemical stability.289 Disadvantages of such filters are their limited 

applicability to alkane detection, as well as typically high operation temperatures (i.e., >350 

°C)278. However, the performance of filters can be improved further and their selectivity tuned 

more flexibly by exploiting specific analyte–catalyst interactions. For instance, gold catalysts 

are highly reactive to CO already at room temperature.290 In fact, catalytic filters such as 

Au/Fe2O3,
291 Au/ZnO292 and Au/TiO2

292 removed CO selectively over alkanes (e.g., propane) 

even at room temperature, with the highest removal efficiency in the order of 

Au/Fe2O3>Au/ZnO>Au/TiO2.  
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Figure 1.10: (a) SEM cross-section of a SnO2 sensor with a mesoporous catalytic overlayer (filter). 

Alkanes (e.g., CH4) pass through the filter unscathed and are detected by the sensor, while interferants 

(e.g., CO) are converted to non-responsive species (e.g., CO2). Reproduced with permission.278 
Copyright 2003 Elsevier. SnO2 sensor response to CO (20–400 ppm, dashed line) and CH4 (200–4000 

ppm, solid line) without (b) and with (c) a Pd/SiO2 mesoporous catalyst filter at 30% RH.278 

More challenging are filters that distinguish between VOCs with similar stability (e.g., 

ketones, aldehydes, aromatics), requiring more precise material engineering. For instance, high 

ethanol background in ambient air or breath (>100 ppm from disinfectants251 and alcohol 

consumption293, respectively) is a common issue preventing accurate measurements of target 

analytes. This was addressed by a catalytic filter that exploits surface acidity and basicity 

(Figure 1.11) for selective measurement of acetone,294 a metabolic breath marker for fat 

oxidation.295 The acetone carbonyl group coordinates primarily with Lewis acid sites 

abundantly present on acidic oxides (e.g., WO3
296). In contrast, ethanol conversion is favored 

on basic oxides featuring surface-adsorbed oxygen- and hydroxyl-related species.297 Hence, 

the highest ethanol over acetone selectivity was found for ZnO featuring highest basicity 

(Figure 1.11a-d),294 in line with literature.296 Sampling breath of an alcohol intoxicated 
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volunteer through such a small (150 mg) packed bed filter of ZnO heated to 260 °C completely 

eliminates ethanol interference (Figure 1.11e). Most importantly, the filter leaves acetone intact 

as verified by responses of a Si/WO3 sensor without and with filter (Figure 1.11f) and 

confirmed by benchtop mass spectrometry. Ethanol responses are strongly reduced (i.e., by 

88% at 20 ppm ethanol, remaining response from the combustion to H2
298), resulting in 

selective acetone detection down to 25 ppb in breath-relevant 90% RH with a selectivity to 

ethanol of 81. This ZnO filter fully combusts also other interferants (e.g., formaldehyde), while 

leaving aromatics (e.g., toluene, benzene), CH4 and H2 intact. The selectivity can be further 

increased by removing the ethanol conversion products (i.e. H2) by other (catalytic) filters or 

by operating the filter at higher temperature, although this can reduce the sensitivity by partially 

converting the target analyte (i.e., acetone). 

 

Figure 1.11: (a–d) Conversion of 1 ppm ethanol (triangles) and acetone (circles) on metal oxides with 

increasing basicity, WO3<SnO2<Fe2O3<ZnO, that increases the acetone selectivity over ethanol. (e) 
Ethanol concentration measured during three consecutive breath exhalations without filter (t ≤ 3 min) 

and with 150 mg ZnO filter at 260 °C (t > 3 min) that totally eliminated ethanol. (f) Si/WO3 sensor 

response to 1 ppm acetone and 5, 10 and 20 ppm ethanol without (open bars) and with a ZnO catalyst 

at 260 °C (filled bars) upstream of the sensor.294 

Catalytic filters can even increase selectivity to analytes from the same chemical group. 

For instance, the selective detection of carcinogenic92 benzene over toluene and xylene in 

indoor air is challenging for chemical gas sensors due to the chemical similarity of these 

analytes (aromatic hydrocarbons with 0–2 methyl groups).299 A promising approach is the use 

of catalytic Co3O4 overlayers electron-beam evaporated onto Pd/SnO2 sensing films.300 

Toluene and p-xylene were partially converted in the filter layer to non-reactive species, 
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reducing their responses by as much as 97%, depending on Co3O4 thickness (0–60 nm). In 

contrast, the response to benzene increased by 30% at optimal filter thickness (20 nm), 

attributed to its activation in the catalytic layer through formation of more responsive 

intermediates, as has been observed for benzene detection already with Pt/Al2O3 filters.301 As 

a result, benzene selectivity to p-xylene, toluene, ethanol, formaldehyde and CO was doubled 

from ~1 to >2 that could be further improved with sensors featuring intrinsic benzene 

selectivity (e.g., Au/multi-walled carbon nanotubes302 with benzene selectivity towards o-

xylene and toluene >30). Most interesting, by switching the filter–sensor arrangement, i.e., 

Co3O4 was used as sensor with a catalytic filter layer of SnO2, also the selectivity could be 

reversed.303 Toluene and p-xylene responses increased up to a factor of 5 (possibly through 

formation of more responsive benzyl alcohol304), while responses of interferants decreased 

significantly. As a result, toluene and p-xylene selectivity >20 could be achieved towards 

benzene, ethanol, formaldehyde and CO. 

Similarly, increased selectivity through higher sensitivity to target analytes was 

observed also for other catalytic filters. For instance, a Pd/WO3 sensor covered by undoped 

zeolite layers (HZSM-5) increased the CO response by a factor of 7 resulting in selectivity of 

more than 4 over methanol, ethanol and acetone. Covering the same sensor with Pt/HZSM-5 

increased methanol responses by a factor of 15 resulting in selectivity >9 over the same 

analytes.305 Packed bed filters of Pt/LaFeO3 heated to 200 °C upstream of Pt/SnO2 sensors 

turned them selective to CO with negligible interference from propane.306 However, when 

operating the filter at 350 °C, sensor responses to propane increased by a factor of 25 while CO 

was completely removed. Also, nanolayers (5–20 nm) of Pd or Ag deposited by successive 

ionic layer deposition on SnO2 sensors removed ozone interference and increased responses to 

reducing gases (e.g., CO and H2).
307 While such catalytic filters offer a powerful tool to enhance 

sensitivity and tailor selectivity, none of these studies investigated the composition of the 

effluent, to identify the reformed species and characterize their interaction with the sensor, 

motivating further research.  

1.4.3 Filter configuration 

Catalytic filters are typically deposited directly283 as overlayers (e.g., as porous 

layers,283 membranes,308 zeolites309 or metallic nanoclusters310) onto sensor materials. This 

results in compact filter–sensor systems where sensing film and catalyst temperature are 

coupled, requiring no additional heating source. However, this also implies that filter and 

sensor cannot be fabricated and operated individually to achieve maximum selectivity. 
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Additionally, overlayers may act as diffusion barrier, increasing response times (e.g., from 1 

to 4 min for 20–70 μm thick zeolite layers on SrTi1−xFexO3−δ sensors)311. While depositing 

thin312 or highly porous278 catalytic overlayers can address this, filter efficiency could be 

compromised. Finally, solid-state diffusion of the catalytic layer into the sensing film may alter 

sensor performance (e.g., catalytic Pd diffusion into SnO2 sensor).287 This can be solved by an 

additional inert separation layer (e.g., Al2O3
308 or SiO2

73).  

Such a SnO2 gas sensor (operated at 375 °C) with a Cr2O3 catalytic overlayer deposited 

by electron-beam evaporation had been tested as ethylene sensor (Figure 1.12a–d).312 Ethylene 

monitoring is used for controlling growth, development and ripening of fruits.313 Figure 1.12a 

shows a cross-section SEM image of the Al2O3 substrate, the SnO2 sensing layer (~21 µm) and 

a thin Cr2O3 overlayer (300 nm). Without the Cr2O3 overlayer, the SnO2 sensor features high 

sensitivity to ethylene, but responds also to trimethylamine (TMA), dimethylamine (DMA), 

ammonia (NH3), ethanol, formaldehyde (HCHO) and CO (Figure 1.12b). With this catalytic 

overlayer, the responses to all interfering analytes are reduced, while the ethylene response 

remains similar. As a result, ethylene selectivity to the tested analytes increases from 1–3.8 to 

3.4–24 with an estimated ethylene limit of detection of only 24 ppb. Increasing the Cr2O3 layer 

thickness (from 300 to 600 nm) further reduces responses to interferants but also to ethylene, 

resulting in overall poorer selectivities. The filter-sensor system was further integrated into a 

hand-held device with wireless communication, which monitored fruit ripening (exemplarily 

shown for a banana in Figure 1.12c) under controlled conditions (i.e., in a closed chamber). 

While promising, further validation with a high-resolution instrument (e.g., GC-MS) and 

testing in indoor air is required. 

Catalytic filters can be implemented also as a packed bed upstream of the sensor 

affording individual optimization and operation, as well as flexible combination with different 

sensors (e.g., chemoresistive, electrochemical or optical). A drawback is the sometimes 

necessary additional heating source294 and pressure drop when air is drawn through the filter 

to the sensor by a pump.314 The former can be addressed by tailoring materials at the nanoscale 

(e.g., introducing highly reactive noble metals290).Such a compact (30 mg) catalytic packed 

bed filter of Pt/Al2O3 nanoparticles had been used for a selective breath acetone sensor (Figure 

1.12d–f).70 Acetone is a breath marker for fat metabolism295 with applications in personalized 

exercise315 and diet monitoring,316 as well as search and rescue.317 While Pt/Al2O3 is used 

already to remove VOCs over alkanes, tailoring the Pt-loading is necessary to allow for 

selective combustion of breath-relevant interferants over acetone. For example, 0.2 mol% 

Pt/Al2O3 removed selectively isoprene, alcohols, aldehydes, aromatics, CO, H2 and NH3 over 
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acetone with high robustness to humidity (30–90% RH) at 135 °C. Figure 1.12d shows the 

crystalline Al2O3 particles decorated with 0.2 mol% Pt clusters (average size 9 nm).70 When 

coupled to a Si/WO3 sensor, this results in unprecedented acetone selectivity (> 250, Figure 

1.12e), which cannot be achieved by sensors alone (e.g., selectivity to ethanol <10 by Si/WO3 

and isoprene <4 by Al/ZnO318) or orthogonal sensor arrays48. 

 

Figure 1.12: (a) SnO2 sensor (375 °C) with catalytic Cr2O3 overlayer. Reproduced with permission.312 
Open Access CC BY. (b) SnO2 sensor response to 2.5 ppm ethylene, trimethylamine (TMA), 

dimethylamine (DMA), ammonia (NH3), ethanol, formaldehyde (HCHO) and CO without and with the 

Cr2O3 overlayer with the resulting ethylene selectivties.312 (c) Sensor response with filter layer when 
exposed to an underripe  (t < 7 days), a ripe (t > 7 days) and an overripe banana (t > 10 days).312 (d) 

Catalytic Pt/Al2O3 filter. Reproduced with permission.70 Open Access CC BY. (e) Si/WO3 sensor (400 

°C) response to 1 ppm acetone, isoprene, NH3, ethanol, H2 and CO without and with the packed bed 

Pt/Al2O3 filter (135 °C, please note the logarithmic y-axis) resulting in superior acetone selectivity.70 
(f) Breath acetone concentration ratio (normalized to initial concentration) as measured by the 

Pt/Al2O3-Si/WO3 detector (open squares) and benchtop mass spectrometer (filled circles) during post-

exercise rest.70 Illustrations in (b)312 and (f)70 were reproduced with permission. Open Access CC BY. 

Most importantly, the sensor exhibits sufficiently low limit of detection (i.e., 5.5 ppb 

that is superior even to 30 ppb by more bulky GC-IMS319), and the response time is not affected 

by the filter (i.e., 1.3 min at 100 ppb). For validation, breath samples after exercise were 

analyzed by the filter–sensor system and simultaneously with benchtop mass spectrometry 

(Figure 1.12f). The sensor correctly detects the increase of breath acetone indicating fat burn, 

in excellent agreement to the benchtop method and is applicable also in extreme scenarios (i.e., 

in presence of alcohol disinfectants as well as >50 ppm H2 and CH4 in exhaled breath320). Such 

filter–sensor systems can be implemented readily in commercial portable breath analyzers.321  
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Chapter 2 

2 Highly selective and rapid breath isoprene 

sensing enabled by activated alumina filter 

 

 

 

 

 

 

 

Abstract 

Isoprene is a versatile breath marker for non-invasive monitoring of high blood 

cholesterol levels as well as for influenza, end-stage renal disease, muscle activity, lung cancer 

and liver disease with advanced fibrosis. Its selective detection in complex human breath by 

portable devices (e.g., metal-oxide gas sensors), however, is still challenging. Here, we present 

a new filter concept based on activated alumina powder enabling fast and highly selective 

detection of isoprene at the ppb level and high humidity. The filter contains high surface area 

adsorbents that retain hydrophilic compounds (e.g., ketones, alcohols, ammonia) representing 

major interferants in breath while hydrophobic isoprene is not affected. As a proof-of-concept, 

filters of commercial activated alumina powder are combined with highly sensitive but rather 

non-specific, nanostructured Pt-doped SnO2 sensors. This results in fast (10 s) measurement of 

isoprene down to 5 ppb at 90% relative humidity with outstanding selectivity (>100) to breath-

relevant acetone, ammonia, ethanol and methanol, superior to state-of-the-art isoprene sensors. 

Most importantly, when exposed continuously to simulated breath mixtures (four analytes) for 

eight days, this filter–sensor system showed stable performance. It can be incorporated readily 

into a portable breath isoprene analyzer promising for simple-in-use blood cholesterol 

monitoring or other patho/physiological conditions.  
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2.1 Introduction 

Cardiovascular diseases are the leading cause of death,1 accounting for more than 30% 

of global deaths in 2015.2 Most of them could be preventable by reducing the major risk factors, 

including smoking, high blood pressure and high blood cholesterol.3 Currently, cholesterol is 

measured from a lipid profile obtained by a blood test. This means 9–12 hours of fasting before 

going to a physician for the measurement,4 which is both painful and elaborate, especially as 

often follow-up analyses are necessary due to large day-to-day variation in blood cholesterol 

concentrations.5 What is thus needed, is a fast and non-invasive method to reliably and 

routinely monitor blood cholesterol levels at home. 

Breath analysis is a non-invasive diagnostic and monitoring technique that relies on 

detection of certain breath markers indicative of pathologic states.6 Exhaled isoprene is a by-

product of the cholesterol biosynthetic pathway7 with typical breath concentrations ranging 

from 22 to 234 parts-per-billion (ppb)8 but even lower levels can occur in children9 and young 

adults.10 Most interestingly, a strong correlation between breath isoprene and blood cholesterol 

was shown for patients undergoing treatment with cholesterol-lowering lova-11 and 

atorvastatins.12 Increased breath isoprene levels occur also in patients with influenza,13 end-

stage renal disease14 and after muscle activity,15 while such levels are decreased for lung 

cancer16 and liver disease with advanced fibrosis.17 Currently, breath isoprene is detected by 

mass spectrometry-(MS)11 or gas chromatography-(GC)18 that are rather expensive, of limited 

portability and require scientific personnel to operate. Chemiluminescence measurement of 

isoprene is also possible but shows high interference from sulfur gases and other lower olefins, 

making precise measurement inaccurate.19 As a result, available methods are hardly suitable 

for routine breath tests. 

Isoprene (CH2=C(CH3)−CH=CH2) is a reactive, aliphatic hydrocarbon20 that can be 

detected at low ppb concentrations also by nanostructured semiconductive metal-oxide (MOx) 

gas sensors. In specific, sensing films of Ti-doped ZnO deposited by flame aerosol technology 

were shown to detect isoprene levels down to 5 ppb at breath-relevant 90% relative humidity.21 

Such sensors are attractive for breath analysis by being inexpensive, simple-in-use and readily 

miniaturized22 and integrated into portable devices.23 They also have been applied already quite 

successfully for non-invasive fat burn monitoring during exercise and rest.24 MOx sensors, 

however, typically lack selectivity to detect target analytes in breath (>800 compounds)25. 

Sufficient selectivity was obtained by material design only in few cases, for instance for 

acetone by ε-WO3,
26 ammonia by α-MoO3

27 or triethylamine by hollow SnO2 microfibers.28 In 
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particular for isoprene, Ti-doped ZnO21 features selectivities in the range of 4 to 15 for breath-

relevant acetone, ethanol and ammonia, however, it needs to be improved considering that 

these interferants are much more concentrated in the breath than isoprene. The major challenge 

in sensor material design with isoprene is the absence of distinct functional groups (hydroxyl, 

carbonyl, etc.) that can be exploited for selective sensor interaction.  

Further molecular properties such as hydrophilicity and size can be exploited by filters 

to optimize sensing performance beyond chemoresistive surface reactivity. This concept has 

been applied for selective CO sensing29 through adsorption of hydrocarbon interferants on 

activated carbon filters and for selective formaldehyde detection using size-selective 

microporous zeolite membranes.30 Also complex GC columns have been used in combination 

with sensors for selective detection of trichloroethylene,31 alcohols,32 aromatic vapors33 or even 

for multiple compounds in breath.34 Such GC–sensor systems, however, require complex 

instrumentation (i.e., GC column, pre-concentration, ramped heating) and feature typically 

sluggish response and recovery times (e.g., 60 min33 for sampling and analysis of aromatic 

volatiles). Consequently, they seem hardly suitable for real-time portable breath isoprene 

detectors. 

Here, we present a novel filter–sensor concept for rapid and highly selective isoprene 

detection in complex breath mixtures at high relative humidity exploiting the hydrophobic 

nature of isoprene (Figure 2.1a). It consists of a packed bed of activated alumina featuring high  

 

Figure 2.1: Filter−sensor concept of selective isoprene detection in complex gas mixtures: (a) Breath 

is filtered through a packed bed filter upstream of a highly sensitive but nonspecific gas sensor. (b) 

Hydrophilic analytes (e.g., acetone, ammonia, ethanol, methanol, etc.) are adsorbed and retained on 
the activated alumina and on the adsorbed water layer. In contrast, hydrophobic isoprene does not 

interact with the filter. This enables highly selective isoprene detection at low ppb concentration in 

real-time. 
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porosity and surface area (~155 m2/g)35 to adsorb and retain hydrophilic breath compounds 

while isoprene passes unhindered (Figure 2.1b). Placed upstream of a highly sensitive but non-

specific, nanostructured Pt-doped SnO2 sensor, this filter is characterized for isoprene in gas 

mixtures with up to four components at 90% relative humidity (RH). Finally, filter regeneration 

and long-term stability are evaluated for eight days of continuous operation. 

2.2 Experimental 

2.2.1 Sensor fabrication 

Sensing films of Pt-doped (0.15 mol%) SnO2 are prepared by flame spray pyrolysis 

(FSP) and directly deposited onto sensor substrates.36 For the FSP precursor solution, 

tin (II) ethylhexanoate (Strem, ~90 % in 2-ethylhexanoic acid) and platinum acetylacetonate 

(Alfa Aesar, min. 48.0 % Pt) are dissolved in xylene (Aldrich, ≥99.7%) to give a total metal 

concentration of 0.5 mol/L with a Pt-doping content of 0.15 mol%.37 The precursor is fed 

through a FSP nozzle with 5 mL/min and dispersed with 5 L/min oxygen at a pressure drop of 

1.5 bar. This spray is ignited by a premixed, ring-shaped methane/oxygen (1.25/3.2 L/min) 

flame38 while additional 5 L/min of oxygen is supplied as sheath gas. Deposition takes place 

by thermophoresis36 of Pt-doped SnO2 nanoparticles onto sensor substrates mounted on a 

water-cooled holder at 20 cm height above the burner (HAB) for 2 min. The applied Al2O3 

substrates (15 mm × 13 mm × 0.8 mm, Electronic Design Center, Case Western Reserve 

University) feature interdigitated Pt electrodes (sputtered, 350 µm width and spacing) and a Pt 

heater on the back. To improve adhesion and cohesion of these FSP-deposited nanoparticle 

films, they are in-situ annealed39 with a particle-free flame. For this, the substrate is lowered to 

a HAB of 14.5 cm and annealed for 30 s by a xylene flame (11 ml/min xylene dispersed by 

5 L/min oxygen at 1.5 bar) with the same methane/oxygen flame and sheath gas as for the 

sensing film deposition. Prior to testing, sensors are thermally stabilized by heating in an oven 

(Carbolite GmbH) at 500 °C for 5 h.  

2.2.2 Filter fabrication 

The filter consists of a packed bed of 1 g activated alumina (Sigma-Aldrich, neutral pH 

when in water, 50-300 mesh, 155 m2/g) inside a Teflon tube (10 cm length, 15 mm inner 

diameter) and is firmly secured downstream by a porous, inert Teflon frit and upstream by an 

inert glass wool plug (Figure 2.2a). On both ends of the Teflon tube, tapered Swagelok 

connectors expand and contract the gas flow homogeneously to ensure utilization of the entire 

filter cross section and avoid stagnant zones. Freshly prepared filters are flushed with 1 L/min 
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air at 90 % RH for at least 12 h to saturate the alumina surface with humidity and guarantee 

equilibrium conditions. 

 

Figure 2.2: Schematic of the activated alumina filter (a) and the gas measurement setup (b). 

2.2.3 Gas evaluation 

The filter–sensor system (Figure 2.2b) consists of the gas delivery,27 activated alumina 

filter and Pt-doped SnO2 sensor. The sensor is mounted on a Macor holder and installed inside 

a Teflon sensor chamber40 where it is heated to 400 °C by DC current (R&S HMC8043, 

Germany) by the substrate back-heater. The temperature is maintained by utilizing the Pt heater 

as resistance temperature detector (RTD), monitored with a multimeter (Keithley, 2700, USA). 

The ohmic resistance of the sensing film between the interdigitated electrodes is measured by 

the same multimeter. Sensor responses are evaluated as: 

𝑆 =
𝑅𝐴𝑖𝑟

𝑅𝐴𝑛𝑎𝑙𝑦𝑡𝑒
− 1 

where RAir and RAnalyte denote the sensor film resistances measured in synthetic air 

without and with a given analyte concentration, respectively. The sensor response (t90) and 

filter breakthrough time (t5) for an analyte are defined as the time to reach 90% and 5%41 of 

the steady-state response, respectively. 

Sensor measurements were performed at a total gas flow rate of 1 L/min and 90% RH. 

Gas mixtures were prepared by first admixing the analyte gas standards with dry synthetic air 

(PanGas, hydrocarbon-free grade) by calibrated mass flow controllers (Bronkhorst, 



48 

Netherlands). Analyte gases are supplied from calibrated gas standards (PanGas) in synthetic 

air at concentrations of 10 ppm for acetone, isoprene, ammonia and 50 ppm for ethanol, 

methanol, ammonia. These analytes are present in breath at relatively high concentration and 

are selected because of their known interaction with Pt-doped SnO2 sensors, unlike other breath 

compounds like H2
42. The humidity level was set by guiding synthetic air through a water 

bubbler and dosing it to the gas mixture stream to obtain the desired relative humidity level as 

verified by a humidity sensor (SHT2x, Sensirion AG). Teflon gas lines were heated to ~50 °C 

to avoid condensation and adsorption.27  

2.3 Results and discussion 

2.3.1 Filter effect on isoprene selectivity 

Figure 2.3a shows the sensor response profiles of Pt-doped SnO2 to 500 ppb of isoprene 

(blue), acetone (red), ethanol (orange), methanol (green) and ammonia (purple) at breath-

relevant43 90% RH. These analytes represent major components in exhaled breath with median 

concentrations higher than the 106 ppb44 of isoprene (e.g., ammonia 833 ppb45). The sensor 

detects all these analytes within a few seconds (e.g., 𝑡90 = 2.9 s for isoprene), sufficiently fast 

for real-time breath analysis. However, it cannot distinguish them. In fact, when evaluating the 

individual responses after 30 s (Figure 2.3b), representing a typical breath test duration,24 the 

rather non-specific nature of Pt-doped SnO2 becomes evident, in line with previous results.37 

Consequently, this sensor cannot measure isoprene selectively in breath mixtures. 

Most importantly, when adding the activated alumina filter (Figure 2.3c), an identical 

response for isoprene is obtained with barely affected response dynamics (t90 of 4.2 s), while 

all hydrophilic analytes are held back. This results in unprecedented high isoprene-selectivity 

(>100) to all analytes Figure 2.3d). Only after 40 s, the sensor starts to detect acetone while it 

takes even longer for the other hydrophilic analytes (full responses in Figure B.1). In specific, 

breakthrough times t5 strongly vary between the analytes from 50 to 300 s for acetone to 

ammonia, respectively (Figure 2.3d in parenthesis). Important also, after analyte exposure is 

stopped, the sensor fully recovers the initial baseline enabling repeated measurements. Note 

that the breakthrough and regeneration times of hydrophilic analytes can be controlled by the 

activated alumina filter loading, while the response time of isoprene is barely affected (shown 

in Figure B.2). One gram of activated alumina was selected for deeper investigation to 

guarantee an interferent-free detection of isoprene, fast filter regeneration for repeated 

measurements and a low pressure drop of ~20 mbar, sufficiently small24 for breath analyzers. 
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Figure 2.3: The responses of a Pt-doped SnO2 sensor at 90% RH to 500 ppb of isoprene (blue), acetone 

(red), ethanol (orange), methanol (green) and ammonia (purple) without (a, b) and with a 1 g activated 

alumina filter (c, d). The single Pt-doped SnO2 sensor without filter is rather non-specific when 
evaluating the responses after 30 s (b). Error bars indicate the response variability of three such 

sensors, which is smaller than 10%. Using the filter, hydrophilic analytes are held back until their 

characteristic breakthrough time t5, while the response of isoprene is unchanged (c). This results in 

very high isoprene-selectivity (>100) when evaluated, for instance, after 30 s (d). 

The selectivities achieved by the proposed filter–sensor system clearly outperform 

state-of-the-art chemoresistive isoprene sensors. Highest isoprene selectivities obtained so far 

were in the range of 4 to 15 for acetone, ethanol and ammonia with Ti-doped ZnO.21 Other 

chemoresistive sensors of TiO2
46 and h-WO3

47 could detect isoprene but did not achieve 

selectivities >4. Only the chemiluminescence detector Fast Isoprene Sensor (FIS, Hills-

Scientific) features similarly high isoprene selectivities, but this device is hardly suitable for 

routine measurements by a widespread population due to its high cost (base module $42’000), 

weight (18 kg) and requirement of an external ozonizer.48 

2.3.2 Separation mechanism 

When passing through the filter, hydrophilic analytes (i.e., alcohols, ketones, ammonia) 

are retained by adsorption on the activated alumina (Figure 2.1b) featuring extremely large 

surface area (155 m2/g).35 Note that the alumina surface should be mostly covered by bound 
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water49 at 90% RH because of its high affinity,50 so gas ad-/absorption may occur on/in that 

layer as well.51 As a result, the strength of analyte-filter interaction should be governed by the 

ability for hydrogen bonding,52 with ammonia having four, ethanol and methanol three, acetone 

only two and isoprene zero hydrogen bonding sites (oxygen/nitrogen lone electron pairs & 

hydrogen atoms). This matches well with the t5 of the analytes, following the same order 

(Figure 2.3d). Note that any water layer formed by RH (i.e., surface hydration) weakens 

sorption of hydrophilic compounds, as indicated by shorter t5 for acetone at 50% RH (Figure 

B.3) and consistent with literature.53 

In contrast, isoprene is hydrophobic and passes through the filter unscathed, consistent 

with the sensing results (compare Figure 2.3a to c).  Isoprene is the major hydrocarbon in breath 

(up to 70% of total)54 but also other hydrophobic species (e.g., ethane, pentane)55 should pass 

the filter unaffected and cause measurement errors, if interfering with the sensor. However, 

this can be prevented by combining this modular filter with an additional size-selective zeolite 

membrane to remove larger hydrocarbons (as applied already for sensing of formaldehyde)30 

or with an E-nose that can distinguish single components in gas mixtures with small prediction 

errors.37 

2.3.3 Gas mixtures 

Human breath consists of >800 compounds,25 so evaluation of the proposed filter–

sensor system in gas mixtures is crucial. Figure 2.4a shows the Pt-doped SnO2 response with 

filter to two consecutive 30 s exposures of simultaneous 500 ppb isoprene and acetone (grey-

shaded). Most interestingly, two distinct responses are observed for each exposure. The first 

one increases immediately upon exposure, stays stable at ~3 and rapidly decreases after it. It is 

associated solely to isoprene, as evident from single isoprene exposure at the same conditions 

(blue line, Figure 2.4b) resulting in an identical response profile. The second response in Figure 

2.4a is delayed, starting after ~40 s and spreading out over a couple of minutes. This response 

is related to acetone. In fact, it is identical to single acetone exposure (red line, Figure 2.4b) 

and the breakthrough time, t5, similar to longer exposures (Figure 2.3c). As a result, the 

outstanding separation properties of the filter are preserved also in binary mixtures and isoprene 

is detected selectively during such short breath-realistic exposures. Remarkable also, the filter–

sensor system recovers fully within 5 min and gives repeatable signals for continuous 

application. Note that these results were cross-validated by a bench-top proton-transfer-

reaction time-of-flight mass spectrometer (PTR-TOF-MS) (Figure B.4).  
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Figure 2.4: (a) Pt-doped SnO2 sensor response with filter to a gas mixture of 500 ppb isoprene and 

acetone at 90% RH. Two consecutive pulses of 30 s (grey-shaded) were applied at 0 and 4.5 min, 

simulating breath pulses. (b) The single gas responses to 500 ppb of isoprene (blue) and acetone (red) 

at 90% RH. 

2.3.4 Low-ppb isoprene detection 

Breath isoprene levels can be at low ppb concentration, therefore, the Pt-doped SnO2 

sensor with filter was exposed to low but breath-relevant isoprene concentrations of 20, 10 and 

5 ppb at 90% RH (Figure 2.5a). The sensor rapidly responds to these levels with high signal-

to-noise ratio (>90) and can distinguish them clearly. When flushed with air, the filter–sensor 

system quickly regenerates (within 3 min) the original baseline and gives identical responses 

after repeated exposures to 20 and 10 ppb, indicating excellent reproducibility.  

This filter–sensor system is applicable over the entire breath-relevant concentration 

range of isoprene from 5 to 500 ppb at 90% RH (blue crosses in Figure 2.5b). The resulting 

sensor responses follow a power law (𝑆~𝑐𝑛  with 𝑛 = 0.64, 𝑅2 > 0.995), in agreement with 

non-linear diffusion-reaction theory.56 Remarkably as well, the presence of the filter does not 

compromise the sensor response to isoprene in comparison to that without filter (Figure 2.5b, 

red circles).  
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Figure 2.5: (a) Pt-doped SnO2 sensor response with filter upon exposure to 5, 10 and 20 ppb of isoprene 
at 90% RH. These ultra-low but breath-relevant concentrations are detectable, reproducible and 

clearly distinguishable (signal-to-noise ratio >90). The filter quickly and fully regenerates after each 

pulse. (b) Sensor response curves without (red circles) and with filter (blue crosses) over the entire 

breath-relevant concentration range of isoprene from 5 to 500 ppb at 90% RH.   

2.3.5 Operational stability with simulated breath 

To challenge the filter–sensor system further, operational stability was evaluated during 

continuous operation for eight days at 90% RH. To simulate daily breath isoprene 

measurement, three consecutive pulses of a gas mixture containing breath-median 

concentrations of isoprene (106 ppb)44, acetone (477 ppb)45, methanol (461 ppb)57 and 

ammonia (833 ppb)45 were applied daily. Figure 2.6a shows the sensor responses during such 

a measurement cycle after six days. Isoprene is registered quickly and accurately from the first 

plateau during the exposure while all polar analytes are held back resulting in a delayed and 

accumulated spread response, similar to binary mixtures (Figure 2.4a). This enables precise 

measurement of isoprene even after several days of continuous operation despite the more 

concentrated interferants. Indeed, when evaluating the sensor baseline (red circles in Figure 

2.6b) and isoprene response resistance (blue squares) during these eight days, both are quite 

stable (<6% change), corresponding to a change in sensor response <20% (Figure B.5). This is 
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consistent with previous results on Pt-doped SnO2 sensors without filters when operated for 20 

days,58 and could be corrected by an additional processing algorithm.59 The filter should not 

contribute to this drift since it regenerates completely after each simulated breath exposure 

(Figure 2.6a), as confirmed by bench-top PTR-TOF-MS (Figure B.4). Consequently, the filter–

sensor system is promising for breath isoprene measurement, but this needs to be confirmed 

with tests on humans as was done recently24 with acetone and Si-doped WO3 sensors to monitor 

body fat burn during exercise and rest. 

 

Figure 2.6: (a) Response of Pt-doped SnO2 with filter to three consecutive 30 s pulses of simulated 

breath composed of 106 ppb isoprene, 477 ppb acetone, 461 ppb methanol and 833 ppb ammonia at 

90% RH on the sixth day of continuous monitoring. (b) Evolution of the sensor baseline resistance (red 

circles) and the isoprene response resistance (blue squares) during eight days of continuous operation 

and daily simulated breath analysis. 

2.4 Conclusions 

A filter–sensor concept was introduced for rapid and highly selective isoprene detection 

in breath-relevant gas mixtures. The filter is a packed bed of activated alumina offering large 

surface area to retain hydrophilic compounds without affecting hydrophobic isoprene. As 
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proof-of-concept, filters of activated alumina turned a highly sensitive, non-specific Pt-doped 

SnO2 sensor isoprene-selective (>100) to breath-relevant acetone, ammonia, ethanol and 

methanol at 90% RH. That way, isoprene is detected selectively down to 5 ppb within seconds, 

more than sufficient for real-time breath analysis. Even when operated continuously for eight 

days, this filter–sensor system showed stable performance with reproducible (regeneration 

within 10 min) and accurate isoprene detection in simulated breath mixtures. Based on their 

small size and modular design, they can be integrated readily into inexpensive and portable 

breath analyzers promising for non-invasive monitoring of blood cholesterol levels and other 

patho/physiological conditions. 

2.5 References 

1. S. Mendis, P. Puska and B. Norrving, Global atlas on cardiovascular disease 

prevention and control, World Health Organization, 2011. 

2. V. Feigin, Lancet, 2016, 388, 1459-1544. 

3. H. C. McGill, C. A. McMahan and S. S. Gidding, Circulation, 2008, 117, 1216-1227. 

4. N. J. Stone, J. G. Robinson, A. H. Lichtenstein, C. N. Bairey Merz, C. B. Blum, R. H. 

Eckel, et al., J. Am. Coll. Cardiol., 2014, 63, 2889-2934. 

5. L. Bookstein, S. S. Gidding, M. Donovan and F. A. Smith, Arch. Intern. Med., 1990, 

150, 1653-1657. 

6. T. H. Risby and S. F. Solga, Appl. Phys. B, 2006, 85, 421-426. 

7. E. S. Deneris, R. A. Stein and J. F. Mead, Biochem. Biophys. Res. Commun., 1984, 

123, 691-696. 

8. P. Španěl, S. Davies and D. Smith, Rapid Commun. Mass Spectrom., 1999, 13, 1733-

1738. 

9. N. Nelson, V. Lagesson, A. R. Nosratabadi, J. Ludvigsson and C. Tagesson, Pediatr. 

Res., 1998, 44, 363-367. 

10. D. Smith, P. Španěl, B. Enderby, W. Lenney, C. Turner and S. J. Davies, J. Breath 

Res., 2009, 4, 017101. 

11. B. G. Stone, T. J. Besse, W. C. Duane, C. D. Evans and E. G. DeMaster, Lipids, 1993, 

28, 705-708. 

12. T. Karl, P. Prazeller, D. Mayr, A. Jordan, J. Rieder, R. Fall and W. Lindinger, J. Appl. 

Physiol., 2001, 91, 762-770. 

13. A. Mashir, K. Paschke, D. Van Duin, N. Shrestha, D. Laskowski, M. Storer, et al., J. 

Breath Res., 2011, 5, 037107. 

14. S. Davies, P. Španel and D. Smith, Nephrol., Dial., Transplant., 2001, 16, 836-839. 

15. J. King, A. Kupferthaler, K. Unterkofler, H. Koc, S. Teschl, G. Teschl, et al., J. 

Breath Res., 2009, 3, 027006. 

16. A. Bajtarevic, C. Ager, M. Pienz, M. Klieber, K. Schwarz, M. Ligor, et al., BMC 

Cancer, 2009, 9, 348. 

17. N. Alkhouri, T. Singh, E. Alsabbagh, J. Guirguis, T. Chami, I. Hanouneh, et al., Clin. 

Transl. Gastroenterol., 2015, 6, e112. 

18. J. M. Sanchez and R. D. Sacks, Anal. Chem., 2003, 75, 2231-2236. 

19. S.-I. Ohira, J. Li, W. A. Lonneman, P. K. Dasgupta and K. Toda, Anal. Chem., 2007, 

79, 2641-2649. 



55 

20. J. Clayden, N. Greeves and S. Warren, Organic chemistry, Oxford University Press, 

Oxford, 2012. 

21. A. T. Güntner, N. J. Pineau, D. Chie, F. Krumeich and S. E. Pratsinis, J. Mater. 

Chem. B, 2016, 4, 5358-5366. 

22. M. M. McCartney, Y. Zrodnikov, A. G. Fung, M. K. LeVasseur, J. M. Pedersen, K. 

O. Zamuruyev, et al., ACS Sens., 2017, 2, 1167-1174. 

23. M. Righettoni, A. Ragnoni, A. T. Güntner, C. Loccioni, S. E. Pratsinis and T. H. 

Risby, J. Breath Res., 2015, 9, 047101. 

24. A. T. Güntner, N. A. Sievi, S. J. Theodore, T. Gulich, M. Kohler and S. E. Pratsinis, 

Anal. Chem., 2017, 89, 10578-10584. 

25. B. de Lacy Costello, A. Amann, H. Al-Kateb, C. Flynn, W. Filipiak, T. Khalid, et al., 

J. Breath Res., 2014, 8, 014001. 

26. L. Wang, A. Teleki, S. E. Pratsinis and P. I. Gouma, Chem. Mater., 2008, 20, 4794-

4796. 

27. A. T. Güntner, M. Righettoni and S. E. Pratsinis, Sens. Actuators B Chem., 2016, 223, 

266-273. 

28. Y. Zou, S. Chen, J. Sun, J. Liu, Y. Che, X. Liu, et al., ACS Sens., 2017, 2, 897-902. 

29. M. Schweizer-Berberich, S. Strathmann, W. Göpel, R. Sharma and A. Peyre-Lavigne, 

Sens. Actuators B Chem., 2000, 66, 34-36. 

30. A. T. Güntner, S. Abegg, K. Wegner and S. E. Pratsinis, Sens. Actuators B Chem., 

2018, 257, 916-923. 

31. S. K. Kim, H. Chang and E. T. Zellers, Anal. Chem., 2011, 83, 7198-7206. 

32. A. K. Wanekaya, M. Uematsu, M. Breimer and O. A. Sadik, Sens. Actuators B Chem., 

2005, 110, 41-48. 

33. S. Zampolli, I. Elmi, F. Mancarella, P. Betti, E. Dalcanale, G. C. Cardinali and M. 

Severi, Sens. Actuators B Chem., 2009, 141, 322-328. 

34. T. Itoh, T. Miwa, A. Tsuruta, T. Akamatsu, N. Izu, W. Shin, et al., Sensors, 2016, 16, 

1891. 

35. R. T. Yang, Gas separation by adsorption processes, Imperial College Press London, 

1997. 

36. L. Mädler, A. Roessler, S. E. Pratsinis, T. Sahm, A. Gurlo, N. Barsan and U. Weimar, 

Sens. Actuators B Chem., 2006, 114, 283-295. 

37. A. T. Güntner, V. Koren, K. Chikkadi, M. Righettoni and S. E. Pratsinis, ACS Sens., 

2016, 1, 528-535. 

38. L. Mädler, H. K. Kammler, R. Mueller and S. E. Pratsinis, J. Aerosol Sci., 2002, 33, 

369-389. 

39. A. Tricoli, M. Graf, F. Mayer, S. Kühne, A. Hierlemann and S. E. Pratsinis, Adv. 

Mater., 2008, 20, 3005-3010. 

40. M. Righettoni, A. Tricoli, S. Gass, A. Schmid, A. Amann and S. E. Pratsinis, Anal. 

Chim. Acta, 2012, 738, 69-75. 

41. C. J. Geankoplis, Transport processes and separation process principles, Prentice 

Hall, 2003. 

42. B.-Y. Kim, J. S. Cho, J.-W. Yoon, C. W. Na, C.-S. Lee, J. H. Ahn, et al., Sens. 

Actuators B Chem., 2016, 234, 353-360. 

43. L. Ferrus, H. Guenard, G. Vardon and P. Varene, Respir. Physiol., 1980, 39, 367-381. 

44. C. Turner, P. Španěl and D. Smith, Physiol. Meas., 2005, 27, 13-22. 

45. T. Claire, Š. Patrik and S. David, Physiol. Meas., 2006, 27, 321-337. 

46. A. Teleki, S. E. Pratsinis, K. Kalyanasundaram and P. I. Gouma, Sens. Actuators B 

Chem., 2006, 119, 683-690. 

47. P.-I. Gouma, L. Wang, S. Simon and M. Stanacevic, Sensors, 2017, 17, 199. 



56 

48. Fast Isoprene Sensor, http://www.hills-scientific.com/, (accessed 17/11/27, 2017). 

49. R. H. R. Castro and D. V. Quach, J. Phys. Chem. C, 2012, 116, 24726-24733. 

50. S. Sircar, M. Rao and T. Golden, Stud. Surf. Sci. Catal., 1996, 99, 629-646. 

51. C. M. Roth, K.-U. Goss and R. P. Schwarzenbach, J. Colloid Interface Sci., 2002, 

252, 21-30. 

52. A. Delle Site, J. Phys. Chem. Ref. Data, 2001, 30, 187-439. 

53. K.-U. Goss and S. J. Eisenreich, Environ. Sci. Technol., 1996, 30, 2135-2142. 

54. D. Gelmont, R. A. Stein and J. F. Mead, Biochem. Biophys. Res. Commun., 1981, 99, 

1456-1460. 

55. C. F. Kneepkens, G. Lepage and C. C. Roy, Free Radicals Biol. Med., 1994, 17, 127-

160. 

56. J. W. Gardner, Sens. Actuators B Chem., 1990, 1, 166-170. 

57. C. Turner, P. Španěl and D. Smith, Physiol. Meas., 2006, 27, 637-648. 

58. L. Mädler, T. Sahm, A. Gurlo, J. D. Grunwaldt, N. Barsan, U. Weimar and S. E. 

Pratsinis, J. Nanopart. Res., 2006, 8, 783-796. 

59. T. Artursson, T. Eklöv, I. Lundström, P. Mårtensson, M. Sjöström and M. Holmberg, 

J. Chemom., 2000, 14, 711-723. 

 

http://www.hills-scientific.com/


57 

 
Adapted with permission from J. van den Broek, S. Abegg, S. E. Pratsinis and A. T. Güntner, 

Nat. Commun., 2019, 10, 4220. Open Access CC BY. 

Chapter 3 

3 Highly selective detection of methanol over 

ethanol by a handheld gas sensor 

 

Abstract 

Methanol poisoning causes blindness, organ failure or even death when recognized too 

late. Currently, there is no methanol detector for quick diagnosis by breath analysis or for 

screening of laced beverages. Typically, chemical sensors cannot distinguish methanol from 

the much higher ethanol background. Here, we present an inexpensive and handheld sensor for 

highly selective methanol detection. It consists of a separation column (Tenax) separating 

methanol from interferants like ethanol, acetone or hydrogen, as in gas chromatography, and a 

chemoresistive gas sensor (Pd-doped SnO2 nanoparticles) to quantify the methanol 

concentration. This way, methanol is measured within 2 min from 1 to 1,000 ppm without 

interference of much higher ethanol levels (up to 62,000 ppm). As a proof-of-concept, we 

reliably measure methanol concentrations in spiked breath samples and liquor. This could 

enable the realization of highly selective sensors in emerging applications such as breath 

analysis or air quality monitoring.  
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3.1 Introduction 

Ingestion, inhalation or skin absorption of methanol leads to irreversible tissue damage, 

especially to eyes and nervous system, or even death.1 This is attributed to metabolization of 

methanol to toxic formic acid and formaldehyde,2 if not immediately treated.3 Especially in 

developing countries, methanol poisoning outbreaks occur frequently with hundreds of victims 

due to adulterated alcohol as shown recently in Iran (Oct. 2018, 959 cases)4, Cambodia (May 

2018, 237 cases)5 and India (Feb. 2019, >95 cases)6. Furthermore, methanol is often used as 

solvent or chemical feedstock7 in laboratories and chemical plants, posing a potential hazard 

of intoxication.  

The gold-standard for detection of methanol intoxication is blood analysis by gas-liquid 

chromatography, but more frequent in hospitals is the indirect diagnosis through blood gas 

analysis.8 However, both require trained personnel, are expensive and rarely available in 

developing countries where most outbreaks occur.9 Blood methanol levels can also be 

determined non-invasively in exhaled breath,10 analogous to ethanol as widely applied by law 

enforcement.11 The challenge is thereby the selective detection of methanol in the presence of 

much higher ethanol background typically present after consumption of tainted alcoholic 

beverages and during therapy where ethanol is used as an antidote.12 Even more interesting 

might be simple methods for screening of alcoholic beverages to prevent methanol poisoning. 

But here too, the same challenge is met. Thus, inexpensive and portable devices are needed for 

rapid screening of methanol poisoning and liquor by paramedics or even laymen. 

Chemical gas sensors are promising due to their low cost,13 high miniaturization 

potential14 and simple use15. In particular, metal-oxide sensors show high sensitivity when 

nanostructured, capable to detect analytes down to 5 ppb within seconds.16 But, such sensors 

are typically non-selective,17 especially for chemically similar molecules (like methanol and 

ethanol), representing a long-standing challenge in the field. Therefore, current 

chemoresistive18 and electrochemical19 gas sensors for methanol show cross-interferences to 

ethanol and other alcohols hindering them for the targeted application.  

Filters can drastically improve the selectivity of chemical sensors by exploiting 

additional molecular properties of the target molecule. For instance, highly selective (>100–

1,000) formaldehyde detection was possible even with a nonspecific SnO2-based sensor by 

placing ahead a microporous zeolite membrane to filter molecules by size.20 This way, 

formaldehyde was detected down to 30 ppb in 90% relative humidity (RH) without interference 

of 1 ppm ammonia, acetone, isoprene and ethanol.20 Also a sorption packed bed separation 
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column of polar nanostructured alumina enabled separation of hydrophilic from hydrophobic 

compounds,21 analogous to a gas chromatographic (GC) column.22 This has led to highly 

selective (>100) sensing of isoprene down to 5 ppb at 90% RH despite the presence of much 

higher (4–8 times) methanol, ammonia and acetone concentrations.21 Non-polar adsorbents, 

such as Tenax TA, on the other hand, can separate molecules by their molecular weight and 

chemical functional groups.23 They are widely used in air sampling, whereby heavy molecules 

are retained stronger than lighter ones due to stronger adsorption by van-der-Waals forces.23 

Thus, they are also promising to separate methanol from ethanol as done already in GC for the 

analysis of liquor (e.g., detected by olfactometry with humans24) and human breath (e.g., by 

mass spectrometry25). 

Here, we present a handheld and inexpensive methanol detector (Figure 3.1a) capable 

to quantify methanol selectively in the presence of ethanol and other analytes (e.g., acetone, 

H2). It consists of a small packed bed of Tenax (Figure 3.1b) to separate the analytes and a  

 

Figure 3.1: (a) Handheld methanol detector consisting of a microsensor (in Teflon housing) connected 

to a separation column (Tenax TA particles in Teflon tube). (b) Close-up of the separation column with 

particles inside a glass tube for better visibility. c Magnified images of a particle’s surface. (d) The 
sensor chip carrier with a mounted microsensor. (e, f) Top-view images of the sensing films consisting 

of a fine network of agglomerated and aggregated Pd-doped SnO2 nanoparticles. 
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highly sensitive, but non-specific microsensor (Figure 3.1d) consisting of flame-made Pd-

doped SnO2 nanoparticles on interdigitated sensing electrodes. In comparison to typical GC 

instruments,22 our device is much smaller and less expensive. It is benchmarked by detection 

of methanol in the relevant concentration range in the presence of much higher ethanol levels 

at high RH. Ultimately, the methanol detector is tested to sense toxic methanol levels in tainted 

rum and even in spiked human breath. 

3.2 Experimental 

3.2.1 Sensor fabrication 

Palladium-doped SnO2 nanoparticles were produced by flame spray pyrolysis (FSP). 

So, Pd-acetylacetonate (Sigma-Aldrich, 99%) was dissolved in tin(-II-)ethylhexanoate (Strem 

Chemicals, ~90% in 2-ethylhexanoic acid) and xylene (Sigma-Aldrich, ≥ 98.5%) to obtain a 

total metal molarity (Pd and Sn) of 0.5 M and nominal Pd content of 1 mol%.26 This precursor 

solution was fed through a capillary at 5 mL min-1, dispersed into a fine spray by 5 L min-1 

oxygen (pressure drop of 1.6 bar) and ignited by a surrounding premixed methane/oxygen 

flame (1.25/3.2 L min-1). The FSP reactor design is described in more detail elsewhere.27 

Nanoparticles were directly deposited27 for 4 min onto micromachined free-standing 

membrane-type sensor substrates (1.9 x 1.7 mm2, MSGS 5000i, Microsens SA, Switzerland) 

attached to a water-cooled holder and at 20 cm height above the burner (HAB). The 

microsensor membranes feature an integrated heater layer underneath the interdigitated sensing 

electrodes. Subsequent in-situ annealing with a particle-free flame for 30 sec at a HAB of 14.5 

cm improved adhesion and cohesion of the highly porous sensing film.28 Therefore, xylene was 

fed at 11 mL min-1 through the nozzle with identical dispersion flow used during nanoparticle 

production. Finally, the sensors were annealed at 500 °C for 5 h in an oven (CWF13/23, 

Carbolite, United Kingdom) and wire-bonded onto leadless chip carriers (Chelsea Technology 

Inc., Massachusetts, US). 

3.2.2 Separation column fabrication 

The separation column is a packed bed of 150 mg Tenax TA (poly(2,6-diphenyl-p-

phenylene oxide), 60–80 mesh, ~35 m2 g-1, Sigma Aldrich) packed inside a Teflon tube (4 mm 

inner diameter) and secured on both ends with silanized glass wool plugs and tension springs. 

Freshly prepared columns were flushed overnight with 100 mL min-1 synthetic air (PanGas, 

CnHm and NOx ≤ 0.1 ppm, Switzerland) at 50% RH to desorb impurities that might be adsorbed 

on the Tenax. 
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Scanning electron microscopy (SEM) images of the sensing film and the Tenax TA 

particle surface were made with a Hitachi S-4800 operated at 3 kV. 

3.2.3 Gas evaluation 

The methanol detector (Figure 3.1a) consists of the separation column followed by the 

Pd-doped SnO2 sensor. A miniature rotary vane pump of only 12 g (135 FZ 3 VDC Schwarz 

Precision, Germany) downstream of the sensor draws the sample through the separation 

column at 25 mL min-1. The flow was validated by a calibrated bubble flow meter connected 

to the pump outlet. The sensor was heated by providing DC current (R&S HMC8043, 

Germany) through the heater of the micromachined sensor substrate. The sensing film 

temperature was set to 350 °C requiring only 76 mW. The ohmic resistance of the sensing film 

between the interdigitated electrodes was monitored with a multimeter (Keithley, 2700, USA). 

Sensor responses were evaluated as 

𝑆 =
𝑅𝐴

𝑅𝑆
− 1 

where RA and RS denote the sensor film resistances measured in background air 

(synthetic air or ambient air in case of breath and liquor headspace analysis) and during sample 

measurement, respectively. The retention time tR of an analyte was defined as the time from 

the start of analyte exposure to the sensor’s maximum response, analogous to gas 

chromatography.29 The breakthrough time tB of an analyte was defined as the time from the 

start of analyte exposure to an analyte response equal to 5% of the response to 1 ppm methanol. 

For characterization of the sensor with synthetic gas mixtures, the methanol detector 

was connected to a gas delivery system illustrated schematically in Figure 3.2. In specific, 

synthetic air was guided through a glass bubbler (Drechsel bottle, 125 mL, sintered glass frit, 

Sigma-Aldrich) containing ultrapure water (Milli-Q A10, Merck, Switzerland) and mixed with 

another stream of (dry) synthetic air to achieve 50% RH. All flows were accurately controlled 

by calibrated mass flow controllers (MFC, Bronkhorst, Netherlands) and the RH was verified 

by a humidity sensor (SHT2x, Sensirion AG, Switzerland). For generation of low analyte 

concentrations (5 ppm H2, 1–5 ppm methanol, 5 ppm ethanol and 5 ppm acetone), analytes 

were admixed from calibrated gas standards (PanGas, in synthetic air) and added to the 

synthetic gas stream through a septum via a capillary. Thereby, the capillary was quickly 

inserted into the septum for 10 sec to generate well defined analyte exposures. The Teflon gas 

lines were heated to ~50 °C to avoid condensation and adsorption of water or analytes. The 

flow rates of the synthetic air and the analyte streams were varied in the range of 300–1,000 



62 

and 1–300 mL min-1, respectively, while the flow rate to the sensor was always kept constant 

by the pump at 25 mL min-1. 

 

Figure 3.2: The methanol detector (orange box) consisting of the packed bed separation column of 
polymer (Tenax TA, red) particles, followed by the chemoresistive (Pd-doped SnO2, green) sensor and 

the vane pump that draws 25 mL min-1 of gas sample. For characterization with synthetic gas mixtures, 

the detector is connected to a gas delivery system. It supplies the detector with a constant flow of 

humidified air by mixing dry and humidified synthetic air (syn. air). Analyte exposures are generated 
by admixing analytes from calibrated gas standards or by syn. air bubbling through analyte/water 

mixtures to the humidified syn. air stream with a capillary through a septum. Flows are accurately 

controlled by calibrated mass flow controllers (MFCs). 

7For higher methanol concentrations (15–918 ppm), dry synthetic air was guided 

through a glass bubbler filled with ultrapure water and 1 vol% methanol (>99.9%, Sigma-

Aldrich) and dilution with synthetic air. The generated methanol concentration from the 

bubbler was measured with a proton-transfer-reaction time-of-flight mass spectrometer (PTR-

TOF-MS 1000, Ionicon, Austria) after further inlet dilution (1:200–1,000) with synthetic air to 

avoid device saturation. The ionization conditions were 600 V drift voltage, 60 °C drift 

temperature, and 2.3 mbar drift pressure. Methanol concentrations were determined in the H3O
+ 

mode by measuring the counts per second at a mass-to-charge ratio (m/z) of 33.033530 and 

comparison to a calibration curve obtained from the methanol gas standard. Higher ethanol 

concentrations (250–64,000 ppm) were generated similarly by bubbling air through pure 

ethanol (absolute, >99.8%, Fisher Chemical) and dilution with synthetic air. Generated 

concentrations were calculated from the weight loss of the bubbler after bubbling with air for 

0, 2, 4, 6 and 8 h, while room temperature was kept constant at 22 °C.  
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3.2.4 Evaluation of the headspace of drinks and human breath 

For testing of methanol spiked drinks and breath, sensors were stabilized in ambient air 

with analyte background concentrations of methanol <50 ppb, ethanol <500 ppb and acetone 

<100 ppb as determined by PTR-TOF-MS. Liquid samples were prepared in 25 mL glass 

bottles by mixing 5 mL of rum (40 vol% ethanol, Boven’s echter Arrak, Indonesia) with 0, 0.3, 

0.4, 0.5, 1, 5 and 10 vol% of methanol. Concentrations <0.3 vol% are not relevant for the liquor 

screening as the legal limit is 0.4 vol% in the US31 and EU32. To guarantee equilibrium 

headspace concentrations, the samples were vigorously shaken manually for 30 sec before 

sampling.33 Headspace was sampled for 10 sec by injecting a capillary attached to the methanol 

detector through a septum into the glass bottle caps. During sampling, a second capillary was 

inserted to keep the vial at ambient pressure. 

For breath sampling, a volunteer consumed an alcoholic beverage (40 vol% ethanol, 

Bacardi Rum Carta Blanca) containing an equivalent of 50 mL pure ethanol. After 1 h, blood 

alcohol concentration was estimated with a breathalyzer (Alcotest 3820, Dräger, Germany). 

Another two breath samples were collected in Tedlar bags (3 L, SKC Inc., USA) by direct and 

complete exhalation through a Teflon tube. One of the bags was spiked with 300 mL of 

918 ppm methanol in synthetic air (100% RH), giving a final concentration of 135 ppm, as 

verified by PTR-TOF-MS (inlet dilution 1:40 with synthetic air). Also to the second bag, 

300 mL of synthetic air (100% RH) without methanol was added to keep dilution of the breath 

samples similar. Breath samples were stored no longer than 1 h in the Tedlar bags to avoid 

analyte losses.34 The detector was exposed to breath samples for 10 sec by injecting a capillary 

through a septum at the cap of the Tedlar bags. To validate the results of the methanol detector, 

the same breath samples were also analyzed by the PTR-TOF-MS (inlet dilution 1:40 with 

synthetic air) coupled to the separation column. Ethanol concentrations were determined in the 

H3O
+ mode by measuring the counts per second at a mass-to-charge ratio (m/z) of 47.049030 

and comparison to a calibration curve obtained from the ethanol gas standard. The experiment 

was approved by the ETH Zurich Ethics Commission and performed with written consent of 

the volunteer. 

3.3 Results and discussions 

3.3.1 Detector design 

Figure 3.1a shows the handheld methanol detector. It consists of a separation column 

upstream of a micromachined metal-oxide gas sensor housed inside a Teflon chamber. Breath 

or the headspace of a beverage can be drawn by a pump through the separation column to the 
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sensor. The separation column is a miniaturized GC column with Tenax TA as the stationary 

phase (shown in Figure 3.1b) featuring lower adsorption strength to methanol over ethanol.23 

Figure 3.1c shows a scanning electron microscopy (SEM) image of a Tenax particle’s surface 

revealing its high specific surface area (35 m2 g-1) and porosity (average pore size 200 nm). 

Compared to typical GC columns,22 the separation column used here is much shorter (4.5 cm) 

and thicker (4 mm inner diameter). Together with the small amount of adsorbent used (150 mg) 

and its large particle size (~200 µm), this results in a sufficiently small pressure drop (<20 

mbar) to provide the required flow rate (25 mL min-1) to the sensor.  

Figure 3.1d shows the sensor bonded on a chip carrier. It is micromachined, offering 

small size and minimal power requirement (76 mW at 350 °C) readily suitable for integration 

into a handheld device. Figure 3.1e-f show top-view SEM images of the sensing film made of 

chemoresistive Pd-doped SnO2 nanoparticles27 offering high porosity and specific surface area 

(~80 m2 g-1 for similarly prepared Pt-doped SnO2)
35. The open film structure enables fast 

diffusion of analytes and interaction with the large surface area, important for rapid and highly 

sensitive methanol sensing. Such sensors had been used, for instance, for detection of only 

3 ppb formaldehyde with fast response (140 sec) and recovery (190 sec) times, and good 

reproducibility (<10% response variation).26 

3.3.2 Selective methanol detection 

Figure 3.3a shows responses of the Pd-doped SnO2 sensor without separation column 

to 10 sec exposures of 5 ppm of hydrogen (purple line), methanol (red line), acetone (green 

line) and ethanol (blue line) at 50% RH. The sensor quickly reacts to all these analytes with 

responses between 10–25. However, it cannot differentiate between them. This becomes even 

more evident when exposing the sensor to a mixture of these analytes (Figure 3.3b). The sensor 

gives now a much higher response, slightly lower than the sum of the individual ones, as 

typically observed for chemoresistive sensors at such ppm concentrations.36 As a consequence, 

this sensor cannot measure selectively methanol in the presence of such interferents.  

When combined with the separation column, the sensor responses are separated as in a 

chromatograph. The response to hydrogen (purple line) remains the same (Figure 3.3c). This 

is expected as hydrogen features low molecular weight and is not retained by Tenax.37 For the 

other analytes, however, a different behavior is observed. In fact, methanol (red line) is now 

detected after >1 min with a maximum sensor response (i.e., retention time tR, dashed lines) 

after 1.7 min. Note that the maximum methanol response is lower than without separation 

column, as the column dissipates it over a longer time period, in line with theory38. Most 
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importantly, ethanol (blue line, tR = 8.7 min) and acetone (green line, tR = 33 min) are retained 

for much longer, in agreement with literature (tR = 2.2, 10.8 and 36 min) for methanol, ethanol 

and acetone, respectively, at 20 °C)37. As a result, the separation column enables selective 

methanol detection. Interestingly also, the ethanol and acetone responses decrease with 

increasing tR. In fact, the response to 5 ppm acetone is barely picked up by the sensor (while it 

was twice that of methanol without separation column, compare Figure 3.3a to c).  

 

Figure 3.3: Response of the methanol detector (a, b) without and (c, d )with separation column to 10 sec 

exposures of 5 ppm hydrogen (purple line), methanol (red line), ethanol (blue line) and acetone (green 

line) as well as their mixture (black line in b and d) at 50% RH and 25 mL min-1 total flow rate. Also 
given are the corresponding retention times (tR, dashed lines, for hydrogen tR = 0 min as it is not 

retained). Note the different ordinate scale between a/b and c/d. The presence of the polymer sorbent 

packed bed upstream of the Pd-doped SnO2 sensor facilitates the separation of the mixture components. 

When exposing the sensor with separation column to a mixture of the same analytes 

and concentrations (Figure 3.3d), the analytes can be detected individually at their specific 

retention time with very high selectivity, identical to the single analyte exposures (Figure 3.3c). 

Most remarkably, for the targeted applications, methanol is detected without ethanol 

interference, superior to state-of-the-art methanol sensors where the highest selectivity to 

ethanol (>30) has been reported for imprinted Ag-doped LaFeO3 core-shell particles39.  

As shown in Figure 3.3c,d, the detector fully regenerates from each analyte or mixture 

exposure by flushing with air. The recovery time depends on the analyte and is about 2–3 times 

its retention time, in agreement with literature40. The recovery time can be decreased 
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considerably by simply increasing the flow rate or by slight heating of the separation column 

(e.g., acetone from ~60 min to 20 sec37 when increasing column temperature and flow rate 

briefly to 80 °C and 100 mL min-1).23  

3.3.3 Dynamic range 

Methanol concentrations in the targeted applications may occur from several ppm in 

breath10 up to several hundred ppm in the headspace of beverages31. Figure 3.4 shows the Pd-

doped SnO2 sensor response with separation column when exposed for 10 sec to 1–918 ppm 

of methanol at 50% RH. The median methanol concentration in healthy breath41 (green line), 

the range of exogeneous32 (orange line) and toxic breath methanol concentrations1 (red area) 

are also indicated. The response curve is non-linear, in-line with diffusion-reaction theory36 for 

such semiconductive metal-oxide films at high analyte concentrations. Nevertheless, as a 

result, this separation column–sensor system can discriminate clearly toxic from nontoxic 

levels and even detect low concentrations of 1 ppm with a signal-to-noise ratio >100. Lower 

concentrations are not relevant for the liquor headspace and breath analyses, but such Pd-doped 

SnO2 gas sensors can detect volatile organic compounds down to single ppb levels (e.g., 3 ppb 

formaldehyde26). In contrast, other bench-top methanol detectors (e.g., PTR-TOF-MS) can 

detect such low concentrations as well, but they have a much smaller dynamic range and require 

dilution to measure the high ppm concentrations present in breath or the headspace of 

beverages.  

 

Figure 3.4: Response of the detector (Tenax separation column + Pd-doped SnO2 sensor) to 1–918 ppm 

methanol concentrations (black squares and dashed line). The median methanol concentration in 

healthy breath41 (green dashed line), exogeneous32 (orange dashed line) and toxic1 breath levels (red 
dashed line and shaded area) are indicated. Measurements were performed with 10 sec exposure of all 

methanol concentrations at 50% RH and a flow rate of 25 mL min-1 through the detector. 
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Please note that the response curve in Figure 3.4 is valid for a separation column 

temperature of 22 °C at 50% RH. With increasing column temperature, the sensor responses 

become higher as tR decreases (Figure C.1a). Most importantly, however, methanol is clearly 

separated and detected individually from ethanol even at 40 °C. Such temperature effects could 

be accounted for by a temperature sensor. At higher humidity, tR does not change, in-line with 

literature,23 but the responses decrease (Figure C.1b). This is typical for such doped SnO2 

sensors20 and can be addressed by using a sensor material less sensitive to humidity (e.g., Sb-

doped SnO2
42) or by correction with a humidity sensor as done with sensor arrays to monitor 

volatile emission from human breath and skin.43  

3.3.4 High ethanol background 

To analyze methanol in the headspace of alcoholic beverages or in intoxicated breath, 

the detector must remain accurate int the presence of very high ethanol concentrations. Figure 

3.5a shows the response of the detector when exposed to 1 ppm methanol with interfering 

ethanol concentrations of 5 (green line), 650 (1% relative saturation, blue line) and 32,500 ppm 

(50% relative saturation, red line). Despite the significantly higher ethanol concentration, 

methanol is detected first (tR = 1.5–1.7 min) giving comparable responses to the single gas 

calibration (Figure 3.4). Ethanol is detected later with breakthrough times (tB, dashed lines) 

that decrease with increasing concentration (5.7 min at 5 ppm to 2.2 min at 50% saturation) but 

are always higher than the tR of methanol. In GC, the same phenomenon is observed when 

overloading the column with analyte.44  

Interestingly, at 50% ethanol saturation concentration, methanol is detected slightly 

earlier with higher peak maximum and narrower peak width. Probably, this is due to 

competitive adsorption on Tenax where methanol is displaced by ethanol that adsorbs more 

strongly.45 Nevertheless, the resulting error of 17% is sufficiently small for the targeted 

applications as the difference between normal and toxic methanol concentrations in liquor and 

breath are much larger (e.g., human breath median 0.46 ppm41 vs. intoxicated >133 ppm1). If 

higher accuracy is required, alternatively, the area below the methanol response could be 

evaluated, as commonly done in gas chromatography.22 In fact, the peak areas below the 

methanol responses are basically identical (within 2%), irrespective of the ethanol 

concentration (Figure C.2).  

Most importantly, the methanol response is clearly separated from that of ethanol even 

at very high concentrations. This is shown in Figure 3.5b where the tR of methanol (solid line) 

and tB of ethanol (dashed line) are plotted for ethanol concentrations in the range 5–62,000 ppm 
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(95% saturation). The tB decreases exponentially with increasing concentration, in line with 

literature at lower concentrations.38 Even at the most extreme conditions of 95% saturated 

ethanol atmosphere, methanol is detected independently of ethanol as its response is clearly 

separated from the breakthrough of ethanol. These results are astonishing considering the 

simplicity of this device and outperform other methanol detectors.  

 

Figure 3.5: (a) Responses of the methanol detector upon exposure to 1 ppm methanol in the presence 
of 5 (green line), 650 (1% relative saturation, blue line) and 32,500 ppm (50% relative saturation, red 

line) ethanol. Corresponding ethanol breakthrough times (tB, dashed lines) are indicated. (b) The 

ethanol tB (squares and dashed line) and methanol retention time (tR, circles and solid line) as a function 

of interfering ethanol concentration of 5 (green), 650 (1% relative saturation, blue), 6,500 (10% 
relative saturation, orange), 32,500 ppm (50% relative saturation, red) and 62,000 ppm (95% relative 

saturation, purple). 
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3.3.5 Methanol-spiked liquor and breath 

Drinking as little as 6 mL methanol can be fatal.46 Thus, a methanol detector for 

screening of alcoholic beverages could help to prevent methanol poisoning outbreaks. The 

safety threshold for naturally occurring methanol in liquor (40 vol% ethanol) is 0.4 vol% (US31 

and EU32), as such low levels occur naturally since methanol is a byproduct of fermentation.31 

The detector must therefore be able to distinguish “safe” alcoholic beverages from tainted ones 

with typically much higher methanol content. Figure 3.6a shows the responses to pure (green) 

and laced Arrack (common liquor in Southeast Asia) with 0.3 (blue line), 0.4 (orange line), 0.5 

(purple line) and 1 vol% (red line) methanol. The detector clearly recognizes the added 

methanol at the expected tR = 1.7 min, matching the retention time of methanol in laboratory 

gas mixtures (see Figures 3.3 and 3.6). 

 

Figure 3.6: (a) Response of the detector to pure liquor (green line) containing 40 vol% ethanol and 

laced with methanol of 0.3 (blue line), 0.4 (orange line), 0.5 (purple line) and 1 vol% (red line). (b) 

Sensor responses as a function of methanol content (0–10 vol%) in the liquor (black circles). The red 
dashed line indicates the legally allowed (US31 & EU32) naturally occurring methanol content in liquor 

(40 vol% ethanol). Error bars indicate the standard deviation of at least three measurements (i.e., 

repeatability) with less than 15% variation. 
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Most importantly, the response increases with increasing methanol concentration and 

even small differences between 0.3 to 0.4 and 0.5 vol% (i.e., close to the allowed limit) can be 

clearly resolved by the sensor with high signal-to-noise ratio >100. In all cases, the response 

steeply increases after 3 min, corresponding to the high concentration of ethanol. Also at higher 

methanol contents of 5 and 10 vol% the sensor response continues to increase (Figure 3.6b). 

As a result, the methanol detector can clearly distinguish pure Arrack from that laced with toxic 

levels of methanol with good repeatability (<15% variation, error bars in Figure 3.6b). Due to 

the high signal-to-noise ratio, also lower concentrations of methanol should be detectable, 

which may be interesting for the production monitoring and quality control of alcoholic 

beverages (e.g., naturally occurring methanol in wine47). 

The methanol detector features also good stability with a sensor baseline drift of 0.7% 

per day during 18 days of testing (Figure C.4). Such drifts could be corrected by an additional 

processing algorithm.48 By purging with ambient air, it fully regenerates within 15 min 

(Figure C.3a), enabling rapid screening and multiple uses with no observed saturation or 

degradation effects over, at least, two weeks of repeated testing (Figure C.4). 

As a proof-of-concept for breath analysis, we evaluated the methanol detector on the 

original and methanol-spiked breath of an intoxicated (after ingestion of ethanol) volunteer 

(blood alcohol level 0.54‰ as measured with a Dräger Alcotest). Poisoning volunteers with 

methanol is unacceptable. However, spiking the analyte to the sample (i.e., standard addition 

method49) is a standard approach in analytical chemistry as the complexity of the gas matrix 

(i.e., intoxicated breath) is preserved. Figure 3.7a shows the detector response for the normal 

(blue dashed line) and methanol-spiked breath (135 ppm methanol, red solid line). Note that a 

methanol concentration of 135 ppm was chosen as it is just above the threshold of serious 

methanol intoxication (>133 ppm1). In both cases, the detector shows identical responses to 

hydrogen at t = 0–30 sec (not retained) and ethanol (tR = 8.3 min) with full recovery thereafter 

(Figure C.3a). A clear peak associated with methanol is visible at tR = 1.7 min with high signal-

to-noise ratio (>1000), identical to laboratory gas mixtures (Figure 3.2c). To verify the 

methanol (Figure 3.7b) and ethanol (Figure 3.7c) peaks, the same breath samples were analyzed 

by benchtop PTR-TOF-MS equipped with the same separation column. Note that these high 

concentrations were only measurable by PTR-TOF-MS by additional dilution (please see 

experimental). Methanol and ethanol were detected at tR identical to the sensor, confirming the 

sensor results.  

As a result, this detector can clearly differentiate between normal and methanol-spiked 

breath. Therefore, this it is promising for fast and non-invasive sensing of methanol poisoning. 



71 

Given the high signal-to-noise ratio at 135 ppm methanol, it also shows promise for monitoring 

methanol elimination during treatment.10 Of course, the results are rather preliminary (only one 

subject tested) and further validation with extended cohorts is required as done recently with 

breath acetone and a similar sensor (Si-doped WO3) for body fat burn monitoring during 

exercise50 and dieting51. 

 

Figure 3.7: (a) Response of the methanol detector to breath of an intoxicated volunteer (0.54‰ blood 

alcohol level) sampled from Tedlar bags. The blue dashed line shows the measurement from the normal 
breath sample and the red solid line from the spiked sample with 135 ppm methanol, indicating 

methanol intoxication. The PTR-TOF-MS measurements (with separation column and dilution) of the 

same samples for (b) methanol and (c) ethanol. The instrument shown in c is a PTR-TOF-MS 1000 
(Ionicon, Austria) used for sensor validation. Hydrogen (H2) is not retained by the separation column 

and does not interfere with the methanol detector. 

Interestingly, in liquor (Figure 3.6) and human breath (Figure 3.7), only methanol, 

ethanol and hydrogen (breath) are clearly detected by the sensor, although both liquor and 

breath are complex mixtures with more than 10052 and 80053 analytes, respectively. This is 

probably due to the higher molecular weight and different functional groups (e.g., diols or 
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glycols) of most interferants, resulting in longer retention in the separation column than 

methanol (e.g., ethylene glycol 100 times longer than methanol37). Most likely reason, 

however, is the much lower concentration of most confounders (e.g., 0.003 ppm 

trimethylamine in breath54 compared to >133 ppm of methanol in case of intoxication1).  

To the best of our knowledge, this is the first methanol sensor for the detection of 

relevant concentrations in the presence of ethanol in realistic samples of liquor and breath. 

Other sensors are either liquid sensors that cannot be used for breath (e.g., photoluminescent 

Tb3+-based metal-organic framework sensor55), do not offer the required detection limit (e.g., 

Quartz tuning fork-based sensor56) or were not tested in gas mixtures (e.g., optical fiber 

sensor57). 

3.4 Conclusions 

We created an inexpensive, handheld and reliable methanol detector based on a 

separation column–sensor concept. The separation column is a small packed bed of polymer 

adsorbent (Tenax TA) that separates methanol from ethanol and other interferants including 

hydrogen and acetone analogous to a column in gas chromatography. So, methanol is detected 

within 2 min by a nonspecific but highly sensitive nanostructured Pd-doped SnO2 gas sensor 

in a wide concentration range from 1–918 ppm without interference of much higher ethanol 

concentrations (up to 62,000 ppm). The detector successfully quantified methanol 

concentrations in laced rum (Arrack) down to 0.3 vol% by analyzing its headspace and 

distinguished it from pure liquor. As first proof-of-concept, the detector was also tested on 

breath of an intoxicated volunteer, where it could clearly identify the sample spiked with toxic 

methanol concentrations. Thus, it shows promise for quick and non-invasive screening of 

methanol poisoning from breath and laced alcoholic beverages and could be used by first 

responders in developing countries, where most outbreaks occur. 

 In a broader sense, the present detector demonstrates how to possibly address a long-

standing challenge of chemical sensors: the discrimination between analytes from the same 

chemical family. Giving comparable performance to a gas chromatographic column, such 

separation columns are much simpler in design, modular and can be combined flexibly with 

other sensor technologies that often lack selectivity, such as optical sensors (e.g., plasmonic,58 

fluorescent59), gas ionization detectors,60 electrochemical cells,61, carbon-nanotube62- or 

graphene-based sensors.63 Based on their small size and low price, such separation columns 

could enable highly selective, compact and portable gas detectors for emerging applications 

including medical breath analysis, food spoilage and air quality monitoring. 
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Chapter 4 

4 Screening methanol poisoning  

with a portable breath detector 

 

Abstract 

Methanol poisoning outbreaks after consumption of adulterated alcohol frequently 

overwhelm health care facilities in developing countries. Here, we present how a recently 

developed low-cost and handheld breath detector can serve as a non-invasive and rapid 

diagnostic tool for methanol poisoning. The detector combines a separation column and a 

micromachined chemoresistive gas sensor fully integrated into a device that communicates 

wirelessly with a smartphone. The performance of the detector is validated with methanol-

spiked breath of 20 volunteers (105 breath samples) after consumption of alcoholic beverages. 

Breath methanol concentrations were quantified accurately within 2 min in the full breath-

relevant range (10–1000 ppm) in excellent agreement (R2 = 0.966) with benchtop mass 

spectrometry (PTR-TOF-MS). Bland-Altman analysis revealed sufficient limits of agreement 

(95% confidence intervals), promising to indicate reliably the clinical need for antidote and 

hemodialysis treatment. This simple-in-use detector features high diagnostic capability for 

accurate measurement of methanol in spiked breath, promising for rapid screening of methanol 

poisoning and assessment of severity. It can be applied readily by first responders to distinguish 

methanol from ethanol poisoning and monitor in real time the subsequent hospital treatment.  
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4.1 Introduction 

There are thousands of registered1 methanol poisoning cases every year with 

devastating consequences including organ failure, blindness and even death.2 Often, a single 

batch of methanol-contaminated spirit results in a poisoning outbreak with dozens of victims 

overwhelming local clinics,3 particularly in developing countries with insufficient diagnostic 

and treatment capacities.4 So also recently during the COVID-19 pandemic in Iran5 and even 

the US6 where the consumption of methanol-contaminated hand-sanitizers led to >700 deaths. 

After ingestion of laced products, methanol is absorbed rapidly from the gastrointestinal tract 

within 30–60 min.7 While methanol itself has low toxicity, it is metabolized in the liver (Figure 

4.1a) at a rate8 of 85 mg L-1 h-1 to toxic formaldehyde by the enzyme alcohol dehydrogenase 

(ADH) and within only several minutes to formic acid9 which is directly correlated with 

increased morbidity and mortality.10 Thereby, ADH metabolizes ethanol preferentially over 

methanol. As methanol is typically consumed with ethanol, symptoms of methanol poisoning 

often start more than 24 h after consumption.9 Early diagnosis is therefore crucial to initiate 

immediate treatment and increase the chance of patient recovery.  

The “gold standard” for diagnosis of methanol poisoning is the direct measurement of 

methanol in blood by benchtop liquid (LC) or gas chromatography (GC).11 However, this is 

laborious, expensive and typically performed in specialized laboratories delaying diagnosis for 

several hours to days.12 Instead, often a combination of physical examination and blood 

chemistries like pH, osmolal and anion gap is used.13 These are non-specific to methanol (e.g., 

cannot distinguish it from common alcohol intoxication) and only weakly correlate with 

intoxication severity.14 For instance, a retrospective study of 346 patients associated an 

increased osmolal gap more likely to other conditions (e.g., ketoacidosis, kidney failure) rather 

than methanol intoxication.15 Other methods include single16 or arrays17 of enzymatic assays 

to detect methanol or formic acid18 in blood, urine or saliva. But these only provide qualitative 

results, are non-specific and/or allow diagnosis only at a late stage. So, simple-in-use and low-

cost diagnostic tools are needed for fast screening of methanol poisoning.19  

Breath analysis is a non-invasive alternative to diagnose methanol poisoning,20 as 

already widely established for ethanol intoxication by law enforcement.21 Thereby, the breath 

and serum alcohol concentrations are related at the alveolar membrane22 (Figure 4.1a) through 

the blood/breath partition ratio being ~2901 for methanol20 and ~2100 for ethanol23. This had 

been used for diagnosis and treatment of methanol poisoning in six subjects by a Fourier-

transform infrared breath analyzer.20 However, this technology (DX4000/DX4015 Gasmet 
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Technologies) suffers from being bulky, heavy (15 kg) and rather costly (>$50’000).24 

Chemical sensors (e.g., chemoresistive,25 electrochemical,26 quartz crystal microbalances27) 

are inexpensive, feature compact size and can detect relevant methanol concentrations,28 but 

cannot distinguish methanol from other alcohols due to their chemical similarity. Other 

chemical sensors are selective to methanol, but can only detect it in liquids (e.g., Pt-loaded 

reduced graphene oxide,29 optofluidic Bragg fiber array30) and are thus not applicable for non-

invasive breath analysis. 

 

Figure 4.1: (a) After consumption of laced beverages, methanol is metabolized to toxic formaldehyde 

by alcohol dehydrogenase (ADH) and subsequently to formic acid in the liver. Methanol and ethanol 

diffuse from blood to breath in the alveoli. (b) Fully integrated and handheld methanol detector to 

analyze exhaled breath sampled in bags (e.g., Tedlar). Results are communicated by WiFi to a 
smartphone. (c) Experimental protocol: Volunteers consumed (grey shaded) a standardized meal 3 h 

before the onset of measurements and an individually calculated amount of ethanol within 1 h 

afterwards (grey shaded). Breath was sampled (red diamonds) every hour, ethanol concentration was 
measured by a commercial breathalyzer (Dräger) and subsequently spiked with 10–1000 ppm 

methanol. Every methanol-spiked breath sample was then measured with the handheld detector and the 

PTR-TOF-MS for characterization and validation. 

Here, we explore the capacity of a previously developed31 low-cost and handheld breath 

detector (Figure 4.1b) for fast screening of methanol poisoning by validation under realistic 

conditions with humans. The detector combines a compact separation column and a 

chemoresistive micro gas sensor31 fully integrated into a device that can communicate 

wirelessly with a smartphone app for control and display of results.32 We tested the detector 

with 105 breath samples that were spiked with relevant methanol concentrations (10–

1000 parts per million by volume, ppm) from 20 volunteers after consumption of different 
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alcoholic drinks to simulate poisoning (Figure 4.1c). Sample analysis was done simultaneously 

with the handheld detector and a high-resolution proton-transfer-reaction time-of-flight mass 

spectrometer (PTR-TOF-MS) for statistical analysis. Finally, the receiver operating 

characteristics (ROC) of the device were determined to assess its diagnostic ability for 

methanol poisoning.  

4.2 Experimental 

4.2.1 Detector design and measurement 

The handheld detector is shown in Figure 4.1b and described elsewhere.32 In brief, it 

consists of a capillary inlet for sampling from Tedlar bags, a separation column consisting of a 

packed bed of Tenax TA polymer sorbent to separate the breath mixture,31 a chemoresistive 

Pd-doped SnO2 microsensor to quantify the methanol and ethanol concentrations, and a rotary 

vane pump (SP 135 FZ 3 V, Schwarzer Precision, Germany) drawing the sample through the 

column to the sensor. A microcontroller (Raspberry Pi Zero W, Great Britain) with integrated 

circuits on a custom-designed printed circuit board (PCB) is used for autonomous sensor 

heating, film resistance readout, pump flow control as well as wireless communication with a 

computer or smartphone. This handheld (size 2×4×12 cm3) detector is lightweight (94 g) and 

needs minimal power of ~1 W, suitable for battery-driven operation. In this study, it was 

powered via a USB port and measurement data were saved on an on-board SD card for later 

analysis. 

 For sampling, the inlet capillary is injected into Tedlar bags containing the breath 

samples through a septum in their cap. The pump is turned on, pulling 25 mL min-1 constantly 

as verified by a calibrated bubble flow meter, to bring the sample to the device. After sampling 

for 10 s, the capillary is removed from the sampling bag and room air is drawn for 13 min to 

sequentially determine the methanol and ethanol concentrations and recover the device before 

the pump is turned off. While off-line sampling from Tedlar bags was necessary in this study 

to spike breath samples with methanol, the detector could also be used with an end-tidal breath 

sampler33 as applied for fat burn monitoring during exercise and rest.34 

The sensor response is calculated as:  

𝑆 = 𝑅𝑏 𝑅𝑠⁄ − 1 

where Rb and Rs denote sensor resistances at the beginning of the test (i.e., baseline) 

and during analysis, respectively. Methanol and ethanol responses were evaluated at their 

respective peak maximum and after subtracting the minimum response before their respective 

peaks to minimize background interference. Retention times (tR) of analytes are defined as the 
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time to reach the maximum analyte response, analogous to gas chromatography.35 Please note 

that at high ethanol concentrations encountered in headspace sampling of adulterated 

beverages, also the tR of ethanol can be used to estimate its concentration.32 Lower level of 

detection (LOD) was defined36 as the lowest measurable concentration distinguishable from 

three times the sensor noise (standard deviation of the baseline). Ethanol and methanol 

concentrations were obtained by comparison to daily five-point calibration curves from 

calibrated gas mixtures of methanol (10–1000 ppm) and ethanol (10–300 ppm) in dry synthetic 

air, as elaborated elsewhere.31 Calibration curves for both analytes were fitted by a power law 

minimizing the relative error to the measured sensor responses. Note that the detector can also 

be calibrated less frequently (e.g., once a week, Figure D.5), which slightly lowers the accuracy 

but might be sufficient for quick screening of methanol poisoning. 

4.2.2 Study design 

To test the robustness of the device to individual differences in breath composition after 

alcohol consumption, a cohort of 20 volunteers (15 male and 5 female) 22–65 year old was 

tested with demographic and anthropometric data listed in Table S1. The main exclusion 

criteria were alcohol intolerance, history of drug or alcohol abuse (assessed by the AUDIT 

test37), pregnancy, physical or psychological impairment or health conditions that prevent 

participation in study, as well as medications known to interact adversely with alcohol 

consumption. This study had been approved by the ETH Zurich Ethics Commission (EK 2019-

N-142). Each subject gave written informed consent prior to the tests and could withdraw at 

any time. The volunteers were asked to abstain from alcohol for 24 h prior to the study. Further, 

they were asked not to smoke, eat or drink (except water) and not to brush their teeth nor use 

mouthwash for 2 h before and during the study to avoid exogenous interference.  

The experimental protocol is illustrated in Figure 4.1c. A standardized meal of pasta 

(dry weight 100 g) with sauce and a salad was consumed 3 h before the start of the test within 

60 min to guarantee similar ethanol adsorption and elimination rates.38 At the test start (i.e., 

t = 0), each volunteer consumed a calculated amount of ethanol within 60 min to reach a target 

blood alcohol concentration of 1000 mg L-1 (0.1%) corresponding to a breath alcohol 

concentration of 0.476 mg L-1 (eq. in SI). The amount of ethanol was calculated according to 

the Widmark formula taking into account the volunteer’s gender, weight and drinking 

duration.39 Volunteers were randomly assigned to consume either beer (6 volunteers, 

Quöllfrisch, 4.8 vol%, Brauerei Locher AG, Switzerland), wine (7 volunteers, Faustino V, 

13.5 vol%, Bodegas Faustino, Spain) or liquor (6 volunteers, Bacardi Carta Blanca, 37.5 vol%, 
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Bacardi Limited, Bermuda) in order to evaluate differences in the alcoholic beverage type on 

the detector performance. An additional volunteer served as control and did not consume any 

alcoholic beverage. During the test, volunteers were under medical supervision. The test was 

concluded and subjects were released only after their breath ethanol concentration reached a 

level below 0.238 mg L-1 (as checked with a commercial breathalyzer, Dräger, Alcotest 3820, 

Germany) and after examination by a physician. 

4.2.3 Breath sampling and methanol spiking 

Breath was sampled at the start, right after the drinking period and every hour thereafter 

(Figure 4.1c, diamonds). To obtain late expiratory breath containing the most relevant 

information on blood-borne biomarkers,40 volunteers were asked to exhale approximately half 

of their lung volume (first 2–3 s of exhalation) into the air and the remaining part until 

exhaustion into Tedlar bags (3 L, SKC Inc., US) through a Teflon tube.41 This was repeated 4–

10 times until a volume of ~2 L breath was obtained. Breath samples were first measured with 

the Dräger breathalyzer before spiking with methanol followed by the analysis with our 

detector and the PTR-TOF-MS. All samples were analyzed within 2 h to limit methanol and 

ethanol concentration changes to below 3% (Figure D.1), in agreement with experiments 

performed at lower analyte concentrations.42 Tedlar bags were cleaned after each use by filling 

with nitrogen (PanGas, purity: 99.99%) and pulling vacuum for at least three times.43 

Breath samples were spiked with methanol (i.e., standard addition method in analytical 

chemistry44) to simulate methanol poisoning without intoxicating volunteers. Breath was 

spiked with randomly selected methanol concentrations in the range of 10 to 1000 ppm. This 

was done on a dynamic gas mixing setup controlled by calibrated gas flow controllers 

(Bronkhorst, Netherlands), as described in detail elsewhere.45 Thereby, methanol vapor was 

generated by guiding synthetic air (CnHm and NOx ≤ 100 ppb, Pan Gas) through gas bubblers 

containing ultrapure water (Milli-Q A10, Merck, Switzerland) and 1 vol% (for 10 – 100 ppm) 

or 12 vol% (for 100–1000 ppm) methanol (>99.9%, Sigma-Aldrich). The added volume was 

always <10% of the original breath sample to minimize dilution. Every sample was analyzed 

by PTR-TOF-MS (PTR-TOF-MS 1000, Ionicon, Austria) operated at 600 V drift voltage, 

60 °C drift temperature, 2.3 mbar drift pressure and using H3O
+ as precursor ion. Ethanol46 and 

methanol47 concentrations were determined at mass-to-charge ratios (m/z) of 47.049 and 

33.034 by comparison to calibration curves obtained from ethanol and methanol gas standards 

(495 and 19.7 ppm, respectively, in synthetic air, Pan Gas). To avoid PTR-TOF-MS saturation 

at high analyte concentrations, samples were diluted with synthetic air (50% RH) by a factor 
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of 1:10–400 before analysis to measure within their calibrated range, 0–10 and 0–3 ppm for 

ethanol and methanol, respectively.31 

4.2.4 Statistical analysis 

For Bland-Altman analysis,48 measurement data were transformed by a cube root 

transformation resulting in a normal distribution of the transformed measurement differences 

according to a Shapiro-Wilk normality test (p = 0.88) and absolute differences that are 

independent of their mean (p = 0.72).49 Please note that cube root transformation was chosen 

among cube root, logarithmic and reciprocal transformations as it best satisfied the requirement 

for normal and independent variance.50 Calculations of the mean difference and limits of 

agreement (95% confidence intervals, CI) were performed on the transformed data and back-

transformed at the end.51 Device bias and precision52 were evaluated under intermediate 

precision conditions53 from all measured breath samples. 

Receiver operating characteristic curves were calculated for two classifiers, in specific 

the need for antidote (>52 ppm methanol measured by PTR-TOF-MS) and hemodialysis 

(>131 ppm) treatment. These methanol concentrations were estimated from respective blood 

concentrations9 of >200 and >500 mg L-1 using the afore-mentioned blood/breath partition ratio 

(eq. in SI). Confidence intervals for areas below the ROC curves (AUC) were calculated with 

the package pROC (v. 1.16.2) in R using the bootstrap method with 10,000 stratified replicates. 

4.3 Results and discussions 

4.3.1 Selective methanol over ethanol detection 

The main challenge for chemical sensors is the selective detection of breath methanol 

over high ethanol concentrations present after consumption of contaminated beverages or 

during methanol poisoning treatment where ethanol is even used as an antidote.9 The present 

detector achieves this with a packed bed of porous, non-polar Tenax TA polymer sorbent 

particles (Figure 4.2a), where ethanol absorbs stronger (and thus is retained longer) than 

methanol,54 analogous to GC. A downstream chemoresistive microsensor based on Pd-doped 

SnO2 nanoparticles quantifies the methanol and ethanol sequentially with high sensitivity55 due 

to its high surface area (54.5 m2 g-1)56 and highly porous (>95%)57 film morphology. Upon 

catalytic conversion of analytes,58 the chemoresistive sensing film changes its electric 

resistance proportionally59 to the analyte concentration that is read out as sensor response.  

Figure 4.2b shows that response to a synthetic gas mixture of methanol (81 ppm) and 

ethanol (92 ppm). The sensor first detects a peak at a retention time (tR) of 1.8 min, 



84 

corresponding to methanol. This response is not interfered by ethanol, which elutes later and 

is detected at a tR of 8.5 min, as was verified31 by mass spectrometry. As a result, methanol and 

ethanol are both detected with high selectivity in gas mixtures and also from other alcohols 

(e.g., propanol present in disinfectants) that are retained even longer60 due to their stronger van-

der-Waals interaction with the separation column. This outperforms other state-of-the-art 

chemoresistive methanol sensors (e.g., GaN pillars,61 SnO2–ZnO nanofibers62 or In2O3–SnO2 

nanofibers63). Also other technologies, like quartz crystal microbalances27 or electrochemical 

sensors, typically used in breath alcohol detectors,26 fail to differentiate methanol from ethanol 

poisoning. 

 

Figure 4.2: (a) Concept of selective breath methanol and ethanol sensing. (b) Sensor response to a 
mixture of methanol (81 ppm) and ethanol (92 ppm) with indicated retention times (tR). (c) Sensor 

calibration with synthetic mixtures of methanol (triangles) and ethanol (circles) in the relevant 

concentration ranges. Power laws (dashed lines) fitting the sensor calibrations are indicated together 

with their R2 values. 
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The detector was calibrated in the relevant ranges of 10 to 1000 ppm for methanol 

(triangles) and 10 to 300 ppm for ethanol (circles), as shown in Figure 4.2c. This corresponds 

to blood methanol and ethanol concentrations of 38–3,824 and 40–1,194 mg L-1, respectively, 

covering the range observed after methanol poisoning20 and corresponding to mild to medium 

ethanol intoxication.64 Both calibration curves follow a power law in line with theory59 for such 

porous metal-oxide gas sensing films. Also low concentrations of 10 ppm result in clear sensor 

responses with high signal-to-noise ratios (SNR) of 86 and 28 for methanol and ethanol, 

respectively. Actually, even lower levels of 0.5 ppm (SNR 4.2) methanol and 2 ppm (SNR 3.2) 

ethanol are detected just above their LODs (Figure D.2). However, the detector was calibrated 

only at concentrations >10 ppm relevant for the targeted application and well below toxic9 

breath methanol concentrations of 52 ppm. Most importantly, the detector covers the entire 

relevant methanol concentration range without interference of ethanol.  

4.3.2 Breath methanol quantification and intra-sample repeatability 

The detector performance is shown best on real breath with its over 800 compounds65 

at high (up to 100%)66 relative humidity. Although most of these compounds are present at 

concentrations <100 ppb, some of their individual or cumulative response might confound the 

measurement. Figure 4.3a shows the sensor response to breath (green) after consumption of an 

alcoholic beverage and when spiked with 23 (blue), 66 (purple) and 148 ppm (red) methanol. 

These methanol levels correspond to endogenous (0–10 ppm),67 harmless exogenous 

(10 – 52 ppm) and toxic concentrations (>52 ppm), respectively.9 

For all samples, similar ethanol concentrations of 285 ± 11 ppm are detected at tR = 

8.2 min, comparable to the calibrated gas mixtures (Figure 4.2b) and in agreement with PTR-

TOF-MS (i.e., 248 ppm). Most importantly, the sensor detects no significant methanol 

concentration in the original breath (PTR-TOF-MS, <1 ppm) with sensor response below the 

LOD, as expected from physiological breath methanol concentrations (median 0.26 ppm),68 

while the spiked concentrations are recognized distinctly (tR = 1.8 min). For instance, a sensor 

response of 1.72 is detected corresponding to 155 ppm from the calibration (see Figure 4.2c) 

at a nominal methanol concentration of 148 ppm. As a result, methanol and ethanol are 

quantified individually (to differentiate ethanol from methanol poisoning) and without 

interference also in spiked breath. Thereby, primarily poisoning-relevant levels are recognized, 

similar to other diagnostic tests (e.g., hormone HCG for pregnancy69 or breath hydrogen for 

lactose malabsorption70) and a variety of gas alarms (e.g., fire detector). Apart from a small 

response at t = 0–30 s corresponding to non-retained breath compounds (e.g., hydrogen, 
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methane), no additional peaks are detected, in line with previous results.31 Probably this can be 

attributed to the much lower concentration of most breath molecules (e.g., <1 ppm acetone71) 

and longer retention in the separation column,54 resulting in lower and practically invisible 

responses.  

 

Figure 4.3: (a) Sensor response to breath (green, 248 ppm ethanol) and when spiked with 23 (blue), 68 

(purple) and 148 ppm (red) methanol. (b) Sensor response of three consecutive measurements of a 

breath sample spiked with 72 ppm methanol and 244 ppm ethanol. Indicated are the averages (dashed 

lines) and standard deviations (shading) that are below 7%. 

A major limitation of “gold standard” serum methanol/ethanol measurement gas 

chromatography is the off-site analysis in laboratories.72 As a result, confirmation of methanol 

poisoning often takes hours or even days11 – too long considering the immediate need for 

treatment to improve clinical outcome. In contrast, our detector allows non-invasive and near 

real-time (<2 min) detection of methanol poisoning on site by first responders or non-

professionals.  
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Furthermore, the detector is also reusable as demonstrated by measuring the same 

spiked breath sample three consecutive times (Figure 4.3b). After each measurement, the 

detector fully recovers within 15 min by flushing with ambient air and can be used for the next 

measurement. The intra-sample repeatability shows little variation (standard deviation, shaded 

in Figure 4.3b) for methanol and ethanol, both below 7%. As a result, the detector permits 

immediate diagnosis and screening of many patients in quick succession. In addition, the 

detector performed quite stably over three months of continuous32 testing. 

4.3.3 Agreement to PTR-TOF-MS and diagnostic capability 

Figure 4.4a,b shows breath ethanol concentrations of two volunteers (see all their 

profiles in Figures D.3–D.4) measured by the handheld detector (triangles) and the PTR-TOF-

MS (circles). The exhaled ethanol concentrations shows a peak within 1 h after drinking for all 

subjects and thereafter an average elimination rate of 33 ± 10 ppm h-1 (i.e., 131 ± 40 mg L-1 h-1 

using the blood/breath partition ratio), both in line with the literature.73 The detector follows 

this ethanol trend in reasonable agreement with PTR-TOF-MS and quite similar to a 

commercial breath alcohol tester (Figures D.3–D.4) for all volunteers.  

 

Figure 4.4: (a, b) Breath ethanol concentration dynamics from two volunteers before (t = 0) and after 

consumption of wine (a) and liquor (b), as measured by our detector (triangles) and the PTR-TOF-MS 

(circles). (c, d) Methanol concentrations from the corresponding spiked breath samples measured by 
our detector (solid bars) and the PTR-TOF-MS (hatched bars). Note the logarithmic ordinate scale in 

(c, d). 
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Most importantly, the detector correctly predicts the spiked methanol in the breath 

samples over the entire concentration range (Figure 4.4c,d, solid bars), despite high and 

changing breath ethanol levels (Figure 4.4a,b), in good agreement with PTR-TOF-MS (Figure 

4.4c,d, hatched bars). For instance, for volunteer #10 at t = 1 h, a high methanol concentration 

of 397 ppm (Figure 4.4c, solid bar) was predicted, matching well the PTR-TOF-MS value of 

409 ppm (hatched bar), despite the presence of 259 ppm ethanol (Figure 4.4a, circle). Lower 

methanol levels are detected accurately as well. In fact, for the same volunteer at t = 3 h, the 

detector predicts 23 ppm compared to 29 ppm by PTR-TOF-MS at more than 5 times higher 

ethanol levels (161 ppm). 

In total, 105 methanol-spiked breath samples from 20 volunteers were evaluated and 

the measured methanol concentrations of the detector and PTR-TOF-MS are shown in Figure 

4.5a. Indicated also are the concentration ranges where antidote (>52 ppm, grey shaded) and 

hemodialysis (>131 ppm, red shaded) treatments are recommended from the corresponding 

blood methanol concentrations.9 The detector shows excellent agreement with PTR-TOF-MS 

(R2 = 0.966) over the entire concentration range (14–1079 ppm) and in the presence of 0–

316 ppm ethanol. This is remarkable considering the device’s compact and low-cost design 

(Figure 4.1b). Most importantly, the type of consumed beverage, liquor (squares), wine 

(triangles), beer (diamonds) and water (circles), does not influence the measurement. Indeed, 

prediction errors after consumption of different alcoholic beverages are not significantly 

different (p > 0.05) from each other. So, flavoring additives do not seem to interfere with the 

detector. Note that seven measurements are not shown as samples were not spiked with 

methanol and eight data points were excluded, as not enough breath sample was provided by 

the volunteer or problems surfaced during the sensor measurement (four cases each).  

To evaluate the agreement between our handheld detector and PTR-TOF-MS further, 

we performed Bland-Altman analysis48 (Figure 4.5b). The measurement error shows 

heteroscedasticity, i.e., increasing error with increasing methanol concentration, which is 

typical for such measurements of a physical property.74 As a result, also the mean difference 

(bias, solid blue) and limits of agreement (95% confidence intervals, dash-dotted blue) are a 

function of the methanol concentration. Analysis of the relative differences (Figure D.6) 

reveals the detectors bias and precision,52 which is -12 ± 15% at 131 ppm methanol. However, 

they and the limits of agreement are sufficiently narrow for a high diagnostic power, as 

illustrated when applying the detector as a binary classifier to distinguish spiked breath 

methanol concentrations corresponding to different degrees of poisoning, resulting in areas 

below the curve of >0.996 (Figure D.7). Of course, these results are based on the detection of 
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spiked methanol in breath and further validation during field tests with actual methanol 

poisoning victims are required to correlate breath methanol levels with corresponding 

concentrations in blood and evaluate unforeseen matrix effects (e.g., disinfectants in the clinical 

environment). 

 

Figure 4.5: (a) Scatter plot of methanol concentrations in all breath samples measured by the detector 

and PTR-TOF-MS. Volunteers consumed either liquor (squares), wine (triangles), beer (diamonds) or 

water (circles). Corresponding ideal line (black solid line), R2 to that line and concentrations requiring 

treatment with an antidote (grey shaded) or hemodialysis (red shaded) are indicated. (b) Bland-Altman 
plot showing the difference in methanol concentration measured by sensor and PTR-TOF-MS as a 

function of the mean of both measurements. Mean and limits of agreement (95% confidence intervals) 

of these differences are indicated as solid and dashed lines, respectively. 

Estimation of blood methanol concentrations relies on the blood/breath ratio, which 

shows individual variations (±15%)20 similar to ethanol (±10%)23. It should depend slightly 

also on the inhaled air temperature through cooling of the airway (analogous to ethanol with 

10% lower breath concentrations at 5 °C compared to 23 °C),75 which can be addressed by 
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sampling under standardized conditions.76 However, these variations are much smaller than the 

difference of physiological77 to toxic9 blood methanol concentration (e.g., 1.7 vs. 200 mg L-1) 

and should not compromise the screening of methanol poisoning. 

It is important to note that such detectors could underestimate the degree of poisoning, 

similar to blood methanol analysis, when part of the methanol has been converted to toxic 

metabolites. Thus, the detector should be used complementary to current anamnesis and 

physical examination to indicate the time of poisoning. Most importantly, however, breath 

methanol offers non-invasive detection within minutes, so it can be done frequently and on site 

to initiate immediate treatment and even track the methanol washout. Additionally, through 

separation of analytes in its column, the detector could be optimized also for additional 

measurement of formic acid in breath to estimate the level of poisoning more accurately using 

kinetic models.78 

4.4 Conclusions 

We show how an inexpensive and multi-use detector could be used for rapid (<2 min) 

and non-invasive diagnosis of methanol poisoning by simple breath sampling. The detector is 

handheld, can be operated with a battery and communicates results wirelessly with a 

smartphone or computer. We tested this detector on the breath of 20 volunteers (105 samples) 

after consumption of liquor, wine and beer. The detector accurately predicted spiked toxic 

methanol concentrations and differentiates them from elevated ethanol levels, in excellent 

agreement to high-resolution mass spectrometry (R2 > 0.96) with LOD’s close to 0.5 and 2 ppm 

for methanol and ethanol, respectively. As a result, this device is promising to screen methanol 

poisoning and classify severity to reliably distinguish the clinical need for antidote or 

hemodialysis treatment. This detector can be equipped with a disposable mouthpiece, as for 

commercial breath alcohol testers, and readily applied as a point-of-care diagnostic tool for fast 

screening of methanol poisoning by first responders and clinicians. Due to its simple use and 

low price, it is especially promising in developing countries, where most methanol poisonings 

occur. 

  



91 

 

4.5 References 

1. Doctors without borders, The methanol poisoning initiative, 

https://legerutengrenser.no/mpi/index.html, (accessed February 2020). 

2. J. A. Kruse, Intensive Care Med., 1992, 18, 391-397. 

3. H. Hassanian-Moghaddam, N. Zamani, D. M. Roberts, J. Brent, K. McMartin, C. 

Aaron, et al., Clin. Toxicol., 2019, 57, 1129-1136. 

4. J. D’Silva, Br. Med. J., 2015, 351, h4536. 

5. Aljazeera: Iran: Over 700 dead after drinking alcohol to cure coronavirus, 2020, 

https://www.aljazeera.com/news/2020/04/iran-700-dead-drinking-alcohol-cure-

coronavirus-200427163529629.html. 

6. M. Fazio. The New York Times: 3 Die in New Mexico After Drinking Hand Sanitizer, 

Officials Say, 2020, https://www.nytimes.com/2020/06/26/us/3-dead-drinking-hand-

sanitizer.html. 

7. C. E. Becker, J. Emerg. Med., 1983, 1, 51-58. 

8. D. Jacobsen, R. Webb, T. D. Collins and K. E. McMartin, Med. Toxicol. Adverse 

Drug Exper., 1988, 3, 418-423. 

9. D. G. Barceloux, G. Randall Bond, E. P. Krenzelok, H. Cooper and J. Allister Vale, J. 

Toxicol., Clin. Toxicol., 2002, 40, 415-446. 

10. J. Brent, K. McMartin, S. Phillips, C. Aaron and K. Kulig, N. Engl. J. Med., 2001, 

344, 424-429. 

11. J. A. Kraut and I. Kurtz, Clin. J. Am. Soc. Nephrol., 2008, 3, 208-225. 

12. J. A. Kraut and M. E. Mullins, N. Engl. J. Med., 2018, 378, 270-280. 

13. K. E. Hovda, O. H. Hunderi, N. Rudberg, S. Froyshov and D. Jacobsen, Intensive 

Care Med., 2004, 30, 1842-1846. 

14. J. A. Kraut, Am. J. Kidney Dis., 2016, 68, 161-167. 

15. M. D. Krasowski, R. M. Wilcoxon and J. Miron, BMC Clin. Pathol., 2012, 12. 

16. B. Vinet, Clin. Chem., 1987, 33, 2204-2208. 

17. J. M. Shin, G. Sachs and J. A. Kraut, Transl. Res., 2008, 152, 194-201. 

18. K. E. Hovda, G. Gadeholt, V. Evtodienko and D. Jacobsen, Scand. J. Clin. Lab. 

Invest., 2015, 75, 610-614. 

19. M. Rostrup, J. K. Edwards, M. Abukalish, M. Ezzabi, D. Some, H. Ritter, et al., Plos 

One, 2016, 11, e0152676. 

20. O. Laakso, M. Haapala, P. Jaakkola, R. Laaksonen, K. Luomanmäki, J. Nieminen, et 

al., J. Anal. Toxicol., 2001, 25, 26-30. 

21. M. P. Hlastala, J. Appl. Physiol., 1998, 84, 401-408. 

22. M. Phillips, Sci. Am., 1992, 267, 74-79. 

23. A. W. Jones, J. Stud. Alcohol, 1978, 39, 1931-1939. 

24. P. Emanuel and M. Caples, Global CBRN Detector Market Survey, 

https://www.wmddetectorselector.army.mil/library/Global%20CBRN%20Detector%2

0Market%20Surveypage_final_sm.pdf, (accessed March 2019). 

25. J. J. Vijaya, L. J. Kennedy, G. Sekaran, B. Jeyaraj and K. S. Nagaraja, J. Hazard. 

Mater., 2008, 153, 767-774. 

26. E. M. Caravati and K. T. Anderson, Ann. Emerg. Med., 2010, 55, 198-200. 

27. M. M. Ayad, G. El-Hefnawey and N. L. Torad, J. Hazard. Mater., 2009, 168, 85-88. 

28. A. T. Güntner, S. Abegg, K. Königstein, P. A. Gerber, A. Schmidt-Trucksäss and S. 

E. Pratsinis, ACS Sens., 2019, 4, 268-280. 

29. H. Ma, Y. Jiang, J. Ma, X. Ma, M. Xue and N. Zhu, Anal. Chem., 2020, 92, 5897-

5903. 

30. A. Yildirim, F. E. Ozturk and M. Bayindir, Anal. Chem., 2013, 85, 6384-6391. 

https://legerutengrenser.no/mpi/index.html
https://www.aljazeera.com/news/2020/04/iran-700-dead-drinking-alcohol-cure-coronavirus-200427163529629.html
https://www.aljazeera.com/news/2020/04/iran-700-dead-drinking-alcohol-cure-coronavirus-200427163529629.html
https://www.nytimes.com/2020/06/26/us/3-dead-drinking-hand-sanitizer.html
https://www.nytimes.com/2020/06/26/us/3-dead-drinking-hand-sanitizer.html
https://www.wmddetectorselector.army.mil/library/Global%20CBRN%20Detector%20Market%20Surveypage_final_sm.pdf
https://www.wmddetectorselector.army.mil/library/Global%20CBRN%20Detector%20Market%20Surveypage_final_sm.pdf


92 

31. J. van den Broek, S. Abegg, S. E. Pratsinis and A. T. Güntner, Nat. Commun., 2019, 

10, 4220. 

32. S. Abegg, L. Magro, J. van den Broek, S. E. Pratsinis and A. T. Güntner, Nat. Food, 

2020, 1, 351-354. 

33. S. Schon, S. J. Theodore and A. T. Güntner, Sens. Actuators, B, 2018, 273, 1780-

1785. 

34. A. T. Güntner, N. A. Sievi, S. J. Theodore, T. Gulich, M. Kohler and S. E. Pratsinis, 

Anal. Chem., 2017, 89, 10578-10584. 

35. C. J. Geankoplis, Transport processes and separation process principles, Prentice 

Hall, 2003. 

36. A. D. McNaught and A. Wilkinson, Compendium of chemical terminology, Blackwell 

Science Oxford, 1997. 

37. WHO, AUDIT: The alcohol use disorders identification test: Guidelines for use in 

primary health care. 2001. Available at SSRN:  https://ssrn.com/abstract=3668465 

38. R. T. Gentry, Alcohol.: Clin. Exp. Res., 2000, 24, 403-404. 

39. K. Kypri, J. Langley and S. Stephenson, Alcohol Alcohol., 2005, 40, 447-452. 

40. W. Miekisch, S. Kischkel, A. Sawacki, T. Liebau, M. Mieth and J. K. Schubert, J. 

Breath Res., 2008, 2, 026007. 

41. O. Lawal, W. M. Ahmed, T. M. E. Nijsen, R. Goodacre and S. J. Fowler, 

Metabolomics, 2017, 13, 110. 

42. J. Beauchamp, J. Herbig, R. Gutmann and A. Hansel, J. Breath Res., 2008, 2, 046001. 

43. P. Mochalski, J. King, K. Unterkofler and A. Amann, Analyst, 2013, 138, 1405-1418. 

44. M. Bader, J. Chem. Educ., 1980, 57, 703-706. 

45. J. van den Broek, A. T. Güntner and S. E. Pratsinis, ACS Sens., 2018, 3, 677-683. 

46. C. Turner, P. Španěl and D. Smith, Rapid Commun. Mass Spectrom., 2006, 20, 61-68. 

47. C. Turner, P. Španěl and D. Smith, Physiol. Meas., 2006, 27, 637-648. 

48. M. J. Bland and D. G. Altman, Lancet, 1986, 327, 307-310. 

49. N. M. Razali and Y. B. Wah, J. Stat. Model. Ana., 2011, 2, 21-33. 

50. J. M. Bland and D. G. Altman, BMJ, 1996, 313, 106. 

51. J. M. Bland and D. G. Altman, BMJ, 1996, 312, 1079-1079. 

52. JCGM, The international vocabulary of metrology—basic and general concepts and 

associated terms (VIM). 3rd ed: BIPM, 2012, 

https://www.bipm.org/utils/common/documents/jcgm/JCGM_200_2012.pdf, 

(accessed September 2020). 

53. M. Thompson, Anal. Methods, 2012, 4, 1598-1611. 

54. I. Maier and M. Fieber, J. High Resolut. Chromatogr., 1988, 11, 566-576. 

55. A. T. Güntner, V. Koren, K. Chikkadi, M. Righettoni and S. E. Pratsinis, ACS Sens., 

2016, 1, 528-535. 

56. J. van den Broek, D. K. Cerrejon, S. E. Pratsinis and A. T. Güntner, J. Hazard. 

Mater., 2020, 399, 123052. 

57. L. Mädler, A. Roessler, S. E. Pratsinis, T. Sahm, A. Gurlo, N. Barsan and U. Weimar, 

Sens. Actuators B Chem., 2006, 114, 283-295. 

58. N. Yamazoe, G. Sakai and K. Shimanoe, Catal. Surv. Asia, 2003, 7, 63-75. 

59. J. W. Gardner, Sens. Actuators B Chem., 1990, 1, 166-170. 

60. A. T. Güntner, L. Magro, J. van den Broek and S. E. Pratsinis, iScience, 2021, 24, 

102050. 

61. H.-F. Ji, W.-K. Liu, S. Li, Y. Li, Z.-F. Shi, Y.-T. Tian and X.-J. Li, Sens. Actuators B 

Chem., 2017, 250, 518-524. 

62. W. Tang, J. Wang, P. Yao and X. Li, Sens. Actuators B Chem., 2014, 192, 543-549. 

https://ssrn.com/abstract=3668465
https://www.bipm.org/utils/common/documents/jcgm/JCGM_200_2012.pdf


93 

 

63. W. Zheng, X. Lu, W. Wang, B. Dong, H. Zhang, Z. Wang, et al., J Am Ceram Soc, 

2010, 93, 15-17. 

64. L. Vonghia, L. Leggio, A. Ferrulli, M. Bertini, G. Gasbarrini and G. Addolorato, Eur. 

J. Intern. Med., 2008, 19, 561-567. 

65. B. de Lacy Costello, A. Amann, H. Al-Kateb, C. Flynn, W. Filipiak, T. Khalid, et al., 

J. Breath Res., 2014, 8, 014001. 

66. L. Ferrus, H. Guenard, G. Vardon and P. Varene, Respir. Physiol., 1980, 39, 367-381. 

67. W. Lindinger, J. Taucher, A. Jordan, A. Hansel and W. Vogel, Alcohol.: Clin. Exp. 

Res., 1997, 21, 939-943. 

68. P. Španěl, K. Dryahina, P. Vicherková and D. Smith, J. Breath Res., 2015, 9, 047104. 

69. S. A. Butler, S. A. Khanlian and L. A. Cole, Clin. Chem., 2001, 47, 2131-2136. 

70. A. Rezaie, M. Buresi, A. Lembo, H. Lin, R. McCallum, S. Rao, et al., Am. J. 

Gastroenterol, 2017, 112, 775-784. 

71. A. T. Güntner, N. J. Pineau, P. Mochalski, H. Wiesenhofer, A. Agapiou, C. A. 

Mayhew and S. E. Pratsinis, Anal. Chem., 2018, 90, 4940-4945. 

72. J. A. Kraut, Clin. Toxicol., 2015, 53, 589-595. 

73. J. M. Cowan Jr, A. Weathermon, J. R. McCutcheon and R. D. Oliver, J. Anal. 

Toxicol., 1996, 20, 287-290. 

74. A. Nevill, J Sports Sci, 1997, 15, 457-458. 

75. A. W. Jones, Clin. Sci., 1982, 63, 441-445. 

76. A. Jones, Alcohol Drugs Driving, 1990, 6, 1-25. 

77. S. A. Batterman and A. Franzblau, Int. Arch. Occup. Environ. Health, 1997, 70, 341-

351. 

78. K. E. Hovda, K. S. Andersson, P. Urdal and D. Jacobsen, Clin. Toxicol., 2005, 43, 

221-227. 

  



94 

 



95 

 
Adapted with permission from J. van den Broek, S. Abegg, S. E. Pratsinis and A. T. Güntner,  

J. Hazard. Mater., 2020, 399, 123052. Open Access CC BY NC ND. 

Chapter 5 

5 Selective formaldehyde detection at ppb  

in indoor air with a portable sensor 

 

 

Abstract 

Formaldehyde is a carcinogenic indoor air pollutant emitted from wood-based furniture, 

building materials, paints and textiles. Yet, no low-cost sensor exists for on-site monitoring to 

fulfill stringent current and upcoming (e.g., 8 parts-per-billion by volume, ppb, in France by 

2023) exposure guidelines. Here, we present an inexpensive and handheld formaldehyde 

detector with proven performance in real indoor air. Selectivity is achieved by a compact 

packed bed column of nanoporous polymer sorbent that separates formaldehyde from 

interferants present in ambient air. Downstream, a highly sensitive nanoparticle-based 

chemoresistive Pd-doped SnO2 sensor detects formaldehyde in the relevant concentration range 

down to 5 ppb within 2 min. As a proof-of-concept, we measured formaldehyde in indoor air 

and from different wood product emissions, in excellent agreement (R2 > 0.98) with high-

resolution proton-transfer-reaction time-of-flight mass spectrometry. This detector is simple-

in-use and readily applicable for on-site formaldehyde exposure monitoring at home or work. 

It is promising for internet-of-things (IOT) sensing networks or even wearables for personal 

exposure assessment. 
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5.1 Introduction 

Air pollution has been associated with more than 3 million deaths per year.1 Thus, 

needed are portable or even wearable gas sensors for personal exposure monitoring of key 

toxicants. When interconnected, such next-generation sensors could enable distributed 

chemical recognition2 to identify pollution hotspots3 and to monitor air quality in “smart” 

buildings4 and “future” cities5. This can mitigate air pollution and associated health risks. Yet, 

such sensors with validated performance in the application are often missing.6 For instance, 

commercial NO2 sensors showed higher signals from interferants than from actual NO2, while 

ozone concentrations measured by 20 identical ozone sensors varied by a factor of six.7 

An omnipresent carcinogenic8 indoor air pollutant is formaldehyde. It is emitted most 

notably from wood-based materials (e.g., furniture), coatings, insulation and flooring materials, 

where it is used in the adhesives.9 Thus, stringent formaldehyde exposure guidelines exist for 

indoor air (e.g., 80 ppb by the WHO10) that can be even lower at the national level (e.g., France 

8 ppb by 202311). To date, formaldehyde is measured by on-site batch sampling (taking 

typically >30 min) followed by off-site quantification in an external analytical laboratory. 

While various methods exist (e.g., described in ISO 16000-3), they all have in common that 

formaldehyde is trapped (i.e., pre-concentrated) and often derivatized in an adsorbent (e.g., 

Tenax TA, silica gel) and then analyzed with chromatography and/or spectroscopy.9 This 

procedure is expensive, time-consuming, requires skilled personnel and does not allow on-site 

monitoring. 

Chemical gas sensor (e.g., electrochemical, chemoresistive, acoustic wave) could 

address this, featuring simple application, reusability, high miniaturization potential and low 

power consumption at minimal cost, ideal for on-site and distributed monitoring.12 By 

nanotechnology, such sensors with large specific surface area can be designed capable to detect 

even the smallest traces of formaldehyde (e.g., 3 ppb by Si-doped SnO2
13). Yet, such single 

sensors fail in real-world environments (e.g., indoor air monitoring) as they lack the required 

selectivity (Table 5.1) to detect ppb-level formaldehyde concentrations in ambient air 

consisting of hundreds14 of compounds. Although high (10–100) selectivities to some 

interferants can be achieved by sensor material design (e.g., flame-made In4Sn3O12,
15 bacterial 

cellulose/polyethyleneimine bilayers,16 graphene/polymer composites,17 ZnO/ZIF-8 core-shell 

structures,18 Co-doped In2O3 nanorods19 or NiO-SnO2 microflowers20), this is typically not 

sufficient considering that ambient air contains orders of magnitude higher confounder21 
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concentrations (e.g., H2, ethanol, acetone). Also, sensor arrays suffer from decreasing accuracy 

with an increasing number of analytes in gas mixtures.13  

Table 5.1: Comparison of portable sensors for monitoring formaldehyde concentrations.  

Working 

principle 
Material 

LOQa 

(ppb) 

Analysis  

time 

(min) 

Formaldehyde selectivity, Sformaldehyde/Sx (–) 
Reuse-

ableb 

Validated 

in indoor 

air 

Ref. 
H2 CH4 CO 

Acet-

aldehyde 
MeOH EtOH 

Ace-

tone 

C
h

e
m

o
r
e
si

st
iv

e
 

NiO-SnO2 

microflowers 
1,000 <1     7 3 42 ✓  20 

Co/In2O3 nanorods 1,000 1   >1,000  16 4 3 ✓  19 

Graphene/polymer 

composite 
50 12     7 7 11 ✓  17 

In4Sn3O12 20 6   >1,000e   >100e  ✓  15 
Urchin-like In2O3  

hollow spheres 
50 <1  >1,000e >100e     ✓  22 

ZnO/ZIF-8 core-

shell structures 
10,000 <1     7 8 11 ✓  18 

Pd/SnO2 with  

zeolite membrane 
30 8     >1,000 >1,000 >100 ✓  23 

Pd/SnO2 with  

Tenax column 
5 1.8 ∞ ∞ ∞ ∞ ∞ ∞ ∞ ✓ ✓ 

This 

work 

O
p

ti
c
a

l 

Flow cell  

(NADH reaction) 
2.5 1    77 ∞ ∞ ∞ ✓ f  24 

Fluorescent probe 2.5 1    >100      25 

Carbon dots@ 

SiO2-NH2-Ag+ 
10 30    3 38 54 4  f 26 

Microfluidic chip  

(AHMT reaction) 
10 18    >100e >1,000e >1,000e >1,000e  f 27 

RKI FP-31 5 30   ∞ ∞   ∞  ✓  28
 

ECc 
Hydrazinium  

polyacrylate-based 
500 >60          29 

SAWd 
Bacterial cellulose/ 

polyethyleneimine 
100 <1 >100  86 14    ✓  16 

aLowest concentration measured, bCan be used repeatably without exchange of reagents after a measurement, cElectrochemical,  
dSurface acoustic wave, eLinearly interpolated to same concentrations (S = Rair/Ranalyte-1),  
fIndoor air measured but without validation with a benchtop method 

Very high (>1,000) selectivity was only achieved with microporous membranes that 

separate molecules by size, but these introduce increased response time and recovery time (8 

and 72 min, respectively).23 Also, such membrane–sensor systems could be interfered by small 

molecules (e.g., H2). Other portable devices are based on formaldehyde derivatization followed 

by optical (e.g., colorimetric, spectroscopic) or electrochemical quantification. They typically 

suffer from long sampling times (>30 min), low sensitivity (e.g., hydrazinium polyacrylate-

based electrochemical sensor29), irreversibility (e.g., tetraphenylethylene-based fluorophores25 

or commercial detector FP-3128), high complexity and price (e.g., fiber-optic flow cell24), or 

interference (e.g., other aldehydes26), impeding their application and leaving off-site analysis 

the current method of choice. 

Here, we present a low-cost and handheld formaldehyde detector with validated 

performance in indoor air. Selectivity is achieved by a compact separation column containing 

a nanoporous non-polar sorbent. A non-specific but highly sensitive chemoresistive 

microsensor based on flame-made Pd-doped SnO2 nanoparticles30 is used for formaldehyde 
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quantification at low ppb concentrations. The formaldehyde sensitivity and selectivity of the 

detector are characterized with synthetic gas mixtures of indoor air relevant analytes (hydrogen, 

alcohols, ketones, aldehydes). Finally, the device performance is validated under real-world 

conditions by high-resolution mass spectrometry. This includes the quantification of 

formaldehyde emitted from different wood-product samples and in formaldehyde-spiked 

indoor air with concentrations covering the WHO exposure limit and where sensory irritation 

occurs. 

5.2 Experimental 

5.2.1 Microsensor & column fabrication 

The handheld formaldehyde detector consists of a separation column and a 

chemoresistive microsensor. The Separation column is made in-house and consists of a packed 

bed of Tenax TA powder (500 mg poly(2,6-diphenyl-p-phenylene oxide), 60–80 mesh, ~35 m2 

g-1, Sigma-Aldrich) packed inside a Teflon tube (4 mm inner diameters) and secured on both 

ends with silanized glass wool plugs. Freshly prepared columns were checked visibly for voids 

and flushed for 24 h with 300 mL min-1 synthetic (syn.) air (PanGas, CnHm and NOx ≤ 0.1 ppm, 

Switzerland) to remove any previously adsorbed molecules.  

The sensor is based on a Pd-doped SnO2 nanoparticle film prepared by flame spray 

pyrolysis (FSP)31 and directly deposited onto microsensor substrates, described in detail 

elsewhere.32 The microsensor substrates (1.9×1.7 mm2, MSGS 5000i, Microsens SA, 

Switzerland) feature a free-standing membrane with integrated sensing electrodes and heating 

layer. Before particle deposition, substrates were pre-annealed in an oven (CWF13/23, 

Carbolite, United Kingdom) for 20 h at 500 °C. Finished microsensors were fixed onto leadless 

chip carriers (LCC, Chelsea Technology Inc., Massachusetts, US) with carbon paste (No. 

16057, Pelco). The paste was dried at room temperature for 2 h and subsequently cured in an 

oven (100-800, Memmert, Germany) for 2 h at 93 °C. Sensors were then wire-bonded (F&K 

Delvotec, Germany) to the LCC with aluminum wires (30 µm in diameter). The LCC is 

mounted on a socket (E-Tec, Switzerland) on a printed circuit board and covered by a Teflon 

sensor chamber (30×30×5 mm3).  

Polyvinylidene fluoride tube unions (Serto, Switzerland) connect the column to the 

sensor chamber and to the gas delivery system used for characterization and testing. 

Downstream of the sensor, a miniature vane pump (135 FZ 3 VDC Schwarz Precision, 

Germany) draws syn. air or sample gas, respectively, at 25 mL min-1 through the separation 
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column to the sensor. The flowrate was validated by a calibrated bubble flow meter at the pump 

outlet. 

5.2.2 Characterization 

Nitrogen gas adsorption-desorption (Tristar II Plus, Micrometritics) was performed to 

determine the specific surface area and pore size distribution of Tenax TA. Prior to 

measurement, the sample was degassed for 2 h at 150 °C under nitrogen. The specific surface 

area was determined by the Brunauer-Emmet-Teller (BET) method and the pore size 

distribution was extracted from the gas desorption curve by the Barrett-Joyner-Halenda (BJH) 

method. 

Scanning electron microscopy (SEM) cross-sections of sensing films were made with 

a Hitachi S-4800 operated at 4.1 kV. Pd-doped SnO2 nanoparticles were thereby directly 

deposited on alumina sensor substrates (15×13×0.8 mm3, Electronic Design Center, Case 

Western Reserve University) as these are cleavable, in contrast to the microsensor substrates 

used for the detector. 

5.2.3 Gas evaluation 

The microsensor was heated to 350 °C by DC current (R&S HMC8043, Germany) 

through the heater of the sensor substrate. The separation column was operated at room 

temperature. The ohmic resistance of the sensing film was monitored between the interdigitated 

electrodes with a multimeter (Keithley 2700, USA). The sensor response is 

𝑆 =
𝑅𝐴𝑖𝑟

𝑅𝐴𝑛𝑎𝑙𝑦𝑡𝑒
− 1 (1) 

where RAir and RAnalyte denote the sensing film resistance in syn. air and during sample 

measurement, respectively. All analyte measurements were recorded after equilibrating the 

sensor with the separation column and achieving a stable baseline (Figure E.1) with relative 

standard deviation <1%. Retention times, tR, of analytes are defined as the time from the start 

of the exposure to the maximum response, analogous to gas chromatography.33 For sensor 

calibration, the response was evaluated at the tR of formaldehyde. 

A schematic of the sensor testing setup is shown in Figure 5.1. For characterization, the 

detector is connected to the mainline supplying humidified syn. air (33–100 mL min-1) 

generated by mixing dry and humidified syn. air (Figure 5.1a). All flows were accurately 

controlled by calibrated mass flow controllers (MFC, Bronkhorst, Netherlands) and relative 

humidity (RH) was monitored by a humidity sensor (SHT2x, Sensirion AG, Switzerland) at 
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the outlet of the mainline. Heated (~50 °C) Teflon gas lines were used to avoid condensation 

of water or adsorption of analytes. 

 

Figure 5.1: Schematic of the Measurement Setup. (a) The formaldehyde detector (consisting of the 

Tenax TA separation column upstream of a Pd-doped SnO2 microsensor, red) is connected to the 
mainline of the gas mixing setup, supplying humidified syn. air by calibrated MFCs. A vane pump 

downstream of the detector draws air from the mainline or sample through the detector. At the outlet 

of the mainline, RH and analyte concentrations can be measured by a RH sensor and a PTR-TOF-MS, 
respectively. For characterization of the detector with (b) synthetic gas–vapor mixtures (green box), 

(c) wood emissions (orange box) and (d) indoor air (blue box), the respective samples are admixed to 

the mainline via a hypodermic needle through a septum. 

For tests with syn. analyte (hydrogen, formaldehyde, methanol, acetaldehyde) mixtures 

from calibrated gas standards (Pan Gas, in syn. air or N2), wood product emission or indoor air 

were admixed to the mainline with a hypodermic needle (Ø 0.5×40 mm, Braun) through a 

septum (Figure 5.1b). The needle was thereby inserted into the septum for 30 s to generate 

well-defined analyte exposures. 

5.2.4 Wood product emission testing 

The measurement of emissions from wood products was based on standard testing 

protocol EN-717-1 (Figure 5.1c) to ensure comparable results. Thereby, humidified syn. air 

was flushed at 33 mL min-1 (one air exchange per hour) through a 2 L glass bottle containing 

the samples (chamber loading 1–25 m2 m-3) at 22 °C. The RH of the inlet air was adjusted to 

maintain 45% RH at the chamber outlet as validated with a RH sensor. Tested wood products, 
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in specific, natural wood, oriented strand board (OSB), particle board and medium density 

fiberboard (MDF) were freshly cut into pieces to achieve the needed surface area (including 

edges). They were equilibrated in the chamber for at least 12 h before testing. For sensor 

measurements, the outlet air of the sampling chamber was exposed to the detector for 30 s via 

a hypodermic needle through a septum in the mainline. The syn. air in the mainline was turned 

off during exposure to not dilute the sample. To quantify the formaldehyde concentration, the 

detector was regularly calibrated with a 3-point calibration in the expected concentration range 

of different wood samples (example in Figure E.2).  

5.2.5 Indoor air testing 

Indoor air (from the laboratory) was continuously drawn by a vane pump through a 

MFC at 200 mL min-1 and formaldehyde from the gas standard was admixed to spike it with 

additional formaldehyde (Figure 5.1d). For sensor measurements, the RH in the mainline was 

adjusted to that measured in indoor air (40–55% RH at 22 °C). Formaldehyde-spiked indoor 

air samples were then exposed to the detector for 30 s by hypodermic needle injection via a 

septum to the mainline. The syn. airflow in the mainline was turned off during exposures to 

not dilute the sample. To quantify the formaldehyde concentration, the detector was regularly 

calibrated with a 5-point calibration. 

5.2.6 PTR-TOF-MS validation 

Analyte concentrations were measured at the outlet of the mainline with a proton-

transfer-reaction time-of-flight mass spectrometer (PTR-TOF-MS 1000, Ionicon, Austria). It 

was operated at 600 V drift voltage, 60 °C drift temperature and 2.3 mbar drift pressure. In the 

PTR-TOF-MS, hydronium H3O
+ ions are produced as precursor and protonate analytes (A) 

according to equation (2) 34. Product ions AH+ are separated by their m/z ratio (i.e., mass-to-

charge ratio) and recorded as counts per second by the time-of-flight mass spectrometer.  

𝐻3𝑂+ + 𝐴 → 𝐴𝐻+ + 𝐻2𝑂 (2) 

Analytes were recorded at their m/z of 31 (formaldehyde35), 33 & 47 (methanol & 

ethanol36), and 59 (acetone37). Their concentrations were determined by comparison of 

measured counts per second to calibration curves prepared from calibrated gas standards on the 

gas mixing setup (Figure 5.1b). Calibration curves were recorded daily before each 

measurement and were linear in the relevant range for all compounds. 

For validation of wood product emissions, the obtained formaldehyde intensity was 

compared to a 5-point calibration curve obtained from the gas standard at 45% RH (at 22 °C). 
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For the measurement of formaldehyde in pristine and spiked indoor air, additional corrections 

for RH and interference from species fragmentation were considered.38 The formaldehyde 

sensitivity38 decreases linearly with increasing RH in the relevant range of 40–55% RH (at 

22 °C), as determined by four 5-point formaldehyde calibrations at different RH 

(Figure E.3a,b). This was corrected by measuring RH before every indoor air measurement. 

The laboratory air sometimes also contained high concentrations of acetone and ethanol that 

interfere with the formaldehyde signal due to their fragmentation.39 Therefore, a linear 

correction was applied based on the PTR-TOF-MS calibrations of acetone and ethanol 

(Figure E.3c,d). 

 

5.3 Results and discussion 

5.3.1 Detector design 

The concept of the formaldehyde detector is illustrated in Figure 5.2a–c. Indoor air 

contains >250 different analytes14 that are separated by a packed bed separation column of 

Tenax TA particles. Tenax TA was chosen as it is commercially available (thus inexpensive 

and readily accessible by other scientists), widely used in air analysis and features excellent 

desorption recovery and temperature stability.40 It offers a high surface area (25 m2 g-1) due to 

its macroporous structure (Type II adsorption isotherm, Figure 5.2d) with a volume-average 

pore size of 120 nm (inset in Figure 5.2d). This enables efficient adsorption and retention of 

analytes, similar to a gas chromatographic column, though much more compact (13 cm length), 

inexpensive (˂ $20 for the Tenax TA powder) and without the need for column heating. After 

the column, formaldehyde is detected separately from interferants (e.g., hydrogen, methanol), 

thus selectively, by a highly sensitive but non-specific chemoresistive microsensor (Figure 

5.2e). It consists of a highly porous film of flame-made and directly deposited41 Pd-doped SnO2 

nanoparticles (Figure 5.2f) that form fine networks with large surface area (54.5 m2 g-1). 

Formaldehyde rapidly diffuses through this open structure and is oxidized on the surface of the 

heated metal-oxide nanoparticles, resulting in a modulation of the electrical film resistance that 

is detected as sensor response.42 Similar flame-made Pt-doped SnO2 sensors showed stable 

performance for up to 20 days,43 while Pd-doped SnO2 sensors coupled to sorption filters 

showed that they are multi-use with good operational stability for selective sensing of 

isoprene44 and methanol32 over three months. 
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Figure 5.2: Concept for selective formaldehyde detection in (a) complex indoor air enabled by (b) 
separating a gas mixture with a separation column (packed bed) of Tenax TA particles. 

(c) Formaldehyde is subsequently detected by a highly sensitive Pd-doped SnO2 microsensor. 

(d) Nitrogen gas adsorption-desorption isotherm and derived pore size distribution (inset) of Tenax TA 

particles. (e) Microsensor featuring a micro-hotplate with a gas-sensitive nanoparticle film. (f) Cross-
section scanning electron microscopy image of such a film consisting of flame-aerosol deposited Pd-

doped SnO2 nanoparticles. 

5.3.2 Selectivity and lower detection limit 

First, the device was tested in synthetic gas mixtures to characterize selectivity and the 

limit of detection. Figure 5.3a shows the responses of the Pd-doped SnO2 sensor without 

separation column when exposed for 30 s to 1 ppm hydrogen (blue), formaldehyde (red), 

methanol (green) and acetaldehyde (purple), as well as their mixture (black) at standard 

(EN 717-1) 45% relative humidity (RH). These compounds were chosen as their retention 

times on Tenax TA are closest to the one of formaldehyde45 and they typically occur in indoor 

air at elevated concentrations.46 The sensor quickly (within seconds) responds to all 

compounds, but cannot differentiate between them, in line with literature.30 As a result, a 

cumulative response is obtained for their mixture that prohibits accurate formaldehyde 

quantification. Please note that the mixture response is lower than the sum of the individual 

compounds, as expected from non-linear reaction-diffusion theory.47 

With the separation column (Figure 5.3b), non-retained compounds such as hydrogen45 

are not affected while the others are detected as individual peaks at their specific retention time 
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(tR), analogous to gas chromatography.33 Formaldehyde is detected after 70 s, reaching a peak 

at 107 s and fully elutes from the column after 600 s. Note that the distinct tailing 

(130 < t < 600 s) might be an effect of adsorption on sites with different adsorption energy.48 

Methanol and acetaldehyde are retained longer with tR of 330 and 840 s, respectively. Most 

importantly, the peak formaldehyde response does not overlap with other compounds, enabling 

selective formaldehyde detection without interference (i.e., infinite selectivity). This is also 

preserved in their mixture where analytes are detected at identical tR (Figure 5.3c, dashed lines).  

 

Figure 5.3: Selective formaldehyde detection in synthetic gas mixtures. Response of the Pd-doped SnO2 
microsensor (a) without and (b, c) with separation column to 30 s exposures of 1 ppm hydrogen, 

formaldehyde, methanol and acetaldehyde as well as their mixture at 45% RH. Analyte retention times 

(tR) are given in parentheses. (d) Sensor response with separation column to formaldehyde 

concentrations between 5–1,000 ppb (circles) at 45% RH. Data are represented as mean ± standard 
deviation of three sensors. Squares indicate the same measurement when simultaneously exposed to 

3,000 ppb interferants (i.e., hydrogen, methanol, acetaldehyde each 1,000 ppb). Coefficients of 

determination are provided as R2. (e) Responses to 5, 10, 25 and 50 ppb formaldehyde with the same 

interferants are clearly distinguished at high signal-to-noise ratio (>20). 

The non-polar Tenax TA particles separate molecules mainly by unspecific adsorption 

due to van der Waals forces.40 These depend on the analyte’s functional groups and molecular 

weight,40 in line with Figure 5.3b. In particular, heavier molecules within the same chemical 

group are retained longer (e.g., methanol < ethanol < propanol, etc.).40 So from a broader 

perspective, this eliminates interference not only of the tested compounds but of entire 

molecule classes present in indoor air, including the non-retained ones (e.g., H2, NOx, CO), 
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alcohols, higher aldehydes, ketones, carboxylic acids and hydrocarbons with more than three 

carbon atoms.45 We validated this for additional common indoor air interferants (Figure E.4). 

While also other sorbents could be used if the retention times of formaldehyde and interferents 

are sufficiently different, they often show stronger adsorption resulting in prolonged analysis 

time (e.g., charcoal 30 times longer for formaldehyde than Tenax TA49). 

Average formaldehyde concentrations in conventional homes are typically below 

50 ppb,9 but are higher in new or renovated houses (e.g., average 149 ppb in ~6000 renovated 

Chinese homes50) and can even reach >1,000 ppb in mobile homes.51 Figure 5.3d shows the 

response of the formaldehyde detector (column & microsensor) over the entire relevant 

concentration range of 5–1,000 ppb (circles). The response increases linearly (R2 = 0.98, fitted 

trend, dashed line) with good device-to-device reproducibility (20% relative standard 

deviation, error bars), a critical issue for most low-cost air pollution sensors.6 Please note, this 

calibration curve is RH-dependent, as was shown for the same Pd-doped SnO2 sensor for 

formaldehyde at 50 and 90% RH.23 However, this can be corrected with a co-located humidity 

sensor.52 

The major challenge in formaldehyde sensing is the presence of confounders at much 

higher46 concentrations. Most remarkably, the presence of 3,000 ppb interferants (hydrogen, 

methanol and acetaldehyde, each at 1,000 ppb) does not affect the formaldehyde response (R2 = 

0.99), highlighting the excellent selectivity of the detector. Even 50, 25, 10 and 5 ppb 

formaldehyde are clearly distinguished (Figure 5.3e) with a high signal-to-noise ratio (SNR, 

>20). As a result, the WHO guideline of 80 ppb10 and even stricter upcoming limits (8 ppb)53 

are met by our device. 

5.3.3 Formaldehyde emissions from wood products 

Current formaldehyde detectors mostly failed in the transition from laboratory to real-

world gas mixtures, a general challenge in gas sensor research.6 Therefore, we tested our 

detector on the complex emissions of wood products (Figure 5.4a), the main source of 

formaldehyde in indoor air,9 and validated its performance by high-resolution proton transfer 

reaction time-of-flight mass spectrometry (PTR-TOF-MS). Figure 5.4b shows the detector’s 

response to natural wood (dash-dotted), oriented strand board (OSB, solid), particle board 

(dotted) and medium-density fiberboard (MDF, dashed) at a loading of 1 m2 m-3 following a 

standardized protocol (EN 717-1). For all wood samples, a first response is detected from non-

retained analytes (e.g., H2, CO).54 Thereafter, a second peak is detected at identical tR (107 s) 

of formaldehyde from laboratory gas mixtures (Figure 5.3b). This formaldehyde response is 
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clearly separated from emitted methanol, acetaldehyde and ethanol, as verified by simultaneous 

PTR-TOF-MS measurements using the same separation column (Figure E.5) and synthetic gas 

mixtures (Figure E.4). The detector thereby indicates the highest formaldehyde concentrations 

from the MDF followed by the particle board, as expected from the urea-formaldehyde-based 

adhesive used in their production.55 Lower and quite similar formaldehyde concentrations are 

detected for the natural wood and OSB samples, containing no formaldehyde from adhesives,55 

which should originate solely from the wood itself.56 

 

Figure 5.4: Measurement of formaldehyde emissions from wood products. (a) Emission testing 

following the norm EN 717-1: Samples of natural wood, oriented strand board (OSB), particle board 

and medium-density fiberboard (MDF) are kept in a 2 L glass bottle at 22 °C and 45% RH with an air 

change rate of 1 h-1. Chamber air is sampled and analyzed with the formaldehyde detector and PTR-
TOF-MS. (b) Sensor response with a loading of 1 m2 m-3 natural wood (dash-dotted line), OSB (solid 

line), particle board (dotted line) and MDF (dashed line). (c) Scatter plot of formaldehyde 

concentrations measured by the detector and PTR-TOF-MS for natural wood (squares), OSB 
(triangles), particle board (orange circles) and MDF (diamonds) at different loadings of 1 (open), 2 

(half-filled), 5 (filled) m2 m-3. 
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The detector is applicable for repeated formaldehyde measurements. In fact, after 

flushing with air for 45 min, the sensor and separation column are regenerated and can be 

applied for consecutive measurements with <5% formaldehyde response deviation 

(Figure E.6). This indicates fully reversible interaction of the analytes with the Pd-doped SnO2 

and Tenax TA surfaces without degradation, in line with previous results for methanol 

sensing32 and literature.57 This regeneration time could be decreased significantly by short 

heating of the separation column and increasing the air flow rate.40  

Figure 5.4c shows the formaldehyde concentrations by the calibrated (as in Figure 5.3d) 

detector and PTR-TOF-MS at different wood sample loadings of 1 (open symbols), 2 (half-

filled) and 5 m2 m-3 (filled) in the chamber. The detector is in excellent agreement (R2 = 0.98) 

to the PTR-TOF-MS with an average error of only 10 ppb, a remarkable result considering the 

detector’s inexpensiveness, simplicity and small size (Figure 5.2). These measurements were 

performed with a single device during two weeks of repeated exposures, indicating good 

operational stability. 

5.3.4 Indoor air measurements 

Finally, the detector was tested with real indoor air sampled from our laboratory 

(Figure 5.5a). It shows first a large response from non-retained compounds that might be CH4,
58 

CO58 and H2
59 (please see also Figure E.4). These gases are all usually present at hundreds of 

ppb in indoor air. Thereafter, a smaller formaldehyde peak is detected (SNR >40, see inset) at 

tR = 107 s, identical to the synthetic gas mixture (Figure 5.3b) and wood emissions (Figure 

5.4b). This peak corresponds to 45 ppb according to PTR-TOF-MS. It is not interfered by 

methanol and ethanol, which are both eluted later, in line with synthetic gas mixtures (Figure 

5.3b and Figure E.4) and wood products (Figure 5.4b). In fact, exposing the detector to the 

same formaldehyde concentration in synthetic air gives an identical response (Figure E.7). 

Note that a clean reference gas is required for such indoor air measurements, as done here using 

bottled synthetic air. Alternatively, reference gas could be generated by switching on-demand 

to an additional sorption filter (e.g., activated carbon), as already done routinely in commercial 

devices (e.g., Quintron BreathTracker for H2). 

Figure 5.5b shows the scatter plot of the formaldehyde concentration measured by the 

detector and PTR-TOF-MS for pristine (squares, measured on two different days) and 

formaldehyde-spiked indoor air (circles) in the range of 14–475 ppb. Note that spiking was 

done to test the device also at higher formaldehyde levels. Both instruments show excellent 

agreement with an R2 of 0.996, despite the challenging lab environment with high and varying 
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background concentrations of acetone (up to 1,000 ppb) and ethanol (up to 4,000 ppb), as 

measured by PTR-TOF-MS. Most importantly, the detector shows a low average error of only 

10 ppb and can clearly differentiate safe levels from such above the WHO guideline (dashed 

line) and when immediate sensory irritation (dotted line) occurs. 

 

Figure 5.5: Formaldehyde measurement in indoor air. (a) Sensor response when sampling indoor air 

with a formaldehyde concentration of 45 ppb as determined by PTR-TOF-MS. Inset shows a higher 
magnification of the formaldehyde-relevant range (t = 50–300 s). (b) Scatter plot of the formaldehyde 

concentrations measured by the detector and PTR-TOF-MS for pristine (squares) and formaldehyde-

spiked (circles) indoor air. Also shown as dashed lines are the WHO guideline (dashed line) for 

formaldehyde in indoor air and the concentrations where sensory irritation starts (dotted line). (c) 

Envisioned application of the formaldehyde detector as a sensor network for distributed chemical 

recognition that communicates with a data cloud for real-time mapping of air quality in “smart” 

buildings.2 

To the best of our knowledge, this is the first low-cost, reusable and compact (75 g and 

fits in the palm of a hand) formaldehyde detector with proven performance in indoor air (Table 

5.1). The detector needs minimal power of ~1 W (only 75 mW for the sensor heating and the 

rest for the pump), enabling ready integration into a fully autonomous, battery-driven device 

with wireless communication and real-time data visualization on a smartphone app. We 

envision that our detector could transmit data per wireless communication to a data cloud for 

distributed real-time monitoring of formaldehyde and active regulation of air 

exchange/purification systems in “smart” buildings,4 as illustrated in Figure 5.5c. This is 

urgently needed, considering that today’s indoor formaldehyde levels frequently exceed 

threshold levels,60 while there is a clear trend to lower exposure guidelines.61  
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Even implementation as a portable exposure patch62 is feasible to prevent personal 

health risks. Furthermore, the detector is promising for measuring formaldehyde outdoors,63 

where it is an increasing concern due to formation from industrial plants, wildfires,64 biofuel 

combustion65 and photooxidation of smog.66 The present detector could be mounted onto 

drones for real-time air quality mapping to identify emission hotspots,3 support smart traffic-

management2 and assist policymakers in their efforts for low emission zones6 in “future” cities. 

5.4 Conclusions 

A handheld and low-cost detector for the highly selective detection of carcinogenic 

formaldehyde at ppb-level in indoor air is presented. Formaldehyde is detected within 2 min 

without interference of the most challenging indoor air compounds at relevant ppb-levels 

(5 ppb), fulfilling current and upcoming exposure and emission guidelines. Validated with 

emissions of wood-based materials and real indoor air, it shows excellent agreement (R2 > 

0.98) to high-resolution mass spectrometry. This detector is simple-in-use and readily 

applicable for on-site monitoring of formaldehyde at home or work. 
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Chapter 6 

6 Research Recommendations 

 

 

This thesis presents the development of sensor systems enhanced by filters with 

unprecedented selectivity for applications in breath analysis, food quality assessment and 

indoor air monitoring. Today, many commercial sensors already use filters in specific 

applications (e.g., catalytic and sorption filters in CO1 and CH4
2 alarm sensors or GC columns 

for detection of H2 and CH4 in breath3). Furthermore, a plethora of next generation sensor 

technologies and advanced sensing materials are available with impressive performance in the 

laboratory. To fully assess their potential, they need to be validated under realistic conditions 

(e.g., detection of pollutants in indoor air4 or markers in exhaled breath5). In fact, today most 

commercial chemical sensors fail in such emerging applications as they lack the required 

selectivity.  

Filters help single sensors and sensor arrays to overcome selectivity limitations as they 

can exploit a variety of molecular properties of analytes, including molecular size, surface 

affinity, diffusion properties and chemical reactivity. These are typically not accessible by the 

sensor alone, which is focused on reactivity (i.e., chemoresistive sensors), electromagnetic 

absorption (i.e., optical sensors), or molecular mass (i.e., quartz microbalances). By tuning 
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filter selectivity by material design and combination of filters with suitable sensors, an array of 

new and promising applications is unlocked. 

Development of sensors should thereby not be focused solely on selectivity values but 

rather on their performance in specific applications. This requires careful consideration of 

expected confounders, analyte concentration ranges, operational conditions (e.g., humidity) 

and required device specifications (e.g., price, size and analysis time). Based on this, sensors 

should be developed step-by-step, going through stages with increasing complexity, including 

basic sensor characterization with synthetic gases, testing with realistic gas mixtures, validation 

with real samples and device integration. Only then, sensors can ultimately leave the 

laboratories and become useful products. The detectors presented in this thesis are all at 

different stages of this process and require further research and development to reach that goal. 

While the isoprene sensor concept from chapter 2 showed promising performance with 

simulated breath, it must be validated next with real breath containing hundreds of additional 

compounds. As breath isoprene spikes during muscle activity,6 validation of the sensor with 

volunteers during and after exercise is attractive. Thereby, a large dynamic concentration range 

of isoprene could be covered, similar as done already for a breath acetone sensor.7 More diffuse 

seems to be the actual application of an isoprene sensor. While isoprene is a tentative breath 

marker for various physio- and pathological conditions, its origin and biophysical pathway is 

still mostly unknown.8 Here, collaborations with clinicians and breath analysis experts are 

required to define specific applications. As of now, atmospheric isoprene emitted from plants 

resulting in formation of secondary organic aerosols9 and isoprene as a unique sign of human 

life in search & rescue operations10 present the most tangible applications for isoprene sensors. 

The methanol detector developed in chapter 3–4 and appendix A must be equipped with 

sampling mechanisms allowing automatic, simple-in-use and reproducible sampling of liquid 

headspaces and breath. While offline sampling of breath via Tedlar bags was necessary to spike 

samples with methanol, it is not practical for rapid screening of methanol poisoning by first 

responders. Needed is an online breath sampling mechanism using disposable mouthpieces, as 

already used by breath ethanol detectors. Reproducible sampling of end-tidal breath could be 

achieved by measuring exhalation volume11 (through integration of exhalation flow measured 

by a pressure sensor), which is more accurate and cheaper than time12- and CO2-controlled 

sampling, respectively. The next and crucial step is to validate the detector in collaboration 

with clinicians on breath of actual methanol poisoning victims to correlate breath to blood 

methanol concentrations and assess the detectors robustness in a clinical setting, as done 

similarly with a benchtop infrared spectrometer.13  
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For the formaldehyde sensor presented in chapter 5, the next step is integration of the 

sensor concept into a portable detector. The main challenge is thereby the generation of a 

formaldehyde-free reference gas, needed to obtain a sensor baseline and regenerate the 

separation column. Promising approaches are the use of other filters, such as commercial 

adsorption filters widely established already for generating zero-air for analytical instruments 

(e.g., Quintron BreathTracker3). Another, more compact, option that would not saturate over 

time are catalytic filters. Indeed, such catalytic filters of heated Pt-doped Al2O3 fully combusted 

most analytes present in indoor air including H2.
14 Another challenge that is especially 

pronounced for the formaldehyde detector but applies to all detectors with separation columns 

is fast regeneration to enable regular, quasi-continuous monitoring of compounds every few 

minutes. This could be achieved by quick heating of the column as already established for 

thermal desorption tubes.15 The filter and sensor then need to be integrated into a portable 

device, as done for the methanol detector, and validated in different indoor environments (e.g., 

homes, schools, offices or museums) to test its robustness and long term stability. 

Through the immense flexibility of filters for analyte separation and their possible 

combination with different sensors, a plethora of additional applications becomes accessible. 

For instance, the methanol detector could also be used to monitor methanol during distillation 

to help producers control their production processes and their product’s adherence to legal 

limits, and even to detect the presence of methanol in sanitizers, responsible for >700 deaths 

in Iran16 and U.S.A.17 during the recent COVID-19 pandemic. Or, a sensor enabled by a 

catalytic filter enables new the selective detection of acetone in breath.14 Integrated into a 

simple-in-use, portable detector, it enables for the first time longitudinal clinical studies with 

volunteers monitoring their breath acetone independently at home for metabolic profiling. 

Soon, tracking the effectiveness of different diets (e.g., ketogenic or intermittent fasting) and 

exercise protocols on fat burn rate or even the non-invasive detection of metabolic diseases 

might become reality, more important than ever given today’s obesity epidemic.18  

The devices developed in this thesis demonstrate how filters drastically increase the 

selectivity of sensors to meet demanding requirements in emerging applications. This results 

in useful devices with immediate societal impact. Given the immense potential of filters, they 

will almost certainly play a pivotal role in the future development of advanced sensor systems 

with unprecedented selectivity as they have done already for CO and CH4. 
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Appendix A 

A A pocket-sized device enables detection of 

methanol adulteration in alcoholic beverages 

Abstract 

Alcoholic drinks contaminated, either accidentally or deliberately, by methanol 

claimed, at least, 789 lives in 2019, mostly in Asia. Here, a palm-sized, multi-use sensor-

smartphone system is presented for on-demand headspace analysis of beverages. The analyzer 

quantified methanol concentrations in 89 pure and methanol-contaminated alcoholic drinks 

from 6 continents and performed accurately for 107 consecutive days. This device could help 

consumers, distillers, law-enforcing authorities and healthcare workers to easily screen 

methanol in alcoholic beverages. 
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A.1 Introduction 

Alcoholic beverages are often intentionally adulterated with cheap methanol (up to 

50 vol%1) to increase beverage profit and potency. In 2017–2019, approximately 7104 

intoxicated people and more than 1888 fatalities were reported in 306 registered methanol 

poisoning outbreaks, with more than 90% in Asia according to Doctors Without Borders 

(https://legerutengrenser.no/mpi/, 07.05.2020). Young men are most affected, as was shown in 

a 2018 case in Iran with 768 victims: 41% were aged 25 – 36 and 93% of the deaths were 

male.2 Also, methanol occurs naturally in most alcoholic beverages, originating from the 

degradation of pectin during fermentation3. Methanol may reach high concentrations during 

improper distillation, particularly in fruit spirits (up to 2.4 vol%)4. In the European Union, the 

legal limits for distillates from fruit fermentation range from 0.09–0.71 vol% (at 36 vol% 

ethanol)5.  

Chromatography is the “gold” standard for methanol testing, but it is costly, slow and 

confined to the laboratory. More compact gas sensors, such as fluorescent silica-gel plates6 or 

aluminum-doped nickel oxide nanofibers7, detect methanol in the container headspace above 

beverages, but can be unreliable owing to insufficient detection limits (e.g., 4 vol%6) and an 

inability to distinguish methanol from ethanol background7. Most importantly, they have not 

been validated under real conditions6,7, which is a general challenge for sensor science8. 

Inexpensive, simple-to-use and portable methanol detectors are urgently needed by consumers, 

distributors and authorities (e.g., police and customs) to screen such beverages. These detectors 

would also be valuable for professional and even home distillers to assess product adherence 

to legal limits and monitor methanol concentrations during distillation and possibly even 

occupational exposure. Furthermore, such detectors could facilitate screening of methanol 

intoxication by breath analysis by first responders and emergency room workers.9  

Thus, we introduce a fully integrated, handheld, smartphone-compatible and 

inexpensive analyzer (Figure A.1a) for rapid methanol and ethanol quantification, based on a 

previously developed9 separation column (Figure A.1b), with validated performance in real 

alcoholic beverages. The analyzer weighs 94 g and is small (2×4×12 cm3), comparable to 

commercial breath ethanol detectors (e.g., Dräger Alcotest 3820). The separation column 

consists of Tenax particles that retain ethanol longer than methanol9 and a highly sensitive 

chemo-resistive sensor, based on flame-deposited palladium-doped tin dioxide nanoparticles10, 

detects both chemicals sequentially and thus selectively.9 Owing to its low power consumption 

(~1.1 W), which is reduced by non-continuous operation (the pump is only switched on during 

https://legerutengrenser.no/mpi/
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sampling, analysis and recovery, Figure A.1c), it can be powered by a battery. This protects 

the sensor and the column from unnecessary exposure to room air contaminants and reduces 

fluctuations in baseline resistance (Supplementary Figure A.3). Wireless communication by 

WiFi to a smartphone controls the device and displays the ethanol and methanol concentrations 

in real-time (Figure A.1d). In the field, the device can be operated also without an external 

network by direct communication through Bluetooth with the smartphone. The app can be used 

by Android- or iOS-based systems, thus, should be compatible with older smartphones as well, 

that are common in low-income regions where most outbreaks occur. Also, additional 

functionalities like text-to-speech features can be implemented flexibly. 

 

Figure A.1: (a) The handheld analyzer during measurement. (b) A schematic of the detection concept. 

(c) The sampling and analysis procedure. (d) The tailor-made app to visualize results on a smartphone 

transmitted through a wireless local area network. 

A.2 Results and discussion 

The device works by drawing a vapor/gas sample from the container headspace 

(Figure A.1) into the Tenax column. There methanol and ethanol are retained temporarily. 

Methanol elutes first and peaks at 1.5 min while ethanol starts to elute later (i.e., 1.9 min for 

Stroh rum and 3.8 min for beer) enabling the selective and quantitative detection of both 

(Figure A.2a). The simultaneous quantification of methanol and ethanol is critical as the legally 
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allowed methanol content depends on ethanol concentration.5 The present device offers a lower 

methanol detection limit (0.01 vol%) than previous sensors, as demonstrated in the relevant 

ethanol (5–80 vol%) concentration range (Supplementary Figures A.4 & A.5) and compared 

in the Supplementary Information. Alcoholic beverages are complex mixtures including 

flavoring additives that may interfere with the sensor. However, no additional peaks are 

observed as these compounds are present at much lower concentrations (e.g., 0.0015 vol% 

ethyl acetate11) or retained longer (e.g., 1-propanol 29 times longer than ethanol 

(Supplementary Figure A.6). 

 

Figure A2: (a) The sensor response for water, beer, arrack and Stroh rum contaminated with 1 vol% 
methanol. (b) The origin of the tested alcoholic beverages indicated by country codes (ISO 3166). The 

corresponding actual and sensor-measured (c) ethanol and (d) methanol concentrations in pure (filled 

symbols) and 0.01, 0.03, 0.1, 0.3, 1, 3 and 10 vol% methanol-contaminated or -spiked (open symbols) 
cherry spirit (star), Stroh rum (circles), pear spirit (pentagons), arrack (squares), Baileys (up 

triangles), wines (down triangles), sake (hexagons) and beer (diamonds) (n = 89 independent samples). 

The methanol concentrations of pure beer, sake, Baileys, arrack and Stroh rum were below the sensor’s 

detection limit (i.e., <0.01 vol%) and thus not included. The dashed line indicates the recommended 
limit (i.e., 2 vol%12). (e) Sensor responses to three consecutive headspace samples with 1 vol% methanol 

and 40 vol% ethanol in water. Methanol responses and ethanol tR are indicated as mean ± SD. (f) 

Methanol (triangles) and ethanol (squares) concentrations measured for 107 days. The dashed lines 

show the actual alcohol concentrations. 

The device was evaluated on 89 pure and methanol-contaminated samples of beer, sake, 

wine (from five continents, Supplementary Figure A.7), Baileys, arrack, Stroh rum, pear and 

cherry spirits (Figure A.2b). The ethanol concentrations are quantified accurately with a high 

R2 (0.96) and low relative error (εrel = 12.9%) (Figure A.2c). Pear spirit errors are discussed in 

Supplementary Information. The device accurately detects methanol concentrations over three 
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orders of magnitude (0.01–10 vol%) with R2=0.94 and 19.5% error (Figure A.2d). This 

includes the correct quantification of 0.39 and 0.54 vol% methanol in pure homemade pear and 

local cherry spirits, just below the EU legal limit5. Harmful concentrations of 3 and 10 vol% 

methanol, above the recommended limit (2 vol%12, dashed line), are recognized.  

The repeatability and stability were evaluated on laboratory mixtures containing 1 vol% 

methanol and 40 vol% ethanol in water. During three consecutive exposures (Figure A.2e), the 

peak methanol response and retention time, tR, of ethanol vary by 4% and 3%, respectively, 

indicating reliable repeatability. The device provided stable results for 107 consecutive days, 

once per day for freshly prepared samples (Figure A.2f), with errors of 17 and 19% for 

methanol and ethanol, respectively. No deterioration was observed, meaning the recovery 

methodology (Figure A.1c) suffices to maintain the sensor’s performance. Variations may be 

related to altered humidity (27.1–48.2%) and/or temperature (22.5–26.0 °C) during these 107 

days – the response of chemo-resistive sensors is affected by humidity10 and the tR of the 

separation column changes with temperature, as shown previously9. Nevertheless, the accuracy 

of the detector is sufficient to distinguish harmful from harmless methanol concentrations in 

alcoholic beverages (Figure A.2d). If higher accuracies are required, this can be corrected with 

co-located temperature and humidity sensors13. 

In conclusion, we present a handheld, low-cost, simple-to-use and reliable methanol 

detector that can be readily used by beverage consumers, distillers, healthcare workers and law-

enforcing authorities for easy methanol screening of alcoholic beverages and possibly even in 

the breath of intoxicated people. This modular design could be applied also for detection of 

other food contaminants, such as formaldehyde14, or food freshness markers, like ammonia 

from spoiling sea food15. Concepts for selective analyte sensing exist, including zeolite 

membranes (formaldehyde10) or porous CuBr (ammonia)16, which can be incorporated into the 

present device. Affordable detectors are particularly attractive for widely distributed use, 

especially in low-income economies where food safety is a concern.  

A.3 Methods 

The stand-alone analyzer is shown in Figure A.1a. It consists of a capillary (Sterican, 

B. Braun AG, Germany) to sample the headspace, a separation column to pre-separate the gas 

mixture, a sensor for analyte detection, a vane pump (135 FZ 3V, Schwarz Precision, Germany) 

providing the required flow of 25 mL min-1 and a microcontroller (Raspberry Pi Zero W) to 

control the sensor and pump, extract the data and communicate wirelessly with a computer or 

smartphone. The components are integrated onto a PCB and powered by the microcontroller’s 
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micro-USB port using a power adapter. The separation column, palladium-doped tin dioxide 

sensor and PCB are described in the Supporting Information. The device is inexpensive, 

consisting mostly of standard components. 

The sensing film resistance is determined in the relevant range of 1–30 MΩ with an 

accuracy of 99.79%, as described in the Supporting Information. The sensor response S is 

defined as: 

S = Rb / Rs – 1 

Therein, Rs and Rb are the resistances during sampling and after overnight stabilization 

(without flow), respectively. The retention time tR is defined as the time needed to reach the 

peak response, analogous to gas chromatography17. The breakthrough time tB is extrapolated 

from a tangent to the ethanol peak18. Examples for the definition of tR and tB are shown in 

Supplementary Figure A.8. All signals are continuously processed and stored by the 

microcontroller. Methanol and ethanol concentrations are determined by comparison of the 

methanol peak response and ethanol tR to calibration curves (Supplementary Figure A.5), 

which is more accurate than if the tR of methanol and ethanol peak response are used, 

respectively (Supplementary Figure A.7). The microcontroller communicates wirelessly to a 

smartphone or computer to control its operation and display the results. The smartphone app 

was designed using the free mobile app constructor Blynk (Version 2.27.9, Blynk Inc., United 

States).  

Sample preparation of laboratory mixtures and real beverages are described in the 

Supplementary Information. The detector is only exposed to an air flow during sampling, 

analysis and recovery (i.e., non-continuous operation, Figure A.1c). Before measurement, the 

prepared vials are at rest for at least 1 min and then shaken for 30 s to facilitate rapid phase 

equilibrium between liquid and headspace. To perform a measurement, the pump is turned on 

(25 mL min-1) and the headspace above the liquid is sampled for 10 s, resulting in a total sample 

volume of about 4.17 mL. A second capillary compensates the pressure in the vial 

(Figure A.1a). Afterwards, the capillaries are removed from the vial and room air is sampled 

to carry the headspace sample through the separation column to the sensor. During analysis 

(0≤t≤6 min), the headspace sample containing methanol and ethanol passes the column and is 

analyzed by the sensor. Thereafter (6<t≤10 min), the flow is maximized (~60 mL min-1), to 

quickly remove analyte residues from the column, refresh the sensor chamber and prepare the 

device for rapid reuse.  
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A.4 Supplementary Methods 

A.4.1 Column design 

The separation column consists of 149.4 mg Tenax TA (poly(2,6-diphenyl-p-phenylene 

oxide), 60–80 mesh, ~35 m2 g-1, Sigma Aldrich) packed into a Teflon tube (4 mm inner 

diameter) between silanized glass wool plugs and tension springs at both ends9. Before 

operation, the packed bed column was checked visually for voids and flushed with synthetic 

air (CnHm and NOx ≤ 100 ppb, Pan Gas) overnight at 100 mL min-1 and 50 % relative humidity 

(RH) to desorb possible impurities. Connections to the capillary and sensor are made of inert 

Teflon to minimize adsorption of the analytes during sampling.  

A.4.2 Sensor design 

The employed sensor consists of flame-made Pd-doped tin dioxide (SnO2) 

nanoparticles directly deposited onto a microsensor substrate (Microsens SA, Switzerland, 

MSGS 5000i), as elaborated elsewhere9. The rest of the nanoparticles were collected on a glass-

fiber filter (GF6 Albet-Hahnemuehle), downstream of the substrate as described in detail 

elsewhere19. Sensors and powder were annealed at 500 °C for 5 h. The specific surface area of 

the powder was determined by nitrogen adsorption, after degassing at 150 °C for 1 h (Tristar 

II Plus, Micrometritics). The particle size was calculated by the Brunauer-Emmett-Teller 

(BET) theory using the density of SnO2 (6.95 g cm-3) and assuming spherical morphology. The 

microsensor (1.9 × 1.7 mm2) features interdigitated electrodes and a heating element integrated 

into a thin suspended membrane. The resulting power consumption is only 76 mW at the 

operating temperature of 350 °C, as in previous studies9. For electrical connections, the sensor 

is attached onto a leadless chip carrier (LCC, Chelsea Technology Inc., United states) and wire-

bonded (F&K Delvotec, Germany) with aluminum wires (30 µm in diameter). The LCC is 

mounted on a socket (E-Tec, Switzerland) soldered onto the PCB and covered by a homemade, 

inert Teflon sensor chamber (30 × 30 × 15 mm3). The cavity inside the chamber is designed to 

minimize dead volume and optimize the flow profile over the sensor by arranging the flow in- 

and outlet perpendicular to its surface (Supplementary Figure A.11). 

A.4.3 PCB design 

The PCB (Supplementary Figure A.12a) was designed in-house using the free software 

DesignSpark PCB 8.1. It features two main circuits (Supplementary Figure A.12b) to control 

the applied voltage to the sensor and pump (orange framed) and read out film resistances (green 
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framed). Pulse width modulation (PWM) is applied to heat the sensor and operate the vane 

pump. Thereby, the digital output of the microcontroller switches between 0 and 3.3 V with a 

frequency of 100 kHz at a given duty cycle. The PWM signal is passed through a low-pass 

filter for noise reduction and amplified by an operational amplifier (AD8656ARZ-R7, Analog 

Devices). A 12-bit analog-to-digital converter (ADC, MCP3208, Microchip Technology) is 

used to read out the applied voltage (Supplementary Figure A.13a) to the pump and determine 

the resistance of the sensor’s heating element using a voltage divider. Based on the latter signal, 

the duty cycle is automatically adjusted by the microcontroller to sustain the sensor temperature 

of 350 °C. The respective circuit diagram is shown in the inset of Supplementary Figure A.13a. 

The sensor resistance was determined using a voltage divider and the ADC (green framed, 

Supplementary Figures A.12b and A.13b). The circuit diagram and validation are shown in 

Supplementary Figure 13b. A unity-gain amplifier (MCP6002T-I/SN, Microchip Technology) 

and a capacitance are used ahead of the ADC to reduce the influence of its internal resistance. 

A.4.4 Sample preparation and analysis 

For analysis with laboratory mixtures, methanol (>99.9%, Sigma-Aldrich, Germany) 

and ethanol (> 99.8 %, Fisher Chemical, Switzerland) were mixed with Milli-Q water (Milli-

Q Synthesis A10, Merck, Germany) using high precision pipettes (Eppendorf, Germany and 

Mettler Toledo, United States). Samples contained methanol concentrations of 0, 0.01, 0.03, 

0.1, 0.3, 1, 3 and 10 vol% in 5, 20, 40 and 80 vol% ethanol (total 32 samples). Each sample 

was 5 mL filled into a 20 mL glass vial (Wheaton, DWK Life Sciences, United States) for 

sufficient headspace volume that was immediately sealed with caps containing a septum 

(Polypropylene Hole Cap, Sigma Aldrich, Germany) for headspace extraction.  

The following alcoholic beverages were tested: beer (5 vol% ethanol, Heineken, 

Netherlands), sake (13 vol%, Kook Soon Dang Brewery, Korea), five wines from different 

locations (Supplementary Figure A.7a and Supplementary Table A.1), Baileys Original (17 

vol%, Diaego, Ireland), Boven’s echter Arrak (40 vol%, Indonesia), pear spirit (homemade, 

Switzerland), cherry spirit (77 vol%, S. Fassbind AG, Switzerland) and Stroh rum (80 vol%, 

Stroh Austria, Austria). The liquid ethanol content of the pear spirit was determined by density 

measurements20. The methanol content of the pure beverages was analyzed by liquid 

chromatography (Varian 3800, Agilent, USA) using a sample volume of 0.5 μL and pressure 

of 4 psi. The injector was operated at 210 °C with a split ratio of 20. During analysis, the 

column (Zebron ZB-624, Brechbühler AG, Switzerland) and flame-ionization detector were 

operated at 45 and 220 °C, respectively. A 9-point calibration was applied between 0.001 and 



125 

 

0.5 vol% methanol. For higher methanol concentrations, the alcoholic beverages are spiked 

with methanol contents of 0.01 – 10 vol%, as described above for laboratory mixtures. In total, 

89 pure and methanol-spiked samples were tested. 

The separation is validated by proton-transfer-reaction time-of-flight mass 

spectrometry (PTR-TOF 1000, Ionicon Analytik GmbH, Austria). The H3O
+ primary ions are 

obtained from water vapor. The drift tube is operated at a voltage of 600 V and a pressure of 

2.3 mbar. The value of the reduced electric field (E/N) is 130 Td. Methanol and ethanol are 

evaluated at a mass-to-charge ratio of 33.033 (CH5O
+) and 47.049 (C2H7O

+), respectively. To 

avoid saturation of the detector, the sample (25 ml min-1) is diluted by ambient air 

(250 ml min-1). 

A.4.5 Calibrations 

For determination of methanol concentrations in real beverages, a relation is needed 

between sensor response (S) and methanol concentration. For methanol, the following 

calibration curves were applied, (based on Supplementary Figure A.5d): 

𝑐𝑀 = (
𝑆+0.9

5.5
)

−2.08

, R2 = 0.99 for 𝑐𝑀 > 0.1 vol% 

𝑐𝑀 = (
𝑆+0.1

25.2
)

0.74

, R2 = 0.99 for 0.01 < 𝑐𝑀 ≤ 0.1 vol% 

where cM is the methanol concentration in vol%. The ethanol concentration (cE in vol%) 

was determined from the retention time of ethanol (tR,E in min) by applying the following 

relation (based on Supplementary Figure A.5e):  

𝑐𝐸 = (
𝑡𝑅,𝐸

8.3
)

−4

, R2 = 0.95 

Please note that the device prediction of methanol and ethanol with the applied 

calibration curves is much more accurate than if the tR of methanol and ethanol peak response 

would have been used, respectively (compare Figure A.2c,d with Supplementary Figure A.9). 

A.5 Supplementary Discussion 

A.5.1 Sensor design and detection concept 

The microsensor is a flame-deposited chemoresistive sensing film of Pd-doped SnO2 

nanoparticles. Methanol is adsorbed on the SnO2 surface forming methoxide, as suggested by 

infrared spectroscopy21. There, it can react with oxygen- and hydroxyl-related species and 

decompose, for example, to CO, CO2 and CH4, as measured by gas chromatography22. Thereby, 

the surface Pd catalyzes the reaction22 and electrons released into the conduction band of SnO2 
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lower its resistance23 resulting in the sensor response. Such flame-made metal oxide sensors 

feature high porosity (up to 98%24) and surface area (i.e., 54.5 m2 g-1) obtained from their 

nanostructured morphology (average particle size 16 nm), that is finer than previous methanol 

sensors based on aluminum-doped nickel oxide fibers (100 nm diameter)7. Methanol and 

ethanol can easily penetrate into the sensing film resulting in fast response and recovery times 

and outstanding sensitivity to detect even the lowest analyte concentrations, e.g., 112 ppb 

ethanol25. 

A.5.2 Selective methanol and ethanol detection in laboratory mixtures 

Supplementary Figure A.5a shows the sensor response to the headspaces of 1 vol% 

methanol (green) and 5 vol% ethanol (blue) contained as single analytes in water. Methanol 

and ethanol pass through the Tenax column and are detected with retention times (tR) of 1.6 

and 5.3 min, respectively, in agreement with a similar column and sensor9. Despite its higher 

concentration, the sensor response to ethanol (2.1) is lower than that to methanol (4.2) due to 

the larger dissipation in the column26. Most importantly, when applied as a mixture 

(Supplementary Figure A.5b), the resulting response is exactly the superposition of those by 

the single analytes (Supplementary Figure A.5a), proving their selective detection. 

Furthermore, the filter column fully recovers as validated by high-resolution mass spectrometry 

(Supplementary Figure A.10). 

Reliable methanol detection in alcoholic beverages requires that the methanol peak 

response is not affected even by their typically higher ethanol concentrations. In other words, 

the tR of methanol must be smaller than the breakthrough time (tB) of ethanol, for all relevant 

concentrations. Supplementary Figure A.5c shows the tR of methanol (empty symbols) for 

concentrations of 0.01 vol% (triangles) and 10 vol% (circles) and the tB of ethanol (filled 

squares) for relevant ethanol concentrations of 5 – 80 vol%. For all concentrations, the tB of 

ethanol is always larger than the tR of methanol. In specific, the tR decreases for 0.01 and 10 

vol% methanol from about 1.5 to 1.25 min, respectively. This is expected from gas 

chromatography, similar to an overloaded column when the gas concentration exceeds the 

column’s capacity27. Also, the tR for both methanol concentrations are rather independent from 

those of ethanol. As expected, the tB of ethanol decreases from 4.5 to 2.25 min with increasing 

ethanol concentration from 5 to 80 vol%. As a result, the separation by the column is sufficient 

for reliable methanol and ethanol discrimination at relevant concentrations, but changes in tB 

and tR need to be considered during evaluation. 
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Supplementary Figure A.5d shows the sensor peak response for methanol 

concentrations ranging from 0.01 to 10 vol%. These were selected to cover levels lower than 

the legal limit5 for distillers (i.e., 0.09 vol%) as well as harmful ones (>2 vol%)12. The 

sensitivity (i.e., slope of the curve) decreases with increasing concentration, as typically 

observed for such semiconducting metal oxide (MOx) gas sensing films and in agreement with 

non-linear diffusion-reaction theory at elevated concentrations28. Most importantly, the sensor 

can detect methanol over the entire concentration range (please see Supplementary Methods 

for mathematical description). Even the lowest 0.01 vol% (inset, Supplementary Figure A.5d) 

is quantified with high signal-to-noise ratio of 15 and distinguished from 0.03 vol%. Please 

note that the calibration curve has an offset, which is related to the non-continuous sampling. 

Below 0.01 vol%, concentrations cannot be detected anymore, as evident from the similar 

response to 0 vol% that is within the error bars. Detection of lower concentrations could be 

enabled, for instance, by optimizing the operational temperature7 and doping content19 of the 

Pd-doped SnO2 sensor. This excellent detection limit can be attributed to the high sensitivity 

of the applied sensor and the low measurement noise (<1%) of the tailor-made readout circuitry 

(Supplementary Figure A.13b). The error bars resulting from different ethanol concentrations 

(5, 20, 40 and 80 vol%) are typically <10%, highlighting the outstanding selectivity of the 

analyzer that enables accurate quantification of methanol rather independently from the ethanol 

concentration. 

The ethanol peak responses for relevant ethanol concentrations (5 – 80 vol%) are shown 

in Supplementary Figure A.5e (squares). They increase from about 3 to 8 when the 

concentration is increased from 5 to 80 vol% ethanol while the corresponding tR (diamonds) 

decrease from 4.5 to 2.6 min, respectively. The decrease in tR is related to an overloaded 

column, as observed also for methanol (Supplementary Figure A.5c) and in line with gas 

chromatography27. This could be avoided by increasing the Tenax mass. Interestingly, 

however, the effect of methanol (0, 0.1, 0.3, 1 and 10 vol%) is smaller for ethanol’s tR (i.e., 

3%) than for the ethanol peak response (10%), as indicated by the error bars in Supplementary 

Figure A.5e. Consequently, the tR of ethanol was used to determine the ethanol concentration 

(please see Supplementary Methods for mathematical description). Please note that the device 

can also detect lower ethanol concentrations, e.g., 0.1 vol% (Supplementary Figure A.14), 

which are relevant in liquid medications for neonates and infants29. This shows the versatility 

of this device for other foods and their processing. 
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A.5.3 Comparison to state-of-the-art methanol sensors 

The detection limit of 0.01 vol% is superior to the 5 vol% for optical Bragg fiber 

arrays30 and quartz tuning forks31, 0.15 vol% for electrolyte-free electrochemical cells32, 4 

vol% for fluorescent silica-gel plates6, and comparable to 0.012 vol% for enzyme-based 

sensors33. While different MOx have been proposed as methanol sensors34, they typically fail 

to distinguish between methanol and ethanol due to their similar chemical interaction. Other 

systems overcome this issue with multiple sensors, so-called arrays, as done with optical Bragg 

fiber30 or amperometric enzyme-based biosensors33. However, such arrays feature increasing 

estimation errors with increasing complexity35 of the gas mixture (e.g., >850 compounds in 

beer11). In particular for enzyme-based biosensors, also stability issues are a concern36. 

A.5.4 Beer with various methanol contents 

Supplementary Figure A.4 shows the sensor response to pure beer (5 vol% ethanol, 

dotted) and when spiked with 0.1 (dashed), 1 (solid) and 10 vol% (dash-dotted) methanol. Most 

remarkably, methanol and ethanol are identified at their characteristic peaks at tR = 1.28 – 1.5 

min and 5.1 – 5.5 min, respectively, and no other peaks from potential interferents are visible. 

While no methanol peak is observed for pure beer, the sensor response increases from 0.8 to 

15.3 when spiked with 0.1 to 10 vol% methanol, respectively. These results are in excellent 

agreement with the laboratory mixtures (Supplementary Figure A.5c–e) and the separation in 

real beverages has also been validated with a high-resolution mass spectrometer 

(Supplementary Figure A.10b). As a result, the analyzer reliably identifies different methanol 

concentrations also in complex mixtures like beer. Please note that the ethanol peak responses 

decrease and the tR increases when spiking with methanol, due to dilution.  

A.5.5 Wines from five continents 

Different wines were tested, as specified in Supplementary Table 1 and mapped in 

Supplementary Figure A.7a where the sensor-measured methanol concentrations are compared 

(Supplementary Figure A.9b) to their actual ones in pure (filled symbols) and 0.01, 0.03, 0.1, 

0.3, 1, 3 and 10 vol% methanol-spiked samples (open symbols) from Spain (triangles down), 

Australia (circles), U.S.A (diamonds), Chile (hexagons) and South Africa (squares). In all 

wines, methanol was quantified accurately with an average error of 16.9% that is comparable 

to 19.5% for all alcoholic beverages in Figure A.2d. No distinct differences due to geographical 

origin were observed. 
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Table A.1: Tested wines and origins. 

Name Grape Year 
Country code  

(ISO 3166) 

Ethanol content 

[vol%] 

Casillero de Diablo Cabernet Sauvignon 2016 CHL 13.5 

Kangaroo Ridge Cabernet Sauvignon, Shiraz 2015 AUS 14.0 

Makana Cabernet Sauvignon, Shiraz 2018 ZAF 13.0 

Foxhollow Cabernet Sauvignon 2016 USA 13.0 

Las Flores Rioja Tempranillo 2018 ESP 14.0 

A.5.6 Response analysis of pure and methanol-spiked pear spirit 

Supplementary Figure A.15 shows the sensor response of pure (solid line) and 3 vol% 

methanol-spiked (dashed line) pear spirit. These samples were measured with the largest under- 

and over-prediction from the actual ethanol content in Figure A.2c. The profiles show distinct 

methanol and ethanol peaks, in agreement with other beverages (Figure A.2a) and laboratory 

mixtures (Supplementary Figure A.5a). More specifically, the tR of ethanol were 2.77 and 3.06 

min, respectively, corresponding to ethanol concentrations of 75.8 and 50.5 vol%. The actual 

ethanol concentration, however, are 59.8 (pure) and 58.1 vol% (3 vol% methanol spiked), 

respectively. Such deviations may be caused by temperature variations in the environment that 

alter the tR of analytes in the separation column9. These are larger at higher ethanol contents, 

where small changes in the tR result in large changes in the predicted ethanol content 

(Supplementary Figure A.5e, diamonds). 
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A.6 Supplementary Figures 

 

Figure A.3: Baseline resistance during continuous (blue, 25 mL min-1) and non-continuous operation 

(red, 0 mL min-1, no sampling). Fluctuations due to changes in ambient air composition are drastically 

reduced from 11.8 to 1.9% using non-continuous sampling. 

 

 

Figure A.4: Sensor response to pure beer (5 vol% ethanol, dotted) and spiked with 0.1 (dashed), 1 

(solid) and 10 vol% (dash-dotted) methanol. 
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Figure A.5: Sensor responses to the headspace of containers with 1 vol% methanol in water (green) 

and 5 vol% ethanol in water (blue) as (a) single analytes and (b) their mixture. (c) Methanol retention 
times (tR) of mixtures containing 0.01 (triangles) and 10 vol% methanol (circles) along with ethanol 

breakthrough times (tB, squares) as a function of the mixture ethanol concentration. (d) Sensor 

responses (triangles) to 0, 0.01, 0.03, 0.1, 0.3, 1, 3 and 10 vol% methanol mixtures. Error bars represent 
the standard deviation from 5, 20, 40 and 80 vol% ethanol background. Inset shows higher 

magnification of 0 – 0.1 vol% methanol. (e) Sensor responses (squares) and retention times (diamonds) 

to 5, 20, 40 and 80 vol% ethanol. Error bars represent the standard deviation with 0, 0.1, 0.3, 1, 3 and 

10 vol% methanol background. Some bars in d and e are hidden by the symbols. 
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Figure A.6: Chromatograms of pure samples of beer (green), arrack (blue), pear spirit (cyan) and 

Stroh rum (red). 

 

 

 

 

Figure A.7: (a) Geographical origin of wines as indicated by country codes (ISO 3166). (b) Sensor-

measured and actual methanol concentrations in pure and 0.01, 0.03, 0.1, 0.3, 1, 3 and 10 vol% 

methanol-spiked wine (40 samples total) from Spain (triangles down), Australia (circles), U.S.A. 
(diamonds), Chile (hexagons) and South Africa (squares). The background world map has been 

obtained under the CC0 1.0 license (public domain). 
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Figure A.8: Retention time tR and breakthrough time tB evaluation on the example of the sensor 

response to Stroh rum (80 vol% ethanol) spiked with 1 vol% methanol. The tR is defined as the time 

needed to reach the peak response of methanol (tR,M) and ethanol (tR,E). The breakthrough time of 

ethanol is assessed by applying a tangent to the onset of the ethanol peak and evaluating the intercept 

at zero response. 

 

 

Figure A.9: Sensor-measured concentrations of (a) ethanol and (b) methanol compared to their actual 
concentrations in pure (filled symbols) and 0.01, 0.03, 0.1, 0.3, 1, 3 and 10 vol% methanol-spiked 

(empty symbols) beverages. Beer (diamonds), sake (hexagons), wine (triangles down), Baileys 

(triangles up), arrack (squares), pear spirit (pentagons), Stroh rum (circles) and cherry spirit (star) 
were tested. Please note that in contrast to Figure A.2c,d, the ethanol concentration was predicted here 

using the peak sensor response of ethanol, while methanol was predicted with the methanol retention 

time tR. This results in worse prediction compared to the calibration done in the main text. Please note 

that the predicted ethanol concentration for arrack was mostly >100 vol%.  
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Figure A.10: Detector signal of a proton-transfer-reaction time-of-flight mass spectrometer (PTR-TOF-MS) to 

the headspace of a sample containing (a) 1 vol% methanol and 5 vol% ethanol in water and (b) 1 vol% 

methanol in beer (5 vol% ethanol) after separation by the filter column. Please note that the signal to ethanol is 

lower, despite the higher concentration, probably due to peak broadening in the column and reduced sensitivity. 

The Tenax separation column fully regenerates after sampling. 

 

 

 

 

Figure A.11: CAD drawing of the in-house designed Teflon sensing chamber. Shown are (a) top view, 
(b) bottom view, (c) cross-sectional view and (d) 3D view of the chamber with the most important 

dimensions in mm. 
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Figure A.12: (a) Image and (b) flow chart of the printed circuit board (PCB) featuring circuits to 

control/actuate the pump & sensor heater and resistance readout of the chemoresistive microsensor 
based on Pd-doped SnO2 nanoparticles. The sensor heater (4) and pump (6) are operated by pulse 

width modulation. Before being applied to the heater and pump, the signal is passed through a low-

pass filter (1, 2) and subsequently amplified (3). The applied voltages are determined by an analog-to-

digital converter (7, ADC). The resistance of the sensing layer is determined by a voltage divider and 
the ADC. An additional voltage follower (5) is applied to reduce the influence of the internal resistance 

of the ADC.  

 

Figure A.13: (a) Output voltage Vout (circles) as a function of the duty cycle for adjusting the voltage 
to heat the sensor and operate the vane pump. The Vout is the voltage applied before the voltage divider. 

The circuit diagram is shown in the inset. (b) Validation and circuit diagram of the read-out circuitry 

to determine the sensing film resistance (squares). A known resistance was inserted into the circuit and 
measured with the analyzer. The reference resistance (Rref) in the voltage divider was 9.92 MOhm. The 

error bars (some hidden by the symbols) denote the variation of the measured resistance, i.e., the noise 

(standard deviation of >100 measurements for each resistance). In the relevant range (green shaded) 

from 1–30 MOhm, the resistance is accurately determined with an average deviation from the actual 

value of only 0.21% and noise of only 1.0%. 
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Figure A.14: Sensor response to the headspace of samples containing 0.1 vol% methanol and 0 (black), 
0.1 (red) and 0.5 vol% ethanol (green) in water. Even the lowest ethanol signal of 0.1 vol% can be 

detected with a high signal-to-noise ratio of 48 compared to the sample without ethanol. Please note 

that detection of lower ethanol concentrations than 0.1 vol% are possible, but with compromised signal 

quality, showing the current limitations of the device. 

 

 

 

Figure A.15: Sensor response to pure (solid line) and 3 vol% methanol-spiked (dashed line) pear spirit 

samples. The tR for ethanol are indicated. 
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Appendix B 

B Supplementary Data Chapter 2:  

Highly selective and rapid breath isoprene 

sensing enabled by activated alumina filter 

B.1 Full sensor responses with filter 

 

Figure B.1: The responses of a Pt-doped SnO2 sensor with filter at 90% RH to 500 ppb concentrations 

of acetone (a), ethanol (b), methanol (c) and ammonia(d). The breakthrough times, t5, of the analytes 
through the filter are also indicated. Note the different time scale on the abscissa as analytes were 

exposed until a stable response was reached. 
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B.2 Filter characterization at different loadings 

 

Figure B.2: Isoprene response time t90 (blue squares), acetone breakthrough time t5 (red circles) and 
acetone recovery time treg (green triangles) for different activated alumina filter loadings. 

Measurements were performed with 500 ppb analyte concentrations at 90% RH and 1 L/min. The treg 

is the time needed to recover 95% of the response after switching back to air. 

B.3 Effect of relative humidity 

 

Figure B.3: The response of a Pt-doped SnO2 sensor with 1 g activated alumina filter at 90 % RH 

(solid), 50 % RH (dashed) 500 ppb of isoprene (blue) and acetone (red). The sensor response time to 
isoprene is hardly affected by relative humidity but the response is reduced, which is typical for SnO2-

based sensors. In case of acetone, the breakthrough time t5 increases with decreasing humidity (i.e., 

lower degree of surface hydration) consistent with literature53 showing that sorption coefficients of 

volatile organic compounds depend on the metal-oxide and decrease with increased surface hydration. 
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B.4 Filter validation by PTR-TOF-MS 

 

Figure B.4: Concentration of acetone (red lines) and isoprene (blue line) measured by a proton-

transfer-reaction time-of-flight mass spectrometer (PTR-TOF-MS) for 30 s mixed pulses of 500 ppb 
acetone and 500 ppb isoprene at 90% RH. (a) Measured concentrations without filter showing the 

identical and simultaneous increase of acetone and isoprene during the exposure. (b) Concentrations 

measured with filter show the delay and spread of the acetone pulse, while isoprene is not affected, 
similar to the corresponding sensor results (Figure 2.4). Please note that response/recovery times of 

the PTR-TOF-MS differ from the one of the sensor. Importantly also, the area under the concentration 

curves for isoprene and acetone are identical (<5% deviation) without and with filter, confirming that 

the filter fully recovers after every exposure. 

B.5 Sensor operational stability 

 

Figure B.5: Pt-doped SnO2 response with filter during continuous operation for eight days. Response 

is evaluated after 30 s of exposure to simulated breath consisting of 106 ppb isoprene, 477 ppb acetone, 

461 ppb methanol and 833 ppb ammonia at 90% RH.  
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Appendix C 

C Supplementary Data Chapter 3:  

Highly selective detection of methanol over 

ethanol by a handheld gas sensor 

C.1 Effect of temperature and relative humidity 

 

Figure C.1: (a) Response of the methanol detector to 10 sec pulses of 5 ppm methanol (solid lines) and 
ethanol (dashed lines) at different separation column temperatures of 22 (blue), 30 (green) and 40 °C 

(red). (b) Response of the methanol detector to 10 sec pulses of 5 ppm methanol (solid lines) and ethanol 

(dashed lines) at different relative humidity (RH) in the gas flow of 90 (blue), 50 (green) and 10% (red). 
Dashed black lines and grey shaded areas indicate the mean plus-minus 10% standard deviation of the 

methanol and ethanol retention times (tR), respectively. 
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C.2 Methanol detection with high ethanol interference 

 

Figure C.2: Area below the response curve of the methanol detector upon exposure to 1 ppm methanol 

in the presence of 5 (green line), 650 (1% relative saturation, blue line) and 32,500 ppm (50% relative 

saturation, red line) ethanol. While the maximum peak height is slightly higher with high ethanol 

interference (see Figure 4a), the areas below the methanol response curves are equal when evaluated 
just before the breakthrough (tB, red dashed line) of ethanol. Also shown is the retention time (tR, black 

dashed line) of 1 ppm methanol. 

C.3 Regeneration after liquor and breath sampling 

 

Figure C.3: Response of the detector to (a) Arrack liquor containing 40 vol% ethanol and laced with 
5 vol% methanol (orange line), and (b) breath of an intoxicated volunteer after ingestion of ethanol 

spiked with 135 ppm methanol (red line) that is equivalent to the breath of a person being intoxicated 

with the above laced liquor according to the standard addition method44. The 136 ppm of ethanol 

correspond to a blood alcohol level of 0.54‰ according to the Dräger Alcotest 3820 device manual. 
The sensor baseline (black dotted line) is recovered in both cases within 15 min by flushing with ambient 

air. 
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C.4 Operational stability in ambient air 

 

Figure C.4: Baseline resistance of the methanol detector in room air over 18 days with regular testing 

of liquor headspace (blue squares and solid line). A linear fit (black dashed line) indicates an upward 

drift of 0.7% per day.  
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Appendix D 

D Supplementary Data Chapter 4:  

Rapid diagnosis of methanol poisoning with a 

portable breath detector 

D.1 Calculation of blood/breath concentrations 

The following formula was used for conversion of blood to breath alcohol 

concentrations: 

 

𝑐𝐵𝑟𝑒𝑎𝑡ℎ(𝑝𝑝𝑚) =
𝑐𝐵𝑙𝑜𝑜𝑑(𝑚𝑔 𝐿−1)

𝑟𝐵𝑙𝑜𝑜𝑑/𝐵𝑟𝑒𝑎𝑡ℎ ∙ 𝑀𝑊(𝑚𝑔 𝑚𝑜𝑙−1)
∙ 24.31 𝐿 𝑚𝑜𝑙−1 ∙ 106 𝑝𝑝𝑚 (1) 

 

𝑐𝐵𝑙𝑜𝑜𝑑: Alcohol concentration in blood 

𝑐𝐵𝑟𝑒𝑎𝑡ℎ: Alcohol concentration in breath 

𝑟𝐵𝑙𝑜𝑜𝑑/𝐵𝑟𝑒𝑎𝑡ℎ: Blood/breath partition ratio, 2901 for methanol and 2100 for ethanol 

𝑀𝑊: Molecular weight of alcohol, 32.04 g mol-1 for methanol and 46.07 g mol-1 for ethanol 

24.31 𝐿 𝑚𝑜𝑙−1: Volume occupied per Liter of gas at standard temperature (22 °C) and 

pressure (1 atm) 
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D.2 Physiological data of subjects 

Table D.1. Subject data. 

Participant 

No. 
Gender 

Age 

(years) 

Weight 

(kg) 
Beverage 

Ethanol 

(mL) 

Max. blood ethanol 

concentration  

(mg L-1) 

1 F 24 53.0 
Liquor  

(37.5 vol%) 
48 816 

2 M 22 92.6 Liquor 99 782 

3 M 23 60.0 
Wine  

(13.5 vol%) 
64 564 

4 M 27 78.3 Wine 84 761 

5 M 22 75.5 
Beer  

(4.8 vol%) 
81 526 

6 M 24 95.5 Beer 102 961 

7 M 28 55.3 Wine 59 816 

8 M 26 80.0 Wine 85 779 

9 M 29 98.9 Liquor 106 945 

10 M 28 65.0 Wine 69 1030 

11 F 65 62.4 Wine 56 920 

12 F 52 60.6 Wine 55 880 

13 M 32 97.0 Liquor 104 1257 

14 F 23 68.2 Beer 61 783 

15 M 23 70.3 Beer 75 820 

16 F 24 58.4 Liquor 53 869 

17 M 23 75.9 Beer 81 812 

18 M 27 78.8 Beer 84 800 

19 M 29 109.0 Liquor 116 935 

20 M 26 86.2 Water 0 0 
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D.3 Analyte stability in Tedlar bags 

 

Figure D.1: Stability of ethanol (365 ppm, circles) and methanol (409 ppm, squares) in Tedlar bags as 

measured by PTR-TOF-MS. All samples were analyzed within 2 h where concentration changes are 

<3% (green shaded). 

 

 

D.4 Level of detection 

 

Figure D.2: Sensor responses to low concentrations of (a) methanol and (b) ethanol above the level of 

detection. 
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D.5 Measured methanol and ethanol concentrations of all subjects 

 

Figure D.3: Breath ethanol concentrations (line plots) from volunteers #1–9 as measured by our 

detector (triangles), a commercial breathalyzer (Dräger, squares) and the PTR-TOF-MS (circles). 
Methanol concentrations from the corresponding spiked samples (bar plots) as measured by the 

detector (solid bars) and PTR-TOF-MS (hatched bars). Excluded data points are due to insufficient 

breath sample provided by the volunteer or problems during sensor measurements. 



151 

 

 

Figure D.4: Breath ethanol concentrations (line plots) from volunteers #11–20 as measured by our 
detector (triangles), a commercial breathalyzer (Dräger, squares) and the PTR-TOF-MS (circles). 

Methanol concentrations from the corresponding spiked samples (bar plots) as measured by the 

detector (solid bars) and PTR-TOF-MS (hatched bars). Profiles for volunteers #10 and #13 are given 
in the main manuscript. Excluded data points are due to insufficient breath sample provided by the 

volunteer or problems surfaced during sensor measurements. 
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D.6 Weekly calibration 

 

Figure D.5: Scatter plot of methanol concentrations in all breath samples when evaluated by daily 

(blue circles) and weekly calibrations (red triangles). 

D.7 Relative Bland-Altman 

 

Figure D.6: Bland-Altman plot of the relative difference in measured methanol concentration by sensor 

and PTR-TOF-MS as a function of the mean of both measurements. Mean (i.e., bias) and 

mean ± standard deviation (σ; i.e., precision) are indicated as solid and dashed-dotted lines, 

respectively. Bias and precision are exemplarily shown at 131 ppm (red arrow). 
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Appendix E 

E Supplementary Data Chapter 5:  

Selective formaldehyde detection at ppb in 

indoor air with a portable sensor 

E.1 Sensor baseline stability 

 

Figure E.1: Equilibrated baseline of the sensor with separation column in synthetic air at 45% RH. 

Such stable sensor baselines showed a relative standard deviation <1%. 
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E.2 Oriented strand board emission measurement 

 

Figure E.2: Sensor calibration with formaldehyde (circles) and measurement of OSB emissions 
(triangles) at different loadings of 1 (open), 2 (half-filled) and 5 (filled) m2 m-3. OSB formaldehyde 

concentrations were determined by PTR-TOF-MS. Also shown is the linear calibration line (dashed) 

and corresponding fit equation and coefficient of determination. 



155 

 

E.3 PTR-TOF-MS calibration for indoor air measurements 

 

Figure E.3: PTR-TOF-MS calibration for indoor air measurements. (a) The formaldehyde signal 

(m/z = 31) from proton-transfer-reaction time-of-flight mass spectrometry (PTR-TOF-MS) as a 
function of the actual formaldehyde concentration (in synthetic air) at relative humidity of 40 (squares), 

45 (circles), 50 (triangles) and 55% (diamonds, at 22 °C). Signals were normalized (ncps) to a H3O
+ 

intensity of 106 (cps). (b) Slope of the calibration curves shown in (a) at different relative humidity. 

Interference of the formaldehyde PTR-TOF-MS signal (m/z = 31) from fragmentation of (c) acetone 

and (d) ethanol are 9.48 and 0.67%, respectively. 
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E.4 Retention times of relevant compounds 

 

Figure E.4: Retention time of compounds in the separation column determined by the Pd-doped SnO2 

microsensor. 
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E.5 Validation of wood emission measurement 

 

Figure E.5: Validation of wood emission measurements. (a) Response of the formaldehyde detector 

(Tenax TA column + Pd-doped SnO2 microsensor) to wood chamber emission with a loading of 

25 m2 m-3 medium-density fiberboard (MDF). (b) Simultaneous measurement of formaldehyde (red), 

methanol (green) and acetaldehyde (purple) by the proton-transfer-reaction time-of-flight mass 
spectrometer (PTR-TOF-MS) downstream of the vane pump of the detector outlet. Please note that the 

concentration of ethanol was below the detection limit of the PTR-TOF-MS. 
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E.6 Sensor intra-sample repeatability 

 

Figure E.6: Sensor response to three consecutive exposures to particle board at a chamber loading of 

5 m2 m-3. Indicated in blue is the mean and standard deviation (< 5%) of the formaldehyde response. 
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E.7 Validation of indoor air measurement 

 

Figure E.7: (a) Response of the formaldehyde detector when sampling pristine indoor air (green) with 

a formaldehyde concentration of 45 ppb as determined by proton-transfer-reaction time-of-flight mass 

spectrometry (PTR-TOF-MS). Exposing the detector to the same formaldehyde concentration from the 
calibrated gas standard in synthetic air (black dashed) results in an identical response. Indoor air 

spiked with higher formaldehyde concentrations of 238 (blue) and 475 ppb (red) results in increased 

sensor response. (b) Formaldehyde sensor responses to formaldehyde only (circles) and to 

formaldehyde-spiked indoor air (diamonds). Colors of diamonds correspond to measurements shown 

in (a).  
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